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Signal transduction by the
chemical transmitter dop-
amine at a synapse between
two nerve cells.
Administration of L-DOPA,
the precursor of dopamine, to
Parkinson patients restores
their ability to move.


Parkinson’s disease is characterized
by degeneration of dopamine nerve
pathways in the basal ganglia, 
which are involved in the control of
movements.
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Beginnings


My encounter with dopamine followed an incredible sequence
of fortunate events. I had been working on calcium metabolism
using radioactive isotopes, which had then just become
commercially available. This work had resulted in my doctoral
thesis in 1951 and a series of subsequent papers, including two
doctoral theses by students of mine. Our results had become
somewhat visible internationally, resulting, for example, in an


invitation to a Gordon Conference in
New England in 1955. The reason why
I left this field of research was that, in
connection with a competition for an
associate professorship in pharmacol-
ogy, the expert committee let me
know that in their opinion calcium
metabolism did not occupy a central
position in pharmacology. I therefore
turned to Professor Sune Bergström
(Figure 1), who was at that time head
of the Department of Physiological
Chemistry at the University of Lund,
Sweden. This department was located
in the same building as our Pharma-


cology Department. Professor Bergström had already been very
helpful in several instances when I had had a professional
problem of some kind. Incidentally, Dr. Bengt Samuelsson was at
that time working with Professor Bergström in the same


department. Thus, the three Swedes
who were to become Nobel laureates
in the period 1980 ± 2000 happened to
be working under the same roof for a
few years.


I asked Sune Bergström if he could
help me to get in touch with an
outstanding American laboratory
where they were working in the area
of biochemical pharmacology, which I
felt had a great future. He wrote to his
friend Dr. Bernard Witkop, a highly
talented chemist working at the Na-
tional Institutes of Health in Bethesda,


MD. This letter was forwarded via the late Dr. Sidney Udenfriend
to his superior, the late Dr. Bernard B. Brodie (Figure 2), head of
the famous Laboratory of Chemical Pharmacology of the
National Heart Institute. That is how I came to work under Dr.
Brodie for about five months, starting in August 1955. The timing
of my arrival there was extremely fortunate. Brodie and his
colleagues had just made a breakthrough discovery a few
months before, namely that the administration of reserpine, a
recently introduced antipsychotic and antihypertensive drug,
caused the virtually complete disappearance of serotonin from
the brain and other tissues[1, 2] (Figure 3).


Figure 3. Brain level of serotonin four hours after the administration of various
intravenous doses of reserpine. (Taken from ref. [2].)


ªApprentice to geniusº


Brodie was a remarkably charismatic and intensive person. He
was generally called Steve Brodie. This referred to a saloon
keeper named Steve Brodie, who at the beginning of the
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Figure 1. Sune Bergström
(1916).


Figure 2. Bernard B. Brodie
(1907 ± 1989).
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previous century had jumped off the Brooklyn Bridge in order to
win a bet. Bernard Brodie, too, was a sensation seeker who in his
youth had started on a career as a boxer, but later switched to
become an organic chemist. He then confined his sensation
seeking to nonphysical adventures. He liked to call himself a
gambler. He had gained a tremendous reputation as a pioneer in
the area of drug metabolism and should perhaps rightly be
called the father of modern biochemical pharmacology. A large
number of his apprentices, coming from various parts of the
world, later became prominent figures in pharmacology (see
ref. [3]). In the 1950s, after hearing about the sensational clinical
actions of the new antipsychotic drugs and the ability of the
hallucinogenic LSD to block the effects of serotonin on various
peripheral organs, he decided to enter the field of psychophar-
macology. While knowing very little about the brain, he had a
tremendous trump card in being able to determine for the first
time serotonin and similar molecules in the brain by using the
prototype of a new instrument developed in his own lab
together with Sidney Udenfriend and Dr. Robert Bowman. This
instrument, the spectrophotofluorimeter, was to replace pre-
vious bioassays and to revolutionize drug research and neuro-
transmitter pharmacology for several decades.


This research soon led to the breakthrough discovery just
mentioned, that is, the depletion of serotonin stores by reserpine
treatment. For the first time a bridge seemed to have been built
between the biochemistry of the brain and some important
brain functions, with some obvious neuropsychiatric implica-
tions.


Brodie and his colleagues, especially Dr. Parkhurst Shore,
generously introduced me to the new analytical methods and
the use of the new instrument. I proposed to Brodie that we
investigate the effect of reserpine on the catecholamines in view


of their chemical similarity to serotonin. But Brodie thought this
would be waste of time. He was so sure that serotonin was the
target to focus upon.


A ªRosetta stoneº?


But I felt that a look at the catecholamines might be worthwhile.
To get started quickly I would then need a partner specialized in
the catecholamine field. Again I was incredibly lucky. Of all the
people working in that field at the time, the most clever partner
in such a project was located at my home university, the
University of Lund: Professor Nils-�ke
Hillarp (Figure 4). I wrote to him from
Bethesda and proposed a collabora-
tion, and he agreed. Thus, a most
fruitful collaboration started, lasting
until his untimely death in 1965. Hil-
larp's personality was different from
that of Brodie in many respects, but
they were similar in terms of brilliance,
charisma, and intensity. His back-
ground was histology and histochem-
istry, but his knowledge extended far
into physiology and biochemistry.


In the spring of the following year
Hillarp and I got the first results. We
demonstrated the depletion of catecholamines from the adrenal
medulla of rabbits following treatment with reserpine.[4] This was
before I had acquired my own miraculous instrument, the so-
called Aminco ± Bowman spectrophotofluorimeter. The only
instrument we had for the determination of catecholamines
was a colorimeter, using the method of von Euler and Ham-
berg.[5] But we did not need any instrument, because the
absence of a color development in the samples from reserpine-
treated rabbits could be seen with the naked eye.


The same results were obtained when we analyzed heart and
brain, in the latter case using our new instrument. We also found
that sympathetic nerves no longer responded to nerve stim-
ulation following reserpine treatment, apparently due to deple-
tion of transmitter.[6] Thus, depletion of catecholamines could be
the cause of the behavioral inhibition induced by reserpine. To
investigate this we gave 3,4-dihydroxyphenylalanine (DOPA) to
reserpine-treated animals and thus discovered the dramatic
reversal of the reserpine-induced syndrome by this catechol-
amine precursor[7] (Figure 5). The reason we used the precursor
was that the catecholamines are not capable of penetrating from
the blood into the brain because of the blood ± brain barrier.


We then analyzed the brains of DOPA-treated animals, and
much to our disappointment we were unable to detect any
restoration of noradrenaline levels. Experiments with mono-
amine oxidase (MAO) inhibitors clearly showed that a mono-
amine rather than DOPA itself was responsible for the behavioral
response, and thus we were forced to look for the intermediate
in the conversion of DOPA to noradrenaline: dopamine
(Scheme 1).


At that time dopamine was considered to be of no interest at
all because of its low physiological activity when tested on
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Figure 5. Rabbits treated with reserpine (5 mg kgÿ1 intravenously), before (top)
and after administration of DL-DOPA (200 mg kgÿ1 intravenously, bottom). (Taken
from ref. [49] , photograph by Tor Magnusson.)


Scheme 1. Biosynthetic pathway for noradrenaline.


various smooth-muscle preparations. We had to develop a
method for determining dopamine because no such method
was available at the time.[8] We could then show that dopamine
normally occurs in the brain in an amount somewhat higher than
that of noradrenaline, that it disappears on reserpine treatment,
and that the antireserpine action of DOPA is closely correlated to
the restoration of dopamine levels in the brain. We also showed
that the restoration of serotonin levels by treatment with its
precursor 5-hydroxytryptophan did not lead to any reversal of
the reserpine syndrome.[9]


The classical method in physiology to prove a function of a
natural constituent is to remove the constituent in question and
demonstrate a loss of function, and then to reintroduce the
constituent and demonstrate a restoration of the same function.
We thought we had done this in the case of dopamine. We could
easily exclude possible alternative explanations, such as a role of
noradrenaline and serotonin and a direct action of L-DOPA. In
fact, our enthusiasm made us think that now we had found the
Rosetta stone that would give us access to the chemical
language of the brain.


Later we found the unique distribution of dopamine in the
brain, with an accumulation in the basal ganglia, that is,
structures known to be involved in motor functions. This, taken


together with the fact that a characteristic side effect of
reserpine is to mimic very faithfully the syndrome of Parkinson-
ism and to induce a similar symptomatology in animals, led us to
conclude that depletion of dopamine will induce the Parkinson
syndrome and that treatment with L-DOPA will alleviate that
syndrome by restoring the dopamine level. All this I presented at
the First International Symposium on Catecholamines, held at
the National Institutes of Health (Bethesda, MD) in October
1958.[10, 11]


A battle in London


A year and a half later, in March 1960, a Ciba Foundation
Symposium on Adrenergic Mechanisms was held in London.[12] I
then presented the same data and some additional support
obtained from studies on the action of monoamine oxidase
inhibitors. At this meeting practically all of the most eminent
experts in this area participated. The central figure was Sir Henry
Dale, a Nobel Laureate aged 85 but
still remarkably vital (Figure 6). He
dominated the scene, and the partic-
ipants, many of whom were his for-
mer students, treated him with enor-
mous respect, like school children
treat their headmaster, although
many of them had indeed reached a
mature age.


To better understand how our dop-
amine story was received at this
meeting it may be useful to recapit-
ulate briefly the development follow-
ing Otto Loewi's discovery of chemical
transmission in the frog heart.[13] Dur-
ing the following decades evidence accumulated, supporting
the existence of chemical transmission in various parts of the
peripheral nervous system. Dale and his collaborators played an
important role here. They had, however, been fiercely attacked
by a number of neurophysiologists, who argued in favor of an
electrical transmission across the synapses. The most eminent
proponent of this view was Sir John Eccles. The debates between
Dale and Eccles had been quite vivid, as witnessed by several
attendants of these debates between what was called the
ªsparksº and the ªsoupº. Despite the sometimes harsh wordings,
the debates between Dale and Eccles over the years ended in
mutual respect and admiration.[14] Doubts about a chemical
transmission were particularly strongly expressed concerning
the central nervous system. In the mid 1950s, however, Eccles
had placed one foot in the ªsoupº camp, based on his own
observation that a recurrent collateral of the motor neurone,
impinging on the so-called Renshaw cells, seemed to operate by
cholinergic transmission. This was, however, a very special case,
given the fact that motor neurons are cholinergic. Apart from
this finding, as pointed out by McLennan[15] in his monograph on
ªSynaptic Transmissionº, there was no evidence in favor of
chemical transmission in the central nervous system.


At this meeting in London, the debate that followed upon our
paper entitled ªOn the biochemistry and possible functions of


Figure 6. Sir Henry Dale
(1875 ± 1968).
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dopamine and noradrenaline in the brainº and a subsequent
special discussion session, revealed a profound and nearly
unanimous skepticism regarding our points of view. Our data as
such were not questioned. Actually, some confirmatory animal
experiments were reported at the meeting, and I referred to a
paper by Degkwitz et al. ,[16] in which an anti-reserpine action of
DOPA in humans was reported. Dale expressed the view that L-
DOPA is a poison, which he found remarkable for an amino acid.
Marthe Vogt concluded that the views expressed by Brodie and
us regarding a function of serotonin and catecholamines,
respectively, in the brain would not have a long life. W. D. M.
Paton referred to some unpublished experiments indicating that
the catecholamines are located in glia. In his concluding remarks
John Gaddum stated that at this meeting nobody had ventured
to speculate on the relation between catecholamines and the
function of the brain. But this was what I had insisted upon
throughout the meeting, so the clear message to me was that I
was nobody!


In retrospect, I believe almost everybody would agree that our
story and its implications were straightforward and obvious.
How was it possible that these eminent experts rejected the
whole concept? I have no definite answer. Clearly, the pharma-
cologists had great difficulty in accepting that dopamine could
be an agonist in its own right, given its poor physiological effect
on smooth-muscle preparations. The idea of DOPA being a
mysterious poison probably came out of some experiments,
reported at the meeting, in which large doses of this amino acid,
given to laboratory animals together with a monoamine oxidase
inhibitor, could cause paralysis, convulsions, and death. In
addition, I believe that the previous ªsparks-and-soupº debates
still had some impact. In these debates, some elaborate criteria
for a neurotransmitter had been formulated. Our data were of a
different kind and these criteria were not applicable. In this
regard I and my collaborators, like my mentor Steve Brodie,
simply had the advantage of being ignorant and not so much
burdened by dogma.


A paradigm shift


But it would not be long until the scene changed dramatically.
Hillarp also attended the London meeting. On our trip back to
Sweden, we agreed we should increase our efforts to convince
the world that chemical transmission does indeed exist in the
brain. Our idea was that Hillarp join me to work full-time on
research in our new and well-equipped Department of Pharma-
cology of the University of Göteborg, where I had been
appointed Professor and Chairman the year before. We managed
to obtain a grant from the Swedish Medical Research Council to
set Hillarp free from his teaching duties in Lund. He could start
full-time research in Göteborg already in the autumn of 1960.


We felt that the ability of catecholamines to yield fluorescent
conversion products might be useful for their visualization under
the microscope. We first tried a modification of the trihydroxy-
indole method.[17] It worked beautifully for the adrenal medulla,
but not in other tissues. Hillarp then turned to another reaction
that had been used for the quantitative assay of indoleamines,
using formaldehyde as a reagent. Together with his skillful


research assistant, the late George Thieme (see Figure 11), he
worked out a model system in which they managed to optimize
the reaction conditions.[18] Subsequently, together with his
former student Bengt Falck, Hillarp used air-dried preparations
of iris and mesenterium and discovered that the reaction worked
beautifully, thus permitting the visualization of noradrenaline in
adrenergic nerves and serotonin in mast cells under the
fluorescence microscope. This led to an intense collaboration
between our Department of Pharmacology in Göteborg and
Hillarp's original Department of Histology in Lund, and finally,
after Hillarp's move to take over the chair of the Histology
Department at the Karolinska Institute in 1963, with an
enthusiastic group of young students in his new department
(Figure 7). Thus, within a few years the neuronal localization of
dopamine, noradrenaline, and serotonin in the central and
peripheral nervous system was clearly established (Figure 8).
Moreover, the major monoaminergic pathways could be map-
ped (Figure 9), and the site of action of the major psychotropic
drugs clarified (Figure 10).[19, 20]


Figure 7. Group picture, taken in January 1965, showing the group of young
researchers recruited by Hillarp after his move to the Karolinska Institute in 1962.
(Taken from ref. [19] , photograph by Lennart Nilsson.)


Figure 8. Dopaminergic cell bodies in rat substantia nigra. Green fluorescence
developed following treatment with formaldehyde vapour. (By courtesy of Annica
Dahlström.)


As mentioned, a large number of people were engaged in this
effort. Sadly, many of these people have passed away already, in
many cases prematurely. Among these Georg Thieme (Figure 11)
has already been mentioned. Margit Lindqvist (Figure 12), a very
skillful laboratory assistant, who matured to become a qualified
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Figure 9. Monoaminergic pathways in the brain. (Taken from ref. [50] .)
DA�dopamine, 5-HT� 5-hydroxytryptamine (serotonin), MFB�medial fore-
brain bundle, NA�noradrenaline.


Figure 10. Scheme of a monoaminergic synapse, with the sites of action of
major classes of psychotropic drugs indicated. (Taken from ref. [20] .) COMT�
catechol-O-methyltransferase, MAO�monoamine oxidase.


research worker, played an enor-
mous role already from the outset
of my scientific career. Nils-Erik
AndeÂn (Figure 13) and Jan Häggen-
dal (Figure 14) were originally stu-
dents of mine who became out-
standing pharmacologists and
largely contributed to characteriz-
ing both central and peripheral
monoaminergic transmission (for
some of their early work see
ref. [21]). Hans Corrodi (Figure 15),
a very skillful organic chemist who
moved to Sweden because of his
love for the mountains in Northern


Sweden, contributed much to clar-
ify the chemistry of the formalde-
hyde histofluorescence method
and to many other projects, espe-
cially the development of the first
selective serotonin reuptake inhib-
itor (SSRI ; see below).


In February 1965, an internation-
al symposium entitled ªMecha-
nisms of Release of Biogenic
Aminesº was held in Stockholm,[22]


with most of the major figures of
that research field participating. In
his introductory remarks Professor
Uvnäs mentioned that ª. . . these
amines play an important role as
chemical mediators in the periph-
eral and central nervous system .. .º.
None of the participants of this
symposium expressed any doubt
about this point. It looks as though
a paradigm shift had taken place
between 1960 and 1965.


It goes without saying that the
concept of chemical transmission
has had a profound impact on
practically every aspect of brain
research. In so far as neurology and
psychiatry are concerned, a couple
of examples are summarized be-
low.


ªAwakeningsº


Following our above-mentioned
proposal of a role of dopamine in
Parkinsonism, some important par-
allel and apparently independent
developments took place in Aus-
tria, Canada, and Japan. These will
now be briefly commented upon,
starting with Austria.


Later in the same year as the
Symposium on Adrenergic Mecha-
nisms, there appeared in Klinische
Wochenschrift a paper in German,
describing a marked reduction of
dopamine in the brains of de-
ceased patients who had suffered
from Parkinson's disease and post-
encephalitic Parkinsonism.[23] This
was soon followed by a paper by
Birkmayer and Hornykiewicz,[24] in
which a temporary improvement
of akinesia was reported following
a single intravenous dose of L-
DOPA to Parkinson patients.


Figure 11. Georg Thieme
(1926 ± 1996).


Figure 12. Margit Lindqvist
(1924 ± 1978).


Figure 13. Nils-Erik AndeÂn
(1937 ± 1990).


Figure 14. Jan Häggendal
(1932 ± 1992).


Figure 15. Hans Corrodi
(1929 ± 1974).
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As far as I can gather from an autobiography of Hornykie-
wicz[25] as well as a personal communication from him, the
following had happened. I wish to mention this in some detail,
because it illustrates how the interaction of different minds can
lead to important progress. In 1958, Hornykiewicz was ap-
proached by his mentor Professor Lindner or, according to a
different version, by his superior, Professor Brücke, who tried to
persuade him to analyze the brain of a Parkinson patient, which
the neurologist Walter Birkmayer wanted to be analyzed for
serotonin. Presumably Birkmayer had been impressed by
Brodie's already mentioned discovery in 1955 of the depletion
of this compound by reserpine, and in contrast to many
neurologists at that time, he was aware of its possible
implications. Shortly afterwards, in 1959, Hornykiewicz read
about our work on dopamine and its role in the Parkinson
syndrome. He then decided to include dopamine and noradre-
naline in the study. In fact, in the subsequent work serotonin had
to be left out initially because of some technical problems.


Hornykiewicz and his postdoctoral fellow Ehringer were now
facing a challenge, because they had no adequate equipment to
measure dopamine. But they managed to overcome this
problem by using the purification of the brain extracts by ion
exchange chromatography that our research group had worked
out. The subsequent measurement was performed by using the
colorimetric method of Euler and Hamberg.[5] Although this
method by itself is highly unspecific, specificity could be
obtained by using our purification step together with our
finding that dopamine is by far the dominating catecholamine in
the basal ganglia, where it occurred in high concentrations. They
had to work up several grams of tissue and concentrate the
extracts by evacuation to dryness. Following this heroic
procedure they were richly rewarded, because the samples from
the Parkinsonian brains, in contrast to the controls, turned out to
be colorless, as revealed by the naked eye!


The corresponding development of Parkinson research in
Canada is summarized in a paper by Barbeau et al.[26] presented
at a meeting in Geneva in September of the previous year. The
main findings of the Canadian workers was a reduction of the
urinary excretion of dopamine in Parkinson patients and an
alleviation of the rigidity of such patients following oral treat-
ment with L-DOPA.


In Japan some remarkable progress was made, which has not
been adequately paid attention to in the Western countries.[27, 28]


In a lecture on the 5th of August, 1959, less than a year after my
lecture at the International Catecholamine Symposium men-
tioned above, the basic concept regarding the role of dopamine
in the basal ganglia in Parkinson's disease was presented by I.
Sano.[29] In this lecture data on the distribution of dopamine in
the human brain were presented for the first time. In a lecture in
Tokyo on the 6th of February, 1960, Sano reported on reduced
amounts of dopamine in the basal ganglia of a Parkinson patient,
analyzed post mortem, and in the same year he published a
paper describing alleviation of rigidity in a Parkinson patient
following intravenous administration of DL-DOPA.[30]


Thus treatment of Parkinson patients with DOPA was initiated
simultaneously in three different countries only a few years after
the discovery of the anti-reserpine action of this agent and the


subsequent formulation of the concept of a role of dopamine in
extrapyramidal functions. While this treatment led to results of
great scientific interest, it took several years until it could be
implemented as routine treatment of Parkinson patients. The
reason was that the treatment regimens used initially were
inadequate and led to but marginal improvement of question-
able therapeutic value.[31] It remained for George Cotzias[32] to
develop an adequate dose regimen. After that, L-DOPA treat-
ment rapidly became the golden standard for the treatment of
Parkinson's disease.


When I had seen Cotzias' impressive film demonstrating the
effect of escalating oral doses of L-DOPA at a meeting in Canada,
I hastened back to Göteborg and initiated studies together with
Drs. Svanborg, Steg, and others, which quickly confirmed
Cotzias' observations,[33] like in many other places at the same
time. This success story was soon afterwards told to the general
public by Oliver Sacks in ªAwakeningsº,[34] which became a
bestseller and was also made into a movie.


Role of serotonin in depression:
zimelidine, the first SSRI


The so-called tricyclic antidepressants, with imipramine as the
prototype, were serendipitously discovered in the late 1950s,
thanks to Kuhn, a psychiatrist and a keen clinical observer. In the
early 1960s, these agents were found to block the reuptake of
noradrenaline by nerve terminals, thus enhancing the adrenergic
transmission mechanism. In 1968 we discovered that many
antidepressants also could block the reuptake of serotonin,[35]


and this prompted us to develop a compound that selectively
blocked the reuptake of serotonin without acting on noradrena-
line. Such agents are now known as selective serotonin reuptake
inhibitors (SSRIs). This first agent was called zimelidine, whose


preclinical properties we first described.[36] Zimelidine turned out
to be an active antidepressant agent with a very favorable side
effect profile,[37] apart from a very rare, but serious side effect,
presumably based on an immunological mechanism, that led to
its withdrawal from the market. But zimelidine was followed by
several other SSRIs, among which Prozac is especially well
known, not least because of the bestseller titled ªListening to
Prozacº by P. D. Kramer.[38] In this book, Prozac is stated to be able
to treat not only patients with depression and a variety of
anxiety disorders, as had previously been amply demonstrated
for many SSRIs, but also to be able to change the personality of
people with psychological problems. Kramer was especially
astonished by the fact that disturbances, which would have
taken several months of psychotherapy to control, could be
alleviated within a few days of treatment with Prozac. This
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favorable action, making people feel and function better, even if
they were not mentally ill in the conventional sense, is a
fascinating but, needless to say, controversial issue. Less
controversial is probably the 25 % reduction in suicide rates in
Sweden in the 1990s, apparently related to the introduction of
the SSRIs.[39] In any event, the SSRIs represent a major therapeutic
advance as well as a milestone in rational drug development.[40]


The development of zimelidine was based on our discovery
that certain antihistamines are serotonin-reuptake-blocking
agents, albeit nonselective. The most powerful agents among
these were the pheniramines and diphenhydramine.[41] We
started out from the pheniramines and developed zimelidine.
The scientists at Eli Lilly, the pharmaceutical company that
markets Prozac, started out from our diphenhydramine data and
developed prozac, which was found to act very much like
zimelidine, though being devoid of its serious side effect.


Dopaminergic stabilizersÐa novel
pharmacologic principle


In 1963 Margit Lindqvist and I presented the first evidence
supporting the view that the most important group of
antipsychotic agents, represented by agents such as chlorpro-
mazine and haloperidol, act by blocking receptors for dopamine,
and to some extent also receptors for noradrenaline (Fig-
ure 16).[42] This conclusion has later been confirmed and
extended in numerous laboratories, and techniques have been
developed to screen for such agents in test tube experiments.
One might have expected then that this should have led to the
development of drugs with stronger efficacy and less side
effects. Unfortunately, this has not happened.


Figure 16. Accumulation of of the basic catecholamine metabolites normeta-
nephrine and 3-methoxytyramine, enhanced by treatment with major neuroleptic
agents following monoamine oxidase inhibition. (Taken from ref. [42].)


We have hypothesized that the cause of this failure is that
treatment with dopamine receptor antagonists can hardly avoid
the serious and unpleasant side effects induced by dopamine
hypofunction. Even though there is evidence of elevated
dopaminergic activity in schizophrenia, this may be limited to
psychotic episodes. In fact, we may be dealing with an instability
of the dopamine release rather than a continuously elevated


baseline. Thus, between psychotic episodes, the patient would
then suffer from a dopaminergic hypofunction, especially during
treatment with the currently used antipsychotic agents, showing
up as a severe disturbance of the reward system and of
cognition, and also as motor disturbances. This may make it
impossible to attain an adequate dose level (for discussion and
references see ref. [43]).


We believe that we can now get around this problem by using
a new principle of intervention that we call dopaminergic
stabilization. The underlying mechanism is complicated, but in
principle it rests on the existence of mutually antagonistic
subpopulations of dopamine D2 receptors, as regards the final
functional outcome. For example, the presynaptically located
dopaminergic autoreceptors are inhibitory on the overall
dopaminergic activity. Dopaminergic stabilizers are dopa-
mine D2 antagonists or partial D2 agonists capable of occupying
mutually opposing receptor subpopulations in such proportions
as to leave the normal baseline dopaminergic activity level
essentially unchanged. This leads to stabilization by dampening
fluctuations of dopamine release, simply because fewer dop-
amine receptors are unoccupied and thus available for the
endogenous neurotransmitter.


Using the dopaminergic stabilizer (ÿ)-OSU6162 developed by
our research group, partly in collaboration with Upjohn (now
merged into Pharmacia Corporation), we have demonstrated the


stabilization phenomenon in experimental animals (Figure 17)
and, in preliminary clinical studies, its pharmacotheraputic
potential in L-DOPA-induced dyskinesias in Parkinson patients,
in Huntington's disease (Figure 18), and in schizophrenia.[44±46]


Figure 17. Stabilizing action of (ÿ)-OSU6162 in rats. Black bars: no treatment
with (ÿ)-OSU6162; gray bars : treatment with (ÿ)-OSU6162; ªctrlº: actively
exploring control rats ; ªhab.º: rats habituated to their environment ; ªd-amphº:
rats treated with D-amphetamine; ªres.º: reserpine. Note : Treatment with one and
the same dose of (ÿ)-OSU6162 can induce stimulation of behavior when baseline
activity is low (habituated rats) and inhibition when the activity is high
(D-amphetamine pretreatment).
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Figure 18. Choreatic events at baseline and following administration of
0.5 mg kgÿ1 (ÿ)-OSU6162 as an intravenous infusion during 30 minutes to a
patient with Huntington's disease. (Taken from ref. [44] .)


The partial dopamine receptor agonist preclamol ((ÿ)-3-PPP)
has likewise a dopaminergic stabilizer profile. This agent was
discovered by our research group and is under development in
collaboration with Dr. Tamminga and her colleagues at the
Maryland Psychiatric Research Center.[47]


Our experience with dopaminergic stabilizers suggests that
research into neurotransmitter pathophysiology has until now
focused too much on the hyper- versus hypofunction dichot-
omy. Although the instability concept is by no means new, there
has not been much of a goal-directed strategy aiming at
stabilizing neurocircuits involved in neuropsychiatric disorders.
Our preliminary data suggest that such an approach can lead to
enormous gains in the treatment of a great variety of neuro-
logical and psychiatric disorders.


Outlook


During the past half-century, brain research has been dominated
by biochemical approaches, in contrast to the previous half-
century, which had a strong electrophysiological emphasis. This
switch is understandable in view of the entrance of the
neurohumoral transmission concept into brain research in
conjunction with the spectacular progress of molecular biology.
However, it must be recognized that the brain is not a chemical
factory, but an extremely complicated survival machine. In order
to bring all the forthcoming biochemical observations into a
meaningful framework, it will prove necessary to emphasize
more strongly aspects of neurocircuits and connectivity and to
do so both at the microscopic and macroscopic levels. For
example, the old questions dealing with neurocircuits within a
cerebral region such as the cortex and those addressing the
interaction between the different regions will in all probability
come into focus more strongly in order to make full use of the
new knowledge gained from neurotransmitter physiology and
molecular biology. Here the new imaging techniques in
conjunction with advanced computer-dependent statistics,
involving pattern recognition derived from a wealth of data
with great complexity, will probably prove extremely useful and


very much help to bridge the gap between animal and human
observations. If nothing else, such approaches will help to reveal
the enormous width of our present ignorance of the human
brain.


During my scientific career I have had the privilege to work with
hundreds of other research workers, highly qualified technicians,
and other personnel, to whom I owe a lot. Only about forty of these
people are mentioned in this text including the reference list. Sadly,
a considerable number of these people have already passed away,
in many cases prematurely. Some of these, to whom I have a
special debt of gratitude, have been commemorated with pictures.
Throughout my professional career I have enjoyed excellent
working conditions, first for almost two decades at the University
of Lund, Sweden, and thereafter, for four decades, at the University
of Göteborg. My five-month visit to the National Institutes of Health
had obviously a decisive and extremely positive impact on my
career.
I have received generous support from numerous sources, among
which the following need to be mentioned specially: The Swedish
Medical Research Council, The Swedish Board of Technical Devel-
opment, The Knut och Alice Wallenberg Foundation, and during
the critical late 1950s and early 1960s, US Air Force and National
Institutes of Health (USA), and more recently from the Theodore &
Vada Stanley Foundation (USA). In addition, I have enjoyed a
fruitful collaboration with generous financial support from several
major pharmaceutical companies, especially Astra/Hässle (Swe-
den), The Upjohn Company (USA), Organon (The Netherlands), and
Aventis (previously Hoechst Marion Roussel ; Germany).
To express in a few words my debt of gratitude to my wife, Ulla-Lisa,
and to the rest of my family is not possible. Here I wish to refer to
my autobiography,[48] in which I have also had the opportunity to
go into further detail in several other respects.
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Fatty Acid Hydroperoxide Lyase:
A Plant Cytochrome P450 Enzyme Involved in
Wound Healing and Pest Resistance
Minke A. Noordermeer, Gerrit A. Veldink,* and Johannes F. G. Vliegenthart[a]


Plants continuously have to defend themselves against life-threat-
ening events such as drought, mechanical damage, temperature
stress, and potential pathogens. Nowadays, more and more
similarities between the defense mechanism of plants and that of
animals are being discovered. In both cases, the lipoxygenase
pathway plays an important role. In plants, products of this
pathway are involved in wound healing, pest resistance, and
signaling, or they have antimicrobial and antifungal activity. The
first step in the lipoxygenase pathway is the reaction of linoleic or
linolenic acids with molecular oxygen, catalyzed by the enzyme
lipoxygenase. The hydroperoxy fatty acids thus formed are highly
reactive and dangerous for the plant and therefore further
metabolized by other enzymes such as allene oxide synthase,
hydroperoxide lyase, peroxygenase, or divinyl ether synthase.
Recently, these enzymes have been characterized as a special class
of cytochrome P450 enzymes. Hydroperoxide lyases cleave the
lipoxygenase products, resulting in the formation of w-oxo acids
and volatile C6- and C9-aldehydes and -alcohols. These compounds
are major contributors to the characteristic ªfresh greenº odor of


fruit and vegetables. They are widely used as food flavors, for
example, to restore the freshness of food after sterilization
processes. The low abundance of these compounds in nature and
the high demand make it necessary to synthesize them on a large
scale. Lipoxygenase and hydroperoxide lyase are suitable biocata-
lysts for the production of ªnaturalº food flavors. In contrast to
lipoxygenase, which has been extensively studied, little is yet known
about hydroperoxide lyase. Hydroperoxide lyases from different
organisms have been isolated, and a few genes have been
published lately. However, the structure and reaction mechanism of
this enzyme are still unclear. The identification of this enzyme as a
cytochrome P450 sheds new light on its structure and possible
reaction mechanism, whereas recombinant expression brings a
biocatalytic application into sight.


KEYWORDS:


cytochromes ´ enzyme catalysis ´ heme proteins ´
hydroperoxide lyase ´ lyases


1. Introduction


Volatile C6- and C9-aldehydes, and the corresponding alcohols,
are important contributors to the characteristic flavors of fruits,
vegetables, and green leaves. Because of their ªfresh greenº odor
they are widely used as food additives, for example, to restore
food freshness after sterilization processes. These short-chain
aldehydes and alcohols are produced by higher plants in
response to wounding and play an important role in wound
healing and pest resistance.


The C6- and C9-aldehydes and alcohols are derived from
linoleic and a-linolenic acids. Four enzymes are involved in the
biosynthetic pathway leading to their formation: lipoxygenase,
hydroperoxide lyase, (3Z,2E)-enal isomerase, and alcohol dehy-
drogenase. In contrast to lipoxygenase, which has been
extensively studied, little is yet known about the enzyme
hydroperoxide lyase. Hydroperoxide lyases from different or-
ganisms have been isolated, and a few genes have been
published lately. However, the structure and reaction mechanism
of this enzyme are still unclear. Recently, it has been discovered
that hydroperoxide lyase belongs to a special class of cytochro-
me P450 enzymes.[1]


In this review we focus on the lipoxygenase pathway and
discuss the recent developments in the characterization of
hydroperoxide lyase. The identification of this enzyme as a
cytochrome P450 sheds new light on its structure and possible
reaction mechanism.


2. Wound responses in plants


Plants are continuously fighting against life-threatening events
such as drought, mechanical damage, temperature stress, and
potential pathogens. Like animals, plants are able to defend
themselves by constitutive defense mechanisms and induced
responses. Constitutive defenses can be physical barriers, such
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as the cuticle, toxic compounds, or enzymes capable of
digesting essential components of pathogens. Induced
responses are based on the recognition of a pathogen or
damage, leading to reaction by the plant. The 18-amino
acid peptide signal molecule systemin, which has been
isolated from tomato leaves, is considered to be the main
primary systemic response upon wounding.[2, 3] Systemin
is readily transported from wound sites throughout the
whole plant and propagates the signal by inducing the
transcription of defense genes (Figure 1). The products of


Figure 1. Induced wound responses in plants. The peptide signal
molecule systemin is considered to be the main primary systemic
response, and it propagates the signal by inducing the transcription of
defense genes. Wounding and systemin induce the release of a-linolenic
(LNA) and linoleic acids (LA),[6] which are then converted by enzymes of
the lipoxygenase pathway into phytooxylipins.


the upregulated genes can be classified into four
categories: defensive proteins, signal pathway compo-
nents, proteinases, and enzymes with unknown function.
Defensive proteins are, for example, serine proteinase
inhibitor I and II and polyphenol oxidase, which protect
the plant against digestive proteases of herbivorous
insects.[4] Proteolysis of the ingested food in the gut of
herbivores is also affected, retarding their growth and
development, and making the plant less attractive for
animals.[5]


The most important signal pathway induced by
wounding is probably the octadecanoid or lipoxygenase
pathway. Wounding and systemin induce the release of
a-linolenic acid (LNA)[*] and linoleic acid (LA),[6] which are
then converted by enzymes of the lipoxygenase pathway


Minke Noordermeer,
born in Vlaardingen (The Netherlands) in
1972, started studying medical biology at
Utrecht University in 1991. From 1992 to
1997 she studied chemistry at the same
university and worked in the groups of
Profs. J. Verhoef (Medical Microbiology,
Utrecht, The Netherlands), K. Mosbach
(Pure and Applied Biochemistry, Lund,
Sweden) and B. de Kruijff (Biochemisty of
Membranes, Utrecht). In 1997 she joined
the group of Profs. G. A. Veldink and J. F. G. Vliegenthart (Bio-Organic
Chemistry, Utrecht) to work on the characterization of alfalfa hydro-
peroxide lyase. She finished her PhD thesis on this subject in 2001 and is
now working as a postdoctoral fellow in the same group on the industrial
application of hydroperoxide lyase.


Gerrit Veldink,
born in Borculo (The Netherlands) in 1942,
received his PhD at Utrecht University in the
group of Prof. Jan Boldingh in 1971 with a
thesis on ªFormation and conversion of
unsaturated fatty acid hydroperoxides by
plant enzymesº. His researchÐjointly with
Prof. Hans VliegenthartÐhas covered a
wide variety of subjects and techniques
with the aim of getting an insight into the
structural aspects and molecular events of
enzyme-catalyzed redox reactions. In 1996 he was appointed Professor of
Biocatalysis at Utrecht University. His current research interests include
functional aspects of hydroperoxide lyase and related enzymes, and
endocannabinoids.


Hans Vliegenthart,
born in Zuilen (The Netherlands) in 1936,
studied chemistry at Utrecht University and
obtained his PhD there with comparative
studies on neurohypophysical hormones in
1967. He continued his research at the
laboratory of Organic Chemistry at Utrecht
University, where he initiated the work on
bioorganic chemistry of carbohydrates and
glycoconjugates as well as on lipoxygenase
and polyunsaturated fatty acids. He is at
present Professor and Chairman of the Department of Bio-Organic
Chemistry, Utrecht University, and Dean of the Faculty of Chemistry. He is
a member of the Royal Netherlands Academy of Arts and Sciences,
foreign member of the Royal Swedish Academy of Sciences, and honorary
member of the American Society for Biochemistry and Molecular Biology.
He was awarded honorary doctorates at the L. Kossuth University,
Debrecen (Hungary) the UniversiteÂ des Sciences et Technologies de Lille
(France), and the University of Stockholm (Sweden). Furthermore, he is
recipient of the Claude S. Hudson Award in Carbohydrate Chemistry from
the American Chemical Society and the Bijvoet Medal of Utrecht
University. He is a Knight in the Order of the Lion of The Netherlands.


[*] For abbreviations see ref. [130].







Fatty Acid Hydroperoxide Lyase


CHEMBIOCHEM 2001, 2, 494 ± 504 497


into phytooxylipins. Important phytooxylipins formed in this
pathway are hydroxy, epoxy and divinyl ether fatty acids, volatile
aldehydes and alcohols, and the wound hormones jasmonic
acid, traumatic acid, traumatin, and phytodienoic acid. The
wound hormone jasmonic acid and its methyl ester can induce a
wide range of secondary actions, such as further upregulation of
the lipoxygenase pathway,[7±9] and the production of more
defense proteins.[10±12] Furthermore, they are involved in devel-
opmental processes such as seedling growth, pollen formation,
and flower development.[13, 14] Traumatin and traumatic acid also
act as wound hormones and growth promoters.[15] The epoxy,
hydroxy, and divinyl ether fatty acids are known to have
antifungal activity.[16, 17] The volatile aldehydes and alcohols,
which have a characteristic ªgreen, fruityº smell, stimulate
wound healing, have antifungal and antimicrobial activity, and
induce the expression of the prosystemin gene, thus acting as a
positive feedback and intercellular signal.[9, 18±24] Besides, they
might be a signal for other plants in the surroundings to induce a
defense response as well.[25] They can act as attractants or
repellents of insects and might play a role in the production of
floral scent.[26, 27] The lipoxygenase pathway is thus a major
component of the plant defense system. The plant lipoxygenase
pathway is highly analogous to the lipoxygenase pathway in
animals. Both pathways are inhibited by salicylic acid and
acetylsalicylic acid. In animals, salicylic acids inhibit the formation
of prostaglandins, whereas in plants the formation of jasmonic
acid is inhibited.[9, 28±30]


3. Lipoxygenase pathway


3.1. Lipoxygenase


The first step in the lipoxygenase pathway is the dioxygenation
of LNA or LA by lipoxygenase (LOX, EC 1.13.11.12). Lipoxygenases
are non-heme iron-containing dioxygenases catalyzing the
addition of molecular oxygen to polyunsaturated fatty acids
having a (1Z,4Z)-pentadiene moiety.[31] Lipoxygenase in its native
form contains FeII and must first be oxidized to the FeIII form by
its own hydroperoxide product.[32] Upon binding the substrate, a
hydrogen atom is abstracted and a fatty acid radical is formed
(Scheme 1). Concomitantly, FeIII is reduced to FeII. The fatty acid


Scheme 1. Reaction mechanism of lipoxygenase. Lipoxygenases are non-heme
iron-containing dioxygenases catalyzing the addition of molecular oxygen to
polyunsaturated fatty acids having a (1Z,4Z)-pentadiene moiety.[31] E-FeIII� active
enzyme ; E-FeII� reduced enzyme ; B� base.


radical then binds dioxygen and is transformed into a peroxyl
radical. FeII is oxidized to FeIII and a peroxyl anion is formed. The
anion subsequently reacts with a proton and the resulting
hydroperoxy fatty acid is released from the FeIII enzyme, which is
then ready for another reaction cycle. Two different regiospe-
cificities of plant lipoxygenases with LA and LNA as substrates
are known: Some lipoxygenases form (13S)-hydroperoxy-LA and
-LNA, others the 9S isomers or a mixture of both.


3.2. Secondary enzymes


Hydroperoxy fatty acids formed by LOX are reactive molecules
that could do harm to a biological system and are thus further
metabolized by other enzymes such as allene oxide synthase
(AOS), peroxygenase (POX), divinyl ether synthase (DES), or fatty
acid hydroperoxide lyase (HPL). Allene oxide synthase
(EC 4.2.1.92) dehydrates the hydroperoxy fatty acids to unstable
allene oxides, which are cyclized by allene oxide cyclase, or
spontaneously hydrolyze into a- and g-ketols (Scheme 2). 12-
Oxo-(10,15Z)-phytodienoic acid, the cyclized product derived
from a-linolenic acid, can be converted into jasmonic acid by 12-
oxophytodienoic acid reductase followed by three b-oxidation
steps.[33] Several allene oxide synthases have been cloned and
the enzyme has been characterized as a cytochrome P450
enzyme (CYP74A).[34±38] Transcripts of AOS accumulate upon
wounding, insect attack, or treatment with methyl jasmonate or
ethylene.[9, 27, 37, 39] Overexpression of AOS increases the endog-
enous jasmonic acid level in potato plants, but not in
tobacco.[40, 41] However, the jasmonic acid level in the transgenic
tobacco plants, as well as in the potato plants, is drastically
increased by wounding.


The action of peroxygenase on hydroperoxylinoleic and a-
linolenic acids results in the formation of hydroxy and epoxyhy-
droxy fatty acids.[42] In the presence of hydroperoxy fatty acids
peroxygenase can also act on LA and LNA, resulting in the
formation of epoxy fatty acids. The epoxy groups can be further
converted into two alcohol groups by the enzyme epoxide
hydrolase, yielding di- and trihydroxy fatty acids.


Divinyl ether fatty acids are formed from the LOX products by
an enzyme called divinyl ether synthase (DES).[43] It acts in a
regio- and stereospecific way and is mainly found in the
microsomal fraction.[44, 45] Recently, a DES from tomato has been
cloned and characterized as a cytochrome P450 (CYP74D).[46] This
DES converts 9-hydroperoxy fatty acids to colneleic acid and
colnelenic acid and is mainly present in the plant roots.


Hydroperoxide lyases are enzymes that cleave the CÿC bond
adjacent to the hydroperoxy group in the LOX products,
resulting in the formation of w-oxo acids and volatile aldehydes
(Scheme 3). The 3Z aldehydes can be isomerized to their
2E isomers and reduced by alcohol dehydrogenase to the
corresponding alcohols.


4. Hydroperoxide lyase


In 1973 an ªaldehyde lyaseº was described, which was proposed
to be responsible for the cleavage of fatty acid hydroperoxides in
banana fruits.[47] Vick et al. demonstrated such lyase activity in
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watermelon seedlings and named it hydroperoxide lyase in
1976.[48] Since then, hydroperoxide lyases from a number of
organisms have been purified and characterized. Recently, HPL
from bell pepper, Arabidopsis thaliana, alfalfa, cucumber, tomato,
and guava fruit have been cloned and expressed in Escherichia
coli.[1, 27, 39, 49±51] Based on sequence homology and the EPR
spectrum, HPL was identified as a cytochrome P450 enzyme
(CYP74B).[1, 52]


4.1. Substrate and product specificities of different
hydroperoxide lyases


Plant HPL can be classified into two groups according to their
substrate specificity. One group cleaves 13-hydroperoxylinoleic
acid into 12-oxo-(9Z)-dodecenoic acid and hexanal, and 13-
hydroperoxy-a-linolenic acid into 12-oxo-(9Z)-dodecenoic acid
and (3Z)-hexenal. The other group cleaves the 9-hydroperoxy
isomers of linoleic and a-linolenic acids into 9-oxononanoic acid
and (3Z)-nonenal, or 9-oxononanoic acid and (3Z,6Z)-nonadienal,
respectively. In watermelon seedlings, tea leaves, tomato fruits
and leaves, apples, green bell peppers, and soybeans, only 13-


HPL activity is present.[48, 53±57] Pears contain
only 9-HPL activity.[58] Soybean and pea seeds/
seedlings, cucumber fruits and seedlings, and
alfalfa seedlings contain both HPL activi-
ties.[59±62] Matsui et al. succeeded in separating
the 13- and 9-HPL activities from cucumber
seedlings, indicating that different enzymes are
specific for the different substrates.[63] However,
recently a cucumber HPL was cloned that uses
both substrates.[50] This HPL is remarkable
because it shows a higher sequence similarity
to AOS than to 13-HPL, and it has been
grouped into its own subfamily, CYP74C. To
obtain more knowledge about the differences
betweeen 13- and 9-HPL, a specific 9-HPL
should be isolated and cloned. Pears could be
a good source as they only contain 9-HPL.


Conversion of the carboxyl group of the fatty
acid hydroperoxide to a methyl ester or alcohol
greatly reduces the activity of HPL from tea
chloroplasts and soybeans,[56, 64, 65] indicating
that the carboxyl group of the substrates is
important for HPL activity. In contrast, hydro-
peroxy fatty acid ethanolamides are even
better substrates for HPL than the correspond-
ing fatty acids.[66] This suggests that the polarity
of the headgroup of the substrates might be
important for HPL activity and that the size of
the headgroup is of minor importance.


The influence of the position and number of
double bonds in the substrate on plant HPL
activity was studied as well. HPL from tea
leaves, tomatoes, and green bell pepper fruits
show nearly ten times higher initial activity
toward 13-hydroperoxy-a-linolenic acid than
toward 13-hydroperoxylinoleic acid,[53, 55, 67, 68]


whereas this introduction of a 15Z double bond in linoleic acid
increases the activity of tea chloroplast HPL by 2 % only.[64]


Introduction of a 6Z double bond (13-hydroperoxy-(6Z,9Z,11E)-
octadecatrienoic acid�13-hydroperoxy-g-linolenic acid) strong-
ly decreases the activity of HPL.[53, 64, 68] Systematic investigation
of the influence of the chain length by using an entire series of
w6-hydroperoxy-C14 ± C24 dienoic and trienoic acids revealed that
C22 fatty acids, and not the natural substrates (C18), show the
highest reactivities toward HPL.[69] 15-Hydroperoxyarachidonic
acid (C20:4), however, is not a substrate for tea chloroplast
HPL.[70] From a racemic mixture of (13R)-hydroperoxy-LA and
(13S)-hydroperoxy-LA, only the S isomer is converted by HPL.[56]


In conclusion, the structural requirements that substrates of
plant HPL must meet are the presence of a cis,trans-conjugated
diene system with the trans double bond adjacent to the (S)-
hydroperoxide-bearing carbon atom.


Mushrooms contain a HPL which is specific for 10-hydro-
peroxy fatty acids.[71±74] The products of this HPL are 1-octen-3-ol
and 10-oxo-(8E)-decenoic acid. Algae (Chlorella pyrenoidosa and
Oscillatoria) cleave 13-hydroperoxy fatty acids into 13-oxo-
(9Z,11E)-tridecadienoic acid and pentane or (2Z)-pentene (Chlor-


Scheme 2. Lipoxygenase ± allene oxide synthase pathway. Allene oxide synthase dehydrates the
hydroperoxy fatty acids to unstable allene oxides, which are cyclized by allene oxide cyclase, or
spontaneously hydrolyze into a- and g-ketols. 12-Oxo-(10,15Z)-phytodienoic acid can be converted into
jasmonic acid by 12-oxophytodienoic acid reductase followed by three b-oxidation steps.[33]
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ella),[75] or pentanol (Oscillatoria).[76] However, this activity has
recently been ascribed to lipoxygenase.[77] In mammals, only one
HPL has been found (in rabbit leukocytes).[78] This HPL is proposed
to cleave 15-hydroperoxyarachidonic acid (15-HPETE) into penta-
nol and 15-oxo-(5Z,8Z,11Z,13E)-pentadecatetraenoic acid.


4.2. Localization and regulation of hydroperoxide lyase


In watermelon seedlings the highest HPL activity is present in
the hypocotyl ± root junction;[48] in cucumber seedlings, roots are
the richest source of HPL activity.[79] Tissue print immunoblot
analysis of bell peppers showed that most HPL is located in the
outer parenchymal cells of the pericarp.[55] This is in accordance
with its primary role in protection against attacks from outside.
Furthermore, the localization of HPL in plants seems to be linked
to rapid cell growth and development.[80±82] Analogously, the


activity of HPL in Marchantia poly-
morpha cells is highest when the
cells are growing logarithmically
and rapidly decreases when the
cells enter the stationary phase.[83]


Hydroperoxide lyases are
thought to be membrane pro-
teins, although the genes of hy-
droperoxide lyases do not contain
clearly identifiable transmem-
brane segments.[49] Detergents
are needed for their solubilization.
In some plant sources HPLs are
localized in the chloroplasts[84±88]


or in the microsomes,[53, 89, 90]


whereas in others no specific local-
ization in a particular organelle is
observed.[49, 55, 91] The HPL gene
from Arabidopsis thaliana contains
a chloroplast-directing transit se-
quence,[39] but the genes from
tomato and alfalfa do not.[27, 49, 92]


The intracellular localization thus
remains unclear and should be
further studied by immunocyto-
chemical methods.


HPL transcript levels increase in
response to insect attack and
mechanical wounding, but, unlike
AOS, the enzyme is not induced by
methyl jasmonate treatment.[27, 39]


The rapid release of HPL products
after wounding indicates that HPL
is already present in the plant and
that de novo synthesis is not
necessary. The enzyme might be
activated upon contact with its
substrate, that becomes accessible
by disruption of membranes dur-
ing wounding. In this case, the
enzyme should be present in the


membrane or be transported to the wounding site. Another
possibility is that the enzyme exists as a proenzyme, which is
activated by cleaving off an N-terminal sequence. This was
suggested because of the increased activity of alfalfa HPL upon
removal of the first 22 N-terminal amino acids.[49]


4.3. Structure of hydroperoxide lyase


The HPL genes described so far code for proteins of
55 kDa.[1, 27, 39, 49, 51] Most isolated plant HPLs consist of sub-
units of 55 ± 60 kDa,[53, 55, 76, 93, 94] but based on native poly-
acrylamide gel electrophoresis results it was suggested that
the enzymes exist as trimers or tetramers of about 200 ±
250 kDa.[48, 51, 54, 55, 57, 94]


Scheme 3. Lipoxygenase ± hydroperoxide lyase pathway. Fatty acid hydroperoxide lyases are enzymes that cleave the
CÿC bond adjacent to the hydroperoxy group in the LOX products, resulting in the formation of w-oxo acids and volatile
aldehydes. The 3Z aldehydes can be isomerized to their 2E isomers and reduced by alcohol dehydrogenase to the
corresponding alcohols.
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5. Hydroperoxide lyase as a cytochrome P450
enzyme: implications for its structure and
reaction mechanism


Cytochrome P450 enzymes are heme-containing monooxyge-
nases that are present in all living organisms. This superfamily of
enzymes originates from an ancestral gene which may have
existed already 3.5� 109 years ago. The name cytochrome P450
originates from the characteristic absorption maximum of the
enzymes at 450 nm (Soret maximum) after reduction with
sodium dithionite and treatment with carbon monoxide (the P
stands for pigment).[95]


5.1. Structure


Six crystal structures of cytochrome P450 enzymes have been
determined so far, five soluble prokaryotic cytochrome P450
enzymes and one eukaryotic microsomal P450 enzyme.[96±102]


Analysis of the crystal structures revealed that these P450
enzymes have a triangular shape and are rich in secondary
structure elements. They consist of an a-helix domain (40 ± 70 %)
and a b-sheet-rich domain (10 ± 22 %) (Figure 2). The active-site
heme is bound by a highly conserved cysteine residue and
located inside the protein, sandwiched between two parallel
helices. It is accessible through a hydrophobic channel. The B', F,
and G helices are supposed to be involved in substrate binding
and specificity. The long I helix, and in particular its highly
conserved threonine residue, is probably involved in the binding
of oxygen and in proton delivery.[96, 103±105] The structure of the B'
helix and of the F/G loop are rather variable, which might
account for the different substrate specificities.[101±103]


Figure 2. A ribbon representation of the three-dimensional structure of P450BM-
3 from Bacillus megaterium. Helices are labeled according to the P450cam
nomenclature.[96] b-Sheets are indicated by arrows. (Reprinted from Julian A.
Peterson's homepage with permission [http://p450terp.swmed.edu/Bills_folder/
billhome.htm] .)


The question arises if these structures are useful as a general
model for all cytochrome P450 enzymes and for HPL. The overall
three-dimensional structures of the six crystallized cytochro-
me P450 enzymes are similar, despite their low sequence


identity, indicating that all cytochrome P450 enzymes might
have a comparable structure.[102, 104] The CD spectrum of alfalfa
HPL shows that this enzyme contains a high percentage of
a helices, similar to the crystallized P450 enzymes.[52] The
molecular masses of the known HPLs are similar to those of
other cytochrome P450 enzymes. The heme group in the active
site was identified as heme b, another characteristic of cyto-
chrome P450 enzymes.[106] HPLs also contain the highly con-
served cysteine residue, which is supposed to bind the heme
group.[1] Point mutants in which the conserved cysteine has
been replaced by an alanine or serine residue are inactive and do
not contain heme.[52] HPLs, however, have a low affinity for CO
and most of them do not show an absorption maximum at
450 nm after reduction and treatment with CO.[92, 106] This
behavior is similar to that of allene oxide synthase, which has a
low affinity for CO too.[107] These enzymes are, therefore, unique
within the cytochrome P450 family. HPLs, as well as allene oxide
synthases, do not need molecular oxygen for their activity. These
enzymes show little homology to other cytochrome P450
enzymes in the I helix region (oxygen-binding pocket) and lack
the conserved threonine residue. The absence of the oxygen-
binding pocket might explain their low affinity for CO. Crystal-
lization and structure elucidation of HPLs is necessary to get
more information about its structure and similarity to other
cytochrome P450 enzymes.


5.2. Active site


The prosthetic group of cytochrome P450 enzymes is a proto-
porphyrin IX moiety (heme b). Therefore, it has been possible to
use a variety of physical methods to study the structure of the
active site.[108] The heme iron is located in the center of the
protoporphyrin ring, bound by the four pyrrole nitrogen atoms.
The heme-binding domain of most cytochrome P450 enzymes
contains the characteristic sequence FxxGxxxCxxG, wherein the
thiolate anion of the conserved cysteine serves as the fifth (axial)
ligand to the heme iron.[96] The sixth (axial) ligand in cytochro-
me P450 enzymes is an OH group from a water molecule or
hydroxide ion.[97, 109]


The FeIII ion exists in a high-spin (S� 5�2) and a low-spin form
(S� 1�2), depending on the configuration of the five 3d electrons.
These forms are usually in equilibrium and possess different
spectral properties.[110] Transitions between the spin states of
cytochrome P450 enzymes are accompanied by slight energy
alterations, and therefore the spin state is often affected by
temperature, pressure, pH, and salt concentration.[111, 112]


Changes in the spin state of hemoproteins are usually caused
by the change in ligand state of the heme iron: The hexacoordi-
nated state is low spin and the pentacoordinated state is high
spin. Most of the cytochrome P450 enzymes are in the low-spin
state. Interaction with a hydrophobic substrate or a ligand can
lead to a shift from low-spin to high-spin state (type I
interaction), but stabilization of the low-spin state has been
observed too (type II interaction).[110, 113, 114] In a type I interaction,
displacement of a water molecule by the substrate might lead to
the movement of the iron ion out of the plane of the porphyrin
ring, which makes the high-spin configuration favorable (Fig-
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ure 3).[97, 115] It has also been shown that a single mutation of an
amino acid in the active site can alter the spin equilibrium,
depending on the hydrophobicity and size of the residue.[52]


Figure 3. Spin state shift in cytochrome P450 due to substrate binding (type I
interaction). The FeIII ion exists in high-spin (S� �5 2 ) and low-spin (S� 1�2) forms,
depending on the configuration of the five 3d electrons. Changes in the spin state
of hemoproteins are usually caused by the change in ligand state of the heme
iron : The hexacoordinated state is low spin and the pentacoordinated state is
high spin. Most of the cytochrome P450 enzymes are in the low-spin state.
Interaction with a hydrophobic substrate or a ligand can lead to a shift from low-
spin to high-spin state.


In the case of HPL, the spin state is temperature-dependent.[52]


Detergents induce a change in the spin equilibrium from low to
high spin, similar to a type I interaction.[52] The influence of
detergents on the spin state might be typical for enzymes of the
CYP74 family, because the cytochrome P450 obtusifoliol 14a-
demethylase (CYP51), which can be solubilized by Triton X-100,
is in the low-spin state.[116] Because these detergents are too
large to fit into the distal ligand pocket, they cannot directly
interact with the iron ion. However, the EPR spectra of HPL in the
presence or absence of Triton X-100 indicate that Triton X-100
does change the conformation of the active site (Figure 4).[52]


Detergents probably induce the formation of high-spin com-
plexes by indirectly perturbing the heme structure and expelling
the original axial heme ligand (H2O). In addition, they might
change the bond length between the heme iron and the sulfur


Figure 4. EPR spectra of HPL in the presence or absence of 0.2 % Triton X-100.[52]


Triton X-100 changes the conformation of the active site.


atom. A similar effect was observed when nitric oxide synthase
was incubated with a number of large ligands.[114, 117] Because the
CD spectra of HPL in the presence or absence of Triton X-100 are
equal, the structure perturbation is apparently subtle.[52]


The functional importance of the spin state is still not
understood. It has been suggested that the high-spin form is
more rapidly reduced,[118] but, on the other hand, the reduction is
mostly not the rate-determining step. The spin state of
endothelial nitric oxide synthase, which appeared to be depen-
dent on the source of the enzyme, shows no correlation with the
enzyme activity.[114] In contrast, the removal of Triton X-100 and
subsequent change in the spin equilibrium cause a twofold
decrease in the enzymatic activity of HPL.[52] Similarly, the
activities of HPL and AOS in crude extracts increase about
twofold by adding detergents.[34, 53, 55, 59] It can thus be concluded
that the spin state of HPL is important for the enzymatic activity.


It has been suggested that HPL activity is partly regulated by
the organization of the membrane around the enzyme.[55]


Detergents might mimic a membrane environment, causing a
spin change from low to high spin, and thus converting the
enzyme into a more active conformation. The ability of
triglycerides to induce a change in the spin equilibrium from
low to high spin confirms the essence of a membrane-like
environment.[52] Because HPL is thought to be a membrane
protein (see Section 4.2), it is likely that the more active, high-
spin state is associated with the in vivo conformation of the
enzyme.


5.3. Reaction mechanism


Cytochrome P450 enzymes catalyze many different reactions
such as hydroxylations, epoxidations, N-demethylations, O-deal-
kylations, deaminations, sulfoxidations, desulfurations, and ox-
idative dehalogenations. The majority of the cytochrome P450
enzymes, however, catalyze NAD(P)H- and O2-dependent hy-
droxylations. Instead of using NAD(P)H directly, most of these
enzymes interact with a flavoprotein (cytochrome P450 reduc-
tase) that transfers electrons from the nicotinamide cofactor to
the P450. However, HPL does not interact with cytochrome P450
reductase, nor does it use NAD(P)H or O2 . Cytochrome P450
enzymes can also utilize peroxides such as cumene hydro-
peroxide and tert-butylhydroperoxide as an oxygen donor. This
bypass is usually referred to as the peroxide shunt.[119, 120] The
general reaction mechanism of cytochrome P450 enzymes is
shown in Scheme 4.


For a long time, a heterolytic reaction mechanism seemed to
be most likely for plant HPL action, because the reaction
products of the heterolytic reaction resemble the ones formed
by hydroperoxide lyase, whereas the complex volatile product
profile obtained by homolysis does not.[121] In a study with 18O-
labeled substrates, it was observed that the 18O of the hydro-
peroxide is not transferred into hexanal but instead into 12-oxo-
(9Z)-dodecenol.[122] Based on these results, Hatanaka et al.
proposed a heterolytic mechanism.[68] However, the character-
ization of HPL as a cytochrome P450 enzyme makes a homolytic
mechanism more likely. The HPL reaction resembles the peroxide
shunt, and this reaction is supposed to occur through a
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Scheme 4. General reaction mechanism of cytochrome P450 enzymes.[129] The
majority of the cytochrome P450 enzymes catalyze NAD(P)H- and O2-dependent
hydroxylations. Cytochrome P450 enzymes can also utilize peroxides such as
cumene hydroperoxide and tert-butylhydroperoxide as an oxygen donor. This
bypass is usually referred to as the peroxide shunt.[119, 120] POOH� organic
peroxide ; SH� substrate.


homolytic scission of the hydroperoxy group.[119, 120] In support of
a radical process, inhibition of the enzymatic activity by radical
scavengers was observed. Furthermore, dithiothreitol and 13-
hydroxylinoleic acid protect against inactivation of the enzyme
by 13-hydroperoxylinoleic acid, which suggests that inactivation
is caused by destruction of an essential SH group near the
reaction center of HPL.[123] The observed protection by organic
antioxidants and radical scavengers (a-tocopherol, nordihydro-
guaiaretic acid, butylated hydroxyanisole, and butylated hydroxy-
toluene) suggests that this SH group is destroyed by radical
formation from fatty acid hydroperoxides near the reaction
center of HPL.


In Scheme 5 we propose an integrated reaction mechanism
for HPL, based on the known chemistry of cytochrome P450
enzymes. We consider the homolytic cleavage of the oxygen ±
oxygen bond, resulting in an alkoxy radical and a ferryl-hydroxo
complex as the first step of the reaction mechanism. This direct
formation of a ferryl-hydroxo complex as a result of the
interaction between FeIII-porphyrin and a peroxide was also
suggested in other systems, including AOS.[120, 124±127] In contrast
to the formation of an epoxyallylic cation by AOS, we propose
that the next step in the HPL reaction mechanism is proton
donation to the hydroxide ion in the ferryl-hydroxo complex and
abstraction of one electron from the alkoxy radical. This causes
the formation of an allylic ether cation intermediate. Formation
of such an allylic ether cation was also suggested by Hatanaka
et al. in a heterolytic mechanism of HPL[70] and in etheroleic acid
biosynthesis.[45] Subsequently, addition of water to the carbocat-
ion occurs and a spontaneous rearrangement results in the
formation of a C6-aldehyde and a C12-enol. An w-oxo acid is
formed by keto ± enol tautomerization of the C12-enol. In
contrast to the reaction mechanisms of O2-using cytochrome
P450 enzymes, the mechanism of HPL is cyclic, that is, no
cofactor is used.
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Scheme 5. Proposed reaction mechanism of HPL based on the known chemistry
of cytochrome P450 enzymes.[49] The homolytic cleavage of the oxygen ± oxygen
bond resulting in an alkoxy radical and a ferryl-hydroxo complex is considered to
be the first step.


6. Summary and outlook


HPL is a very interesting enzyme for both fundamental research
and biotechnological application as a biocatalyst for the
production of natural food flavors. Since its discovery, it has
been isolated from a number of organisms, and its substrate and
product specificities have been extensively studied. Structural
characterization of HPL and mechanistic studies could not be
performed because of its instability and difficult purification.
Furthermore, it is difficult to derive its structure and mechanism
directly from the known structures and general reaction
mechanism of cytochrome P450 enzymes because HPL is rather
different from other cytochrome P450 enzymes. The recent
cloning and expression of HPL in E. coli makes it possible to
obtain larger quantities and stable enzyme preparations. This
opens new ways to the characterization of this unique enzyme
with methods that require high concentrations of protein.


Crystallization of HPL is a future challenge and will contribute
to our knowledge of its structure and special status within the
cytochrome P450 family. The recently developed transverse
relaxation optimized spectroscopy (TROSY) gives the opportu-
nity to characterize large proteins by NMR spectroscopy.[128] This
is an excellent method to study the influence of detergents on
the conformation of HPL in solution, as well as the position of the
substrate in the active site. EXAFS and AXAFS spectroscopy may
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provide more information on the conformation of the active site
and on the perturbation of the heme group in the high-spin
complex. Together with EPR studies on HPL in the presence of
substrate, this will lead to a better understanding of the reaction
mechanism.


The question if HPL is a membrane and chloroplastic protein
can only be answered by studying its intracellular localization
with immunocytochemical methods. However, there are no
highly specific antibodies against HPL available yet, which might
be due to a low immunogenity of the enzyme.


Overexpression or repression of HPL in plants will provide
more information about its function in the defense mechanism
and the flavor of plants. In addition, it may be possible to
improve the flavor and resistance properties of crop plants with
these genetic modifications.


[1] K. Matsui, M. Shibutani, T. Hase, T. Kajiwara, FEBS Lett. 1996, 394, 21 ± 24.
[2] C. A. Ryan, G. Pearce, Annu. Rev. Cell Dev. Biol. 1998, 14, 1 ± 17.
[3] D. R. Bergey, G. A. Howe, C. A. Ryan, Proc. Natl. Acad. Sci. USA 1996, 93,


12 053 ± 12 058.
[4] B. M. Gurl, M. Orozco-Cardenas, G. Pearce, C. A. Ryan, Proc. Natl. Acad. Sci.


USA 1994, 91, 9799 ± 9802.
[5] C. A. Ryan, Annu. Rev. Phytopathol. 1990, 28, 425 ± 449.
[6] A. Conconi, M. Miquel, J. A. Browse, C. A. Ryan, Plant Physiol. 1996, 111,


797 ± 803.
[7] S. Avdiushko, K. P. C. Croft, G. C. Brown, D. M. Jackson, T. R. Hamilton-


Kemp, D. Hildebrand, Plant Physiol. 1995, 109, 1227 ± 1230.
[8] M. Kohlmann, A. Bachmann, H. Weichert, A. Kolbe, T. Balkenhohl, C.


Wasternack, I. Feussner, Eur. J. Biochem. 1999, 260, 885 ± 895.
[9] S. Sivasankar, B. Sheldrick, S. J. Rothstein, Plant Physiol. 2000, 122, 1335 ±


1342.
[10] F. Mueller-Uri, B. Parthier, L. Nover, Planta 1988, 176, 241 ± 247.
[11] S. Reinbothe, B. Mollenhauer, C. Reinbothe, Plant Cell 1994, 6, 1197 ±


1209.
[12] M. Hamberg, H. W. Gardner, Biochim. Biophys. Acta 1992, 1165, 1 ± 18.
[13] M. McConn, J. Browse, Plant Cell 1996, 8, 403 ± 416.
[14] Y. Koda, Physiol. Plant. 1997, 100, 639 ± 646.
[15] D. C. Zimmerman, C. A. Coudron, Plant Physiol. 1979, 63, 536 ± 541.
[16] T. Namai, T. Kato, Y. Yamaguchi, T. Hirukawa, Biosci. Biotechnol. Biochem.


1993, 57, 611 ± 613.
[17] H. Weber, A. Chetelat, D. Caldelari, E. E. Farmer, Plant Cell 1999, 11, 485 ±


493.
[18] R. T. Major, P. Marchini, T. Sproston, J. Biol. Chem. 1960, 235, 3298 ± 3299.
[19] H. von Schildknecht, G. Rauch, Z. Naturforsch. B 1961, 16, 422 ± 429.
[20] H. Lyr, L. Basaniak, Acta Phytopathol. Acad. Sci. Hung. 1983, 18, 181 ± 188.
[21] H. J. Zeringue, S. P. McCormick, J. Am. Oil Chem. Soc. 1989, 66, 581 ± 585.
[22] H. J. Zeringue, Phytochemistry 1992, 31, 2305 ± 2308.
[23] K. P. C. Croft, F. Jüttner, A. J. Slusarenko, Plant Physiol. 1993, 101, 13 ± 24.
[24] H. J. Zeringue, R. L. Brown, J. N. Neucere, T. E. Cleveland, J. Agric. Food


Chem. 1996, 44, 403 ± 407.
[25] N. J. Bate, S. J. Rothstein, Plant J. 1998, 16, 561 ± 569.
[26] V. Finidori-Logli, A.-G. BagneÁres, J.-L. CleÂment, J. Chem. Ecol. 1996, 22,


541 ± 558.
[27] G. A. Howe, G. I. Lee, A. Itoh, L. Li, A. E. DeRocher, Plant Physiol. 2000, 123,


711 ± 724.
[28] H. PenÄ a-CorteÂs, T. Albrecht, S. Prat, E. W. Weiler, L. Willmitzer, Planta


1993, 191, 123 ± 128.
[29] Z. Pan, B. Camara, H. W. Gardner, R. A. Backhaus, J. Biol. Chem. 1998, 273,


18 139 ± 18 145.
[30] H. Weichert, I. Stenzel, E. Berndt, C. Wasternack, I. Feussner, FEBS Lett.


1999, 464, 133 ± 137.
[31] G. A. Veldink, J. F. G. Vliegenthart, J. Boldingh, Prog. Chem. Fats Other


Lipids 1977, 15, 131 ± 166.
[32] M. J. Schilstra, G. A. Veldink, J. F. G. Vliegenthart, Biochemistry 1994, 33,


3974 ± 3979.
[33] B. Vick, D. C. Zimmerman, Plant Physiol. 1986, 80, 202 ± 205.


[34] W. C. Song, A. R. Brash, Science 1991, 253, 781 ± 784.
[35] W. C. Song, C. D. Funk, A. R. Brash, Proc. Natl. Acad. Sci. USA 1993, 90,


8519 ± 8523.
[36] Z. Pan, F. Durst, D. Werck-Reichhart, H. W. Gardner, B. Camara, K. Cornish,


R. A. Backhaus, J. Biol. Chem. 1995, 270, 8487 ± 8494.
[37] D. Laudert, U. Pfannschmidt, F. Lottspeich, H. Hollander-Czytko, E. W.


Weiler, Plant Mol. Biol. 1996, 31, 323 ± 335.
[38] H. Maucher, B. Hause, I. Feussner, J. Ziegler, C. Wasternack, Plant J. 2000,


21, 199 ± 213.
[39] N. J. Bate, S. Sivasankar, C. Moxon, J. M. C. Riley, J. E. Thompson, S. J.


Rothstein, Plant Physiol. 1998, 117, 1393 ± 1400.
[40] K. Harms, R. Atzorn, A. Brash, H. Kühn, C. Wasternack, L. Willmitzer, H.


PenÄ a-CorteÂs, Plant Cell 1995, 7, 1645 ± 1654.
[41] C. Wang, S. Avdiushko, D. F. Hildebrand, Plant Mol. Biol. 1999, 40, 783 ±


793.
[42] E. BleÂe in Lipoxygenase and lipoxygenase pathway enzymes (Ed. : G. J.


Piazza), AOCS, Illinois, 1996, pp. 138 ± 161.
[43] A. N. Grechkin, F. N. Fazliev, L. S. Mukhtarova, FEBS Lett. 1995, 371, 159 ±


162.
[44] A. N. Grechkin, M. Hamberg, FEBS Lett. 1996, 388, 112 ± 114.
[45] A. N. Grechkin, A. V. Ilyasov, M. Hamberg, Eur. J. Biochem. 1997, 245, 137 ±


142.
[46] A. Itoh, G. A. Howe, J. Biol. Chem. 2001, 276, 3620 ± 3627.
[47] R. Tressl, F. Drawert, J. Agric. Food Chem. 1973, 21, 560 ± 565.
[48] B. A. Vick, D. C. Zimmerman, Plant Physiol. 1976, 57, 780 ± 788.
[49] M. A. Noordermeer, A. J. H. van Dijken, S. C. M. Smeekens, G. A. Veldink,


J. F. G. Vliegenthart, Eur. J. Biochem. 2000, 267, 2473 ± 2482.
[50] K. Matsui, C. Ujita, S. Fujimoto, J. Wilkinson, B. Hiatt, V. Knauf, T. Kajiwara,


I. Feussner, FEBS Lett. 2000, 481, 183 ± 188.
[51] N. Tijet, U. Wäspi, D. J. H. Gaskin, P. Hunziker, B. L. Muller, E. N. Vulfson, A.


Slusarenko, A. R. Brash, I. M. Whitehead, Lipids 2000, 35, 709 ± 720.
[52] M. A. Noordermeer, G. A. Veldink, J. F. G. Vliegenthart, FEBS Lett. 2001,


489, 229 ± 232.
[53] K. Matsui, H. Toyota, T. Kajiwara, T. Kakuno, A. Hatanaka, Phytochemistry


1991, 30, 2109 ± 2113.
[54] P. Schreier, G. Lorenz, Z. Naturforsch. C 1982, 37, 165 ± 173.
[55] Y. Shibata, K. Matsui, T. Kajiwara, A. Hatanaka, Plant Cell Physiol. 1995, 36,


147 ± 156.
[56] T. Matoba, H. Hidaka, K. Kitamura, N. Kaizuma, M. Kito, J. Agric. Food


Chem. 1985, 33, 856 ± 858.
[57] M.-L. Fauconnier, A. G. Perez, C. Sanz, M. Marlier, J. Agric. Food Chem.


1997, 45, 4232 ± 4236.
[58] I.-S. Kim, W. Grosch, J. Agric. Food Chem. 1981, 29, 1220 ± 1225.
[59] H. W. Gardner, D. Weisleder, R. D. Plattner, Plant Physiol. 1991, 97, 1059 ±


1072.
[60] D. R. Phillips, J. A. Matthew, J. Reynolds, G. R. Fenwick, Phytochemistry


1979, 18, 401 ± 404.
[61] M. A. Noordermeer, G. A. Veldink, J. F. G. Vliegenthart, FEBS Lett. 1999,


443, 201 ± 204.
[62] A. R. Hornostaj, D. S. Robinson, Food Chem. 2000, 71, 241 ± 247.
[63] K. Matsui, Y. Shibata, T. Kajiwara, A. Hatanaka, Z. Naturforsch. C 1989, 44,


883 ± 885.
[64] A. Hatanaka, T. Kajiwara, J. Sekiya, M. Imoto, S. Inouyo, Plant Cell Physiol.


1982, 23, 91 ± 99.
[65] A. Hatanaka, T. Kajiwara, J. Sekiya, S. Inouye, Phytochemistry 1982, 21,


13 ± 17.
[66] M. v. d. Stelt, M. A. Noordermeer, T. Kiss, G. van Zadelhoff, B. Merghart,


G. A. Veldink, J. F. G. Vliegenthart, Eur. J. Biochem. 2000, 267, 2000 ± 2007.
[67] P. Schreier, G. Lorenz in Flavour '81: Proceedings of the international


conference, München (Ed. : P. Schreier), de Gruyter, Berlin, 1981, pp. 495 ±
507.


[68] A. Hatanaka, Phytochemistry 1993, 34, 1201 ± 1218.
[69] A. Hatanaka, T. Kajiwara, K. Matsui, H. Toyota, Z. Naturforsch. C 1992, 47,


677 ± 679.
[70] A. Hatanaka, T. Kajiwara, J. Sekiya, Chem. Phys. Lipids 1987, 44, 341 ± 361.
[71] M. Wurzenberger, W. Grosch, Biochim. Biophys. Acta 1984, 794, 25 ± 30.
[72] M. Wurzenberger, W. Grosch, Biochim. Biophys. Acta 1984, 795, 163 ± 165.
[73] J.-L. Mau, R. B. Beelman, G. R. Ziegler, J. Food Sci. 1992, 57, 704 ± 706.
[74] S. Assaf, Y. Hadar, C. G. Dosoretz, J. Agric. Food Chem. 1995, 43, 2173 ±


2178.
[75] B. A. Vick, D. C. Zimmerman, Plant Physiol. 1989, 90, 125 ± 132.







G. A. Veldink et al.


504 CHEMBIOCHEM 2001, 2, 494 ± 504


[76] R. H. Andrianarison, J. L. Beneytout, M. Tixier, Plant Physiol. 1989, 91,
1280 ± 1287.


[77] A. NunÄ ez, T. A. Foglia, B. J. Savary, G. J. Piazza, Eur. J. Lipid Sci. Technol.
2000, 102, 181 ± 188.


[78] B. K. Lam, Y.-L. Lin, H.-Y. Ho, P. Y.-K. Wong, Biochem. Biophys. Res.
Commun. 1987, 149, 1111 ± 1117.


[79] A. Hatanaka, T. Kajiwara, K. Matsui, Z. Naturforsch. C 1988, 43, 308 ± 310.
[80] J. Sekiya, T. Monma, T. Kajiwara, A. Hatanaka, Agric. Biol. Chem. 1986, 50,


521 ± 522.
[81] H. Zhuang, T. R. Hamiltonkemp, R. A. Andersen, D. F. Hildebrand, Plant


Physiol. 1992, 100, 80 ± 87.
[82] K. Matsui, Y. Shibata, H. Tateba, A. Hatanaka, T. Kajiwara, Biosci.


Biotechnol. Biochem. 1997, 61, 199 ± 201.
[83] K. Matsui, Y. Kaji, T. Kajiwara, A. Hatanaka, Phytochemistry 1996, 41, 177 ±


182.
[84] J. Sekiya, S. Tanigawa, T. Kajiwara, A. Hatanaka, Phytochemistry 1984, 23,


2439 ± 2443.
[85] J. Sekiya, T. Kajiwara, K. Munechika, A. Hatanaka, Phytochemistry 1983,


22, 1867 ± 1869.
[86] A. Hatanaka, T. Kajiwara, J. Sekiya, Phytochemistry 1976, 15, 1125 ± 1126.
[87] E.-M. Goetz-Schmidt, M. Wenzel, P. Schreier, Lebensm. Wiss. Technol.


1986, 19, 152 ± 155.
[88] M. Williams, J. J. Salas, J. Sanchez, J. L. Harwood, Phytochemistry 2000, 53,


13 ± 19.
[89] J. C. M. Riley, C. Willemot, J. E. Thompson, Posth. Biol. Technol. 1996, 7,


97 ± 107.
[90] A. G. PeÂrez, C. Sanz, R. Olías, J. M. Olías, J. Agric. Food Chem. 1999, 47,


249 ± 253.
[91] D. R. Phillips, T. Galliard, Phytochemistry 1978, 17, 355 ± 358.
[92] K. Matsui, C. Miyahara, J. Wilkinson, B. Hiatt, V. Knauf, T. Kajiwara, Biosci.


Biotechnol. Biochem. 2000, 64, 1189 ± 1196.
[93] A. R. Hornostaj, D. S. Robinson, Food Chem. 1999, 66, 173 ± 180.
[94] J. M. Olías, J. J. Rios, M. Valle, R. Zamora, L. C. Sanz, B. Axelrod, J. Agric.


Food Chem. 1990, 38, 624 ± 630.
[95] T. Omura, R. Sato, J. Biol. Chem. 1964, 239, 2370 ± 2378.
[96] T. L. Poulos, B. C. Finzel, I. C. Gunsalus, G. C. Wagner, J. Kraut, J. Biol. Chem.


1985, 260, 16 122 ± 16 130.
[97] T. L. Poulos, B. C. Finzel, A. J. Howard, Biochemistry 1986, 25, 5314 ± 5322.
[98] K. G. Ravichandran, S. S. Boddupalli, C. A. Hasemann, J. A. Peterson, J.


Deisenhofer, Science 1993, 261, 731 ± 736.
[99] C. A. Hasemann, K. G. Ravichandran, J. A. Peterson, J. Deisenhofer, J. Mol.


Biol. 1994, 236, 1169 ± 1185.
[100] J. R. Cupp-Vickery, T. L. Poulos, Steroids 1997, 62, 112 ± 116.
[101] J. K. Yano, L. S. Koo, D. J. Schuller, H. Li, P. R. Ortiz de Montellano, T. L.


Poulos, J. Biol. Chem. 2000, 275, 31 086 ± 31 092.
[102] P. A. Williams, J. Cosme, V. Sridhar, E. F. Johnson, D. E. McRee, Mol. Cell


2000, 5, 121 ± 131.
[103] O. Gotoh, J. Biol. Chem. 1992, 267, 83 ± 90.
[104] T. L. Poulos, Curr. Opin. Struct. Biol. 1995, 5, 767 ± 774.
[105] J. E. LeLean, N. Moon, W. R. Dunham, M. J. Coon, Biochem. Biophys. Res.


Commun. 2000, 276, 762 ± 766.


[106] Y. Shibata, K. Matsui, T. Kajiwara, A. Hatanaka, Biochem. Biophys. Res.
Commun. 1995, 207, 438 ± 443.


[107] S. M. C. Lau, P. A. Harder, D. P. O'Keefe, Biochemistry 1993, 32, 1945 ±
1950.


[108] L. M. Weiner, Crit. Rev. Biochem. 1986, 20, 139 ± 200.
[109] J. H. Dawson, L. A. Andersson, M. Sono, J. Biol. Chem. 1982, 257, 3606 ±


3617.
[110] C. R. Jefcoate, Meth. Enzymol. 1978, 52, 258 ± 279.
[111] J. Peisach, C. A. Appleby, W. E. Blumberg, Arch. Biochem. Biophys. 1972,


150, 725 ± 732.
[112] M. C. Marden, G. H. B. Hoa, Eur. J. Biochem. 1982, 129, 111 ± 117.
[113] R. Tsai, C. A. Yu, I. C. Gunsalus, J. Peisach, W. Blumberg, W. H. Orme-


Johnson, H. Beinert, Proc. Natl. Acad. Sci. USA 1970, 66, 1157 ± 1163.
[114] A.-L. Tsai, V. Berka, P.-F. Chen, G. Palmer, J. Biol. Chem. 1996, 271, 32 563 ±


32 571.
[115] D. F. V. Lewis, C. Ioannides, D. V. Parke, Chem. Biol. Interact. 1989, 70,


263 ± 280.
[116] R. A. Kahn, S. Bak, C. E. Olsen, I. Svendsen, B. L. Mùller, J. Biol. Chem. 1996,


271, 32 944 ± 32 950.
[117] V. Berka, P.-F. Chen, A.-L. Tsai, J. Biol. Chem. 1996, 271, 33 293 ± 33 300.
[118] H. Rein, O. Ristau, R. Misselwitz, E. Buder, K. Ruckpaul, Acta Biol. Med. Ger.


1979, 38, 187.
[119] B. W. Griffin, C. Marth, Y. Yasukochi, B. S. S. Masters, Arch. Biochem.


Biophys. 1980, 205, 543 ± 553.
[120] R. C. Blake, M. J. Coon, J. Biol. Chem. 1981, 256, 12 127 ± 12 133.
[121] W. Grosch, P. Schieberle, G. Laskawy in Flavour '81: Proceedings of the


international conference, München (Ed. : P. Schreier), de Gruyter, Berlin,
1981, pp. 433 ± 448.


[122] A. Hatanaka, T. Kajiwara, J. Sekiya, H. Toyota, Z. Naturforsch. C 1986, 41,
359 ± 362.


[123] K. Matsui, T. Kajiwara, A. Hatanaka, J. Agric. Food Chem. 1992, 40, 175 ±
178.


[124] E. Cadenas, A. Boveris, B. Chance, Biochem. J. 1980, 187, 131 ± 140.
[125] R. E. White, S. G. Sligar, M. J. Coon, J. Biol. Chem. 1980, 255, 11108 ± 11111.
[126] T. A. Dix, L. J. Marnett, J. Biol. Chem. 1985, 260, 5351 ± 5357.
[127] W.-C. Song, S. W. Baertschi, W. E. Boeglin, T. M. Harris, A. R. Brash, J. Biol.


Chem. 1993, 268, 6293 ± 6298.
[128] M. Salzmann, K. Pervushin, G. Wider, H. Senn, K. Wuthrich, Proc. Natl.


Acad. Sci. USA 1998, 95, 13 585 ± 13 590.
[129] I. Schlichting, J. Berendzen, K. Chu, A. M. Stock, S. A. Maves, D. E. Benson,


R. M. Sweet, D. Ringe, G. A. Petsko, S. G. Sligar, Science 2000, 287, 1615 ±
1622.


[130] Abbreviations: AOS� allene oxide synthase; AXAFS� atomic X-ray
absorption fine structure; DES�divinyl ether synthase; EPR�electron
paramagnetic resonance; EXAFS� extended X-ray absorption fine
structure; HPL�hydroperoxide lyase; 15-HPETE� 15-hydroperoxyara-
chidonic acid; LA� linoleic acid; LNA� linolenic acid; LOX� lipoxyge-
nase; POX�peroxygenase; TROSY� transverse relaxation-optimized
spectroscopy.


Received: November 30, 2000 [A 164]








CHEMBIOCHEM 2001, 2, 505 ± 512 � WILEY-VCH-Verlag GmbH, D-69451 Weinheim, 2001 1439-4227/01/02/07-08 $ 17.50+.50/0 505


Sorting of Preproteins into Mitochondria
Thomas Krimmer,[b] Andreas Geissler,[b] Nikolaus Pfanner,[b] and Joachim Rassow*[a]


KEYWORDS:


chaperones ´ membranes ´ mitochondria ´ proteins ´ protein transport


1. Introduction


Mitochondria are the center of the oxidative metabolism of all
known eukaryotes. Several observations, including sequence
comparisons of the mitochondrial 16 S RNA, indicate that
mitochondria evolved from early a-proteobacteria by endo-
symbiosis.[1] Out of the some 1000 different proteins that are
present in mitochondria, only 1 ± 2 %, depending on the
organism, are encoded by the small mitochondrial genome.[2±4]


The majority of them is nuclear-encoded, synthesized on
cytosolic polysomes, and posttranslationally imported.[5, 6] Due
to the compartmentalization of an eukaryotic cell, an effective
sorting of proteins synthesized in the cytosol to their target
organelle is required.[7] Proteins that have to leave the cytosol
after their synthesis exhibit signal sequences that enable the cell
to transport these proteins to their respective target compart-
ment and to translocate them into the organelles.[8] Due to their
double membrane, mitochondria contain four subcompart-
ments: the outer mitochondrial membrane, the intermembrane
space, the inner mitochondrial membrane, and the matrix.
Mitochondrial preproteins contain sorting sequences that de-
termine the final localization within these compartments.[9, 10]


The recent sequencing of several eukaryotic genomes has
confirmed that the machineries involved in intracellular trans-
port are highly conserved. Nearly all studies on the mitochon-
drial protein import machinery were carried out using the yeast
Saccharomyces cerevisiae and the filamentous fungus Neuro-
spora crassa as model organisms. However, the mitochondria of
higher eukaryotes, including those of mammals, appear to
contain a homologous set of Tom and Tim proteins and to apply
the same mechanistic principles.


2. Protein targeting to mitochondria


To be sorted, most preproteins destined for the mitochondrial
matrix, the intermembrane space, or the inner membrane carry
an amino-terminal presequence. Mitochondrial presequences
are able to form amphipathic a helices.[11] A conserved primary
sequence is not observed, but positively charged, hydroxylated,
and hydrophobic amino acids are characteristic, while negatively
charged residues are completely absent. Structural elements and
the positive net charge seem to be more important for the
recognition by mitochondrial receptors than single resi-
dues.[12, 13] Perhaps it is this variability in sequence that makes
it possible to import virtually all mitochondrial proteins with the


help of the same protein complex in the outer membrane. In the
mitochondrial matrix, the presequences (20 to 80 amino acids in
length) are cleaved off by the heterodimeric mitochondrial
processing peptidase (MPP).[14±16]


For targeting into the intermembrane space, several prepro-
teins contain a specific sorting sequence directly following the
amino-terminal presequence. These sorting sequences contain a
central hydrophobic segment and resemble the signal sequen-
ces of bacterial secretory proteins. In the intermembrane space
these sequences are cleaved off by the inner-membrane
peptidase (IMP).[17±20] While the function of amino-terminal
presequences in targeting is well established,[21, 22] less is known
about the functions of sorting sequences. Some mitochondrial
proteins, especially those of the outer and inner mitochondrial
membranes, do not have a presequence. Therefore the mature
protein itself must carry the necessary targeting information.[23]


No consensus sequences or more general structural properties
could be identified, which could be responsible for the specific
recognition of this type of proteins. For many proteins the
targeting signal is still unknown.


In contrast to secretory proteins, which are mostly trans-
located cotranslationally into the endoplasmic reticulum,[24]


mitochondrial proteins are generally synthesized on free ribo-
somes and imported posttranslationally.[25] Already during their
synthesis, these proteins are bound to cytosolic chaperones of
the Hsp70 family (heat shock proteins of a molecular mass of ca.
70 kDa) and thus kept in an unfolded state, a prerequisite for
their subsequent translocation (Figure 1).[26] Preproteins that
contain folded domains prior to their translocation have to be
unfolded during import into the mitochondria.[27±29]


Binding of cytosolic Hsp70, however, is not specific for
mitochondrial proteins, since Hsp70 also binds to proteins that
are posttranslationally transported into the endoplasmic retic-
ulum.[29] Certain proteins that guide the transport to the receptor
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Figure 1. Membrane insertion of mitochondrial outer-membrane proteins.
Mitochondrial preproteins destined for the outer mitochondrial membrane (OM)
are synthesized on cytosolic polysomes, bound by cytosolic chaperones (cHsp70),
and recognized by receptor proteins (Tom70 or Tom20) on the outer membrane.
With the help of Tom22 and Tom5, these proteins are transferred to the channel
component Tom40. They are subsequently inserted into the outer mitochondrial
membrane by diffusing laterally out of the general import pore. IMS� inter-
membrane space.


proteins on the surface of the outer mitochondrial membrane
recognize specifically the signal sequences of mitochondrial
proteins. The mitochondrial import-stimulating factor (MSF) may
serve as an example. In the mammalian cytosol, MSF prevents
the aggregation of some preproteins and supports their binding
to mitochondria.[30±32]


Although most preproteins are thought to follow the post-
translational import mechanism described above, some proteins
may be imported in a cotranslational manner. In this process,
translating ribosomes bind directly to the translocation site,
thereby coupling the translocation directly to the translation of
the proteins. When mitochondria are isolated from yeast cells
arrested in translation, ribosomes are bound on the surface of
mitochondria, suggesting that cotranslational transport is a
possible mechanism in yeast.[33] In vitro and in vivo data confirm
this observation.[34, 35]


3. Binding to the import receptors of the outer
mitochondrial membrane


At the mitochondrial surface, most preproteins are recognized
and transiently bound by specific import receptor proteins and
finally transferred to the general protein import channel of the
outer membrane, the general import pore (GIP).[36] Proteins of
the outer membrane which are involved in translocation are
termed Tom proteins (translocase of the outer mitochondrial
membrane) and are further specified by a number correspond-
ing to their approximate molecular mass in kDa.[37]


The two receptor proteins Tom20 and Tom70 show different,
but partially overlapping specificities for preproteins.[38] Both
receptors contain an amino-terminal membrane anchor and a
carboxy-terminal cytosolic domain (Figure 1).[39, 40] Tom20 recog-
nizes mainly proteins that carry a presequence by direct, mostly
hydrophobic interactions with the a helix of the prese-


quence.[21, 41, 42] Recently, some proteins were found that bind
Tom20 although they lack a mitochondrial presequence. For
example, the outer-membrane proteins porin[43] and Tom40,[44]


the intermembrane-space protein cytochrome c heme lyase[45]


as well as the inner-membrane protein Tim22 (translocase
of the inner mitochondrial membrane).[46] Proteins bound
to MSF prefer binding to Tom70. In this case, the preprotein is
thought to bind with different parts to several molecules of
Tom70 at the same time. Thus, Tom70 could fulfil the tasks of a
chaperone and prevent irreversible aggregation of preproteins
in transit.[42, 47±50]


Both receptors transfer the bound preproteins to the general
import pore (GIP).[49] In this context Tom22 plays an important
role. First, Tom22 interacts with presequences and serves as an
additional import receptor. Second, Tom22 is an integral part of
the GIP and serves as a central organizer of this complex.[50]


Tom22 mediates the interaction of Tom20 with the GIP, and it
appears to interact with the hydrophilic side of presequences.[41]


Therefore it is assumed that presequences sequentially bind to
Tom20 with their hydrophobic part and to Tom22 with their
hydrophilic part.[49, 51, 52] The complex of Tom70 with the TOM
complex is less stable. The interactions are mediated by
tetratrico peptide repeat (TPR) motives.[53]


Mitochondrial protein import is not entirely dependent on the
import receptors. It was recently shown that the precursors of
some components of the intermembrane space do not require
receptor proteins during import. They can directly enter the
mitochondria through the GIP.[46]


4. Transport into and across the mitochondrial
outer membrane


Further translocation of receptor-bound preproteins is mediated
by the GIP complex. The components of the GIP complex are
Tom22, Tom40, and the small Tom proteins Tom5, Tom6, and
Tom7.[54] The intact complex has a molecular mass of about
400 kDa; in the absence of Tom22, this complex disassembles
into subcomplexes of ca. 100 kDa, demonstrating the central
role of Tom22.[50, 55]


Besides Tom22, only Tom5 possesses an amino-terminal
cytosolic domain, whereas the other components of the TOM
complex are deeply buried in the membrane.[56] Tom5 was
shown to facilitate the transfer of preproteins from the import
receptors to the GIP. The pathway of preproteins is thus formed
by a series of Tom proteins: Preproteins are picked up by Tom20
and then transferred to Tom22, Tom5, and finally to Tom40 that
forms the pore.[56]


Tom40 spans the membrane presumably in a porin-like
manner with several b strands that form a b barrel with a pore
of ca. 2 nm in width. The channel was characterized electro-
physiologically after reconstitution of purified Tom40 into
liposomes. Reconstituted Tom40 specifically reacted with syn-
thetic presequence peptides, demonstrating that the channel
contains a binding site for presequences.[57] Interestingly,
electron micrographs of the complete TOM complex that was
isolated from mitochondria show up to three pores, each of
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which displays an inner diameter of about 2 nm.[58] Tom22
modulates the channel properties by facilitating the closing of
the channel.[50] Tom6 and Tom7 modulate the stability of the
TOM complex in an antagonistic fashion, providing both
sufficient stability to allow rapid transfer of preproteins from
the import receptors to the Tom40 channel and sufficient
flexibility for the opening of the translocon. Tom6 promotes
assembly of Tom22 with Tom40 and facilitates the transfer of
preproteins.[59] In contrast, Tom7 supports a dissociation of the
translocase and thus is involved in the import of outer-
membrane proteins that first insert into the Tom40 pore, but
then diffuse laterally into the membrane.[60, 61]


The driving force for the transport of preproteins across the
general import pore is not known to date. In contrast to the
transport of preproteins across the inner mitochondrial mem-
brane, neither membrane potential nor ATP hydrolysis are
required.[55] Preproteins with a positively charged presequence
could make use of the patches of negative charges that are
found in some Tom proteins.[49] According to the acid-chain
hypothesis,[62] these negative patches should permit a binding to
Tom20, Tom70, and Tom22. Although the initial recognition of
the preproteins by Tom20 occurs through a hydrophobic
interaction, the negatively charged residues probably function
as the first binding site in a sequential binding and release chain.
Negative charges in the amino terminus of Tom5 would direct
the presequences to Tom40. The intermembrane-space domain
of Tom22 also contains a patch with a negative net charge, which
could function as a trans binding site. In this scenario,
preproteins would be guided across the outer membrane by a
chain of binding sites, including ionic interactions of increasing
strength, and then handed over to the translocation machinery
of the inner membrane.[63] Accordingly, the amphipathic char-
acter of cleavable presequences might reflect a bifunctionality.
While the hydrophobic side facilitates the initial recognition by
Tom20, the charged side is responsible for the import driving by
the mechanism described above.


Some proteins lacking a cleavable presequence contain
internal segments with presequence-like properties that may
use an acid chain. However, additional mechanisms may be
involved. The soluble Tim proteins of the intermembrane space
were shown to bind to some hydrophobic proteins as soon as
they emerge out of the GIP. By this mechanism, at least a
backsliding could be prevented. The mechanism that allows the
release from the GIP and the transport into the intermembane
space remains to be established.[64]


The mechanisms by which outer-membrane proteins are
imported have not been investigated in detail yet. The involve-
ment of components of the GIP complex in the import of some
outer-membrane proteins suggested the active participation of
the GIP in their biogenesis.[50, 56, 61] Using liposomes and purified
Tom20, it was proposed, however, that porin, the most abundant
outer-membrane protein, can be inserted into a membrane in
the absence of Tom5, Tom40, or other components o the
GIP.[43, 65] A detailed study on the effects of several Tom mutants
has now clarified that with intact mitochondria, receptors and
the GIP are required for efficient import and assembly of porin in
the outer membrane.[66]


5. Transport into the intermembrane space


For targeting into the intermembrane space, preproteins can
follow different pathways. Some proteins of this compartment
are imported independently of the outer-membrane import
receptors. The precursors of the small Tim proteins, Tim9, Tim10,
and Tim12, apparently do not require Tom20 or Tom70 for
efficient import.[46] These soluble proteins of the intermembrane
space are all synthesized without a presequence. Their import is
independent of the membrane potential Dy across the inner
membrane, and the proteins do not require the involvement of
the inner-membrane TIM complexes[46, 67] (Figure 2, pathway I).


Figure 2. Translocation of preproteins into the intermembrane space (IMS).
Several preproteins of the intermembrane space are synthesized without an
N-terminal presequence. Following insertion into the general import pore (GIP)
complex, the preproteins are translocated across the outer membrane (OM) and
arrive in the IMS (pathway I). Other IMS-located proteins are synthesized with a
typical matrix-targeting sequence (red segment; positive charges are indicated).
These proteins cross the outer membrane and insert into the TIM23 complex of
the inner membrane (IM). This complex mediates translocation at least of the
matrix-targeting sequence of the preproteins into the mitochondrial matrix. Here
it is cleaved off by the action of the mitochondrial processing peptidase (MPP).
The sorting sequence, located behind the matrix-targeting sequence, typically
arrests the protein in the inner membrane (stop-transfer). The inner-membrane
peptidase (Imp) cleaves at the intermembrane-space side to release the mature
protein (pathway II). Some proteins may first be imported into the matrix with the
mature part and then be exported across the IM (conservative sorting,
pathway III). Translocation of proteins into the intermembrane space via the
TIM23 complex requires the presence of a membrane potential (Dy).


Other proteins destined for the intermembrane space (or the
intermembrane-space side of the inner membrane) are synthe-
sized with a bipartite presequence, including a positively
charged matrix-targeting sequence and an additional sorting
sequence,[20] and make use of the TIM23 complex of the inner
membrane. To address the possible mechanisms that are
involved, the import of cytochrome b2 as a model protein was
investigated in several studies. Unlike direct import into the
intermembrane space by transport through the TOM complex,
import pathways that involve the TIM components depend on
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the membrane potential Dy.[70, 71] Two possible pathways were
discussed to explain the participation of the TIM complex:
* In the stop-transfer mechanism (Figure 2, pathway II), the


positively charged first half of the presequence of cytochro-
me b2 is translocated across the inner membrane and is
cleaved off in the matrix by MPP, while the sorting sequence
gets stuck in the TIM23 complex and is laterally released into
the inner membrane.[9, 69, 70] The second sequence is sub-
sequently cleaved at the intermembrane-space side by
Imp1.[19] The mature protein finally is a soluble component
in the intermembrane space. The sorting sequence includes a
hydrophobic segment and positively charged amino acid
residues. The sorting sequence is not simply arrested in the
inner membrane due to its hydrophobic nature, but more
complex structural properties seem to be required for the
recognition of a ªstop-transferº signal by the inner-membrane
import machinery.[71] It has been proposed that the sorting
sequence assumes loop-like structure when inserting into the
inner membrane.[69, 72]


* Other proteins, for example the Rieske iron ± sulfur protein,
are first translocated completely into the matrix.[10] The
presequence is cleaved and the protein is exported to the
intermembrane-space side (conservative sorting, Figure 2,
pathway III). Like all proteins that are translocated through
the Tim23/Tim17 channel, proteins sorted to the intermem-
brane space by this mechanism need the membrane
potential Dy to reach their functional destination.[73, 74]


An attractive aspect of the conservative sorting hypothesis is
the relation to the evolutionary origin of mitochondria. Prepro-
teins are first completely imported into the matrix to reach the
situation of proteins that are exported by bacteria. In fact, the
sorting sequences of several mitochondrial preproteins resem-
ble the signal sequences of bacterial proteins. However, the
sequencing of the yeast genome has revealed that yeast does
not contain homologues of the bacterial Sec complex, demon-
strating that this part of the bacterial protein transport
machinery was lost during evolution.[75] It is now clear that
there is no general pathway for protein sorting in mitochondria
since different preproteins show significant differences in their
sorting mechanisms.


6. Transport into the inner mitochondrial
membrane


Many proteins of the inner mitochondrial membrane are
synthesized without a cleavable presequence, for example, the
metabolite transporters (carriers). These proteins bind on the
trans side of the GIP to a complex of soluble Tim proteins of the
intermembrane space.[76, 77] Tim9 and Tim10 are thought to form
a 70-kDa heterohexamer or -octamer.[78, 79] In this ternary
complex the hydrophobic preprotein is shuttled through the
aqueous intermembrane space to a translocase of the inner
membrane that consists of Tim12, Tim18, Tim22, and Tim54 and
is termed the TIM22 complex (Figure 3).[80±82] Tim12 is a
peripheral membrane protein,[83] but Tim18, Tim22, and Tim54


Figure 3. Membrane insertion of carrier proteins into the inner membrane (IM).
The carrier preproteins traverse the general import pore (GIP complex) and bind
to a complex consisting of Tim9 and Tim10 in the intermembrane space (IMS),
which transfers these preproteins to the TIM22 complex in the inner membrane.
This complex mediates the insertion of the carrier preproteins with the help of the
membrane potential Dy into the inner membrane. Here the carrier proteins
dimerize and adopt their functional state.


are integral membrane proteins.[82] The preprotein gets in
contact with the TIM22 complex, possibly by exchanging one
subunit in the Tim9/Tim10 complex against membrane-associ-
ated Tim12.[76, 78, 84] The membrane potential Dy across the inner
membrane is required for insertion of the preproteins into the
TIM22 complex.[64] The carrier protein is then released into the
inner membrane and assembles into the functional dimer
(Figure 3). The exact mechanism of this newly discovered
transport pathway as well as the specific tasks of the proteins
involved are still under investigation. Meanwhile, two additional
small Tim proteins have been identified, Tim8 and Tim13, that
are highly homologous to Tim9 and Tim10.[85]


Until now, the Tim22/Tim54 pathway was shown to be used by
members of the carrier family.[81] Moreover, all components of
the mitochondrial import machinery are themselves encoded by
nuclear genes and must be imported from the cytosol. The
preproteins of Tim17, Tim23,[86] and Tim22[46] are integrated via
the TOM apparatus and the TIM22 complex, whereas the
preproteins of Tim54 use the TOM apparatus and the TIM23
complex like presequence-containing preproteins.[46]


Besides the Tim machinery, the inner membrane contains two
additional components that are involved in the insertion of
proteins into this membrane by an export mechanism from the
matrix. The Oxa1 protein was shown to be crucial for the export
of N-terminal tails of nuclear-encoded proteins from the matrix
to the intermembrane space, as well as for the insertion of inner-
membrane proteins encoded by the mitochondrial genome.[87±91]


Interestingly, Oxa1 is highly homologous to YidC and Albino3,
proteins that are essential for the import of a class of proteins
into the Escherichia coli plasma membrane and into the
thylakoid membrane of chloroplasts.[92±94] Recently Pnt1 was
identified as a possible component involved in the export of
mitochondrially encoded proteins.[91] A possible interaction of
the two components is not known to date.
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7. Transport into the mitochondrial matrix


Proteins containing positively charged mitochondrial prese-
quences do not need soluble proteins in the intermembrane
space for their translocation. After leaving the TOM complex, the
presequences bind to the integral membrane protein
Tim23.[92, 93] Tim23 exposes numerous negative charges in its
amino-terminal intermembrane-space domain that are dis-
cussed to provide a binding site for presequences. Preproteins
spanning both the outer-membrane TOM complex and the
inner-membrane TIM complex form TIM ± TOM supercomplexes
of about 600 kDa.[79, 94±96] More recently, evidence was provided
that the amino terminus of Tim23 inserts into the outer
membrane, thus bridging both membranes in the absence of
translocating preproteins.[97] The function of this unique top-
ology of a membrane protein remains to be established.


Tim17 is a homologue of Tim23.[98, 99] Tim23 and Tim17
together form a 90-kDa complex in the inner membrane
(Figure 4);[96, 100] additional components may be involved.
Tim17 and Tim23 both span the inner membrane with four


Figure 4. Translocation of proteins of the mitochondrial matrix. These proteins
are typically synthesized with an N-terminal presequence (red segment; positive
charges are indicated) in the cytosol. After passing the mitochondrial outer
membrane (OM) by using of the general import pore (GIP complex), these proteins
bind to Tim23 of the inner membrane (IM). They are then transported through the
Tim23 ± Tim17 channel across the inner membrane into the matrix, driven by the
membrane potential Dy. The mitochondrial heat shock protein 70 (mtHsp70),
which is attached to the inner membrane via Tim44, drives the import in an ATP-
dependent manner. The matrix-processing peptidase (MPP) cleaves off the
presequence and the mature proteins are folded into their native states.


putative a helices, and both proteins show a sequence homol-
ogy of 46 % in the membrane-spanning region.[98] By the help of
a leucin zipper in its amino terminusm, Tim23 is capable of
forming homodimers.[93] Disassembly of these dimers due to the
arrival of a presequence is thought to be the first step in
translocating a protein across the inner membrane. In addition,


the membrane potential Dy (negative inside) exerts an electro-
phoretic force on the positively charged presequences and
therefore is an essential prerequisite for translocation into the
matrix.[72, 74, 101]


The translocation of the complete protein, however, requires
the hydrolysis of ATP by mtHsp70, a soluble heat shock protein
of 70 kDa in the mitochondrial matrix.[68, 102, 103] Most ATP that is
hydrolyzed during the translocation of a preprotein is probably
required for the interaction of preproteins with mtHsp70.
However, additional ATP is required for productive interactions
with the chaperone proteins in the cytosol.[103, 104] Preproteins
that are transported through the narrow import channels of the
mitochondrial membrane are completely unfolded, and it is very
likely that they arrive in the matrix in an extended conformation.
Therefore they are excellent substrates for binding to the
mtHsp70 of the mitochondrial matrix.[28] A mechanism for rapid
and efficient transfer of mtHsp70 to translocating preproteins is
dependent on Tim44, a peripheral membrane protein that is
bound to the inner surface of the TIM23 complex (Fig-
ure 4).[96, 105±109] Tim44 is an overall hydrophilic protein that is
apparently not part of the import pore and not required for the
formation of the pore.[110] Tim44 and mtHsp70 form a 1:1
complex.[106] The molecular details of the transfer of mtHsp70
from Tim44 to the translocating polypeptide are still unclear.
Two models are discussed for the mechanism of Tim44/
mtHsp70-mediated protein translocation:
* The ªBrownian ratchet modelº postulates an oscillation of the


preprotein in the import channel due to Brownian mo-
tion.[111, 112] Binding of mtHsp70 to matrix-exposed parts of the
unfolded peptide chain could hinder the backsliding of this
part of the peptide once it protrudes into the matrix.
Additional mtHsp70 molecules would bind newly exposed
segments and thus give a direction to this random move-
ment.[113, 114] It is proposed that the unfolding of all prepro-
teins during translocation is solely due to a spontaneous
process. Tim44 would only be responsible for a high local
concentration of mtHsp70 at the import site. An extension of
this model is the ªhand-over-hand modelº that takes into
account the possible dimerization not only of Tim23, but also
of entire TIM23 complexes, including Tim44.[115] mtHsp70,
bound to Tim44, would catch a matrix-exposed segment of
the preprotein and would then dissociate from Tim44. A
second mtHsp70 molecule, already bound to the second
Tim44 molecule, would immediately bind to the next seg-
ment of the preprotein, while a third mtHsp70 molecule could
bind to the first Tim44 molecule, which is no longer occupied.
Repeating this cycle, a preprotein could be efficiently loaded
with mtHsp70 and translocated into the matrix, provided that
unfolding of the protein in the cytosol is fast and sponta-
neous and thus not rate-limiting.[115]


* Observations from studies of the import of preproteins that
contain stably folded domains led to the ªpulling motor
modelº for the action of mtHsp70.[116±118] As in the other two
models, in this scenario mtHsp70 also binds to Tim44 and to
the prepotein in transit to form a ternary com-
plex.[105, 106, 119, 120] The hydrolysis of ATP would now lead to a
conformational change in mtHsp70, initiating a power stroke
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that pulls an additional segment of the preprotein across the
membrane.[110, 120] As protein folding is highly cooperative, a
limited power stroke could facilitate the unfolding of a
protein domain and thus promote further translocation.
In fact, several studies have indicated that both mechanisms,


active pulling and passive trapping, contribute to the mecha-
nism of mitochondrial protein import.[110, 118, 121, 122] Less stably
folded preproteins seem to be translocated even if the binding
of mtHsp70 to Tim44 is impaired. Preproteins that have tightly
folded domains, however, are strongly dependent on the
interaction between Tim44 and mtHsp70. The pulling motor
model is supported first by the finding that mtHsp70 undergoes
a measurable conformational change upon hydrolysis of ATP,[123]


which could execute an active pulling force. Secondly, recent
results obtained with yeast mutant strains indicate that hinder-
ing a backsliding alone is not sufficient for an efficient import of
preproteins into the mitochondrial matrix.[118] Additionally, it
could be demonstrated that mtHsp70 binds to Tim44 with its
ATPase domain.[124] Consequently, movements of the peptide-
binding domain that are triggered by changes in the state of the
bound nucleotide could easily be transferred to the bound
substrate polypeptide. The exact contributions of both mech-
anisms to the translocation of preproteins can probably only be
determined by a more detailed elucidation of the interactions
between the Tim44/mtHsp70 complex and the preprotein.


While the structure of Tim44 is still unknown, a model of the
structure of mtHsp70 already exists which is based on the high
evolutionary conservation of heat shock proteins of the 70-kDa
family in nearly all organisms.[125] It is reasonable to assume that
the structure of mtHsp70 corresponds to the already solved ones
of bovine Hsc70[126] and bacterial DnaK.[127] Single domains of
these Hsp70 proteins were crystallized, including complexes
with different binding partners.


Another interesting feature of the interaction of mtHsp70 and
Tim44 is the fact that the deletion of a segment of 18 amino
acids in Tim44 weakened this interaction considerably, while
binding of Tim44 to Tim23 was not affected.[122] The deleted
segment shows a significant similarity to helix II of the J domain,
which is highly conserved among the co-chaperones of the
J protein family.[106, 116] The J domain of these proteins is respon-
sible for the interaction of J proteins with their partner proteins
of the Hsp70 family.[128, 129] In this way, the bacterial DnaK
interacts with DnaJ,[130±132] and the Hsp70 of the endoplasmic
reticulum, Bip, interacts with its J protein Sec63.[133, 134] At least in
some respect, Tim44 seems to play the role of a J protein for
mtHsp70 in mitochondrial protein import.


8. Folding of imported proteins


Besides its essential role in protein import, mtHsp70 is involved
in the first steps of folding of newly imported preproteins in the
mitochondrial matrix.[135±137] mtHsp70 interacts with the co-
chaperones Mdj1 and Mge1 in a fashion similar to the bacterial
DnaK/DnaJ/GrpE system.[138, 139] Some preproteins, however,
reach their native conformation even if mtHsp70 is not fully
functional. Other mitochondrial members of the Hsp70 family,
identified by the complete sequencing of the yeast genome,[140]


may substitute for mtHsp70 in this process. The biogenesis of
Yfh1, the yeast homologue of human frataxin, was found to
depend on Ssq1, the second Hsp70 protein of the mitochondrial
matrix.[141] Some newly imported proteins bind to Hsp60, which
is a homologue of bacterial GroEL and representative of an
additional class of chaperone proteins.[142, 143] Other components
of the mitochondrial protein folding machinery do not belong to
the chaperone proteins, but exhibit an enzymatic protein folding
activity. The peptidyl-prolyl cis ± trans isomerase cyclophilin was
shown to support folding of a newly imported protein.[144, 145]


However, it should be noted that it is still unclear how many
proteins require prolyl isomerases for rapid folding. It is likely
that only a small fraction of mitochondrial proteins interact with
cyclophilin.


While the pathways and the components of the mitochondrial
protein folding machinery are only partly understood yet, it is
clear that proteins can only enter the matrix compartment by
interactions with mtHsp70. In this respect the role of mtHsp70 is
essential. Consequently, a better understanding of the mecha-
nism of mtHsp70-driven protein transport will continue to be a
central issue in future work on the biogenesis of mitochondria.


9. Tom and Tim as potential targets in drug
development


The power of yeast genetics has allowed the testing of virtually
all components of the TOM and TIM machinery if they are
essential for growth. These studies have revealed that nearly all
essential genes of Saccharomyces cerevisiae that encode mito-
chondrial proteins are Tom proteins, Tim proteins, or chaperones
involved in the biogenesis of the mitochondria. Most other
mitochondrial proteins are not essential in this organism.
Interestingly, S. cerevisiae can live without respiration but not
without mitochondrial protein import. The Tom and Tim proteins
should therefore be of potential interest in designing drugs to
fight human-pathogenic fungi or parasites that require their
mitochondria for growth, or to find inhibitors of plant growth for
agricultural means. Inhibitors of the mitochondrial respiratory
chain are already applied as important pesticides: Strobilurin A is
an inhibitor of respiratory chain complex III specifically in fungi,
derivatives of oxathiin are potent inhibitors of respiratory chain
complex II of basidiomycota. A remarkable specificity is achieved
although respiratory chain complexes are conserved structures
in all higher eukaryotes. Inhibitors of the TIM and TOM
complexes should therefore be similarly suitable. So far this
approach has not been used, since our knowledge of the
components is only recent: The first component of the Tom
protein was identified in 1989, the first Tim protein was found in
1992. The only high-resolution structure that has been solved so
far is the solution structure (determined by NMR spectroscopy)
of the hydrophilic presequence-binding domain of Tom20.[21]


The purified TOM complex was visualized by electron micros-
copy and reconstituted in liposomes.[58] In our own laboratory,
we recently reconstituted Tom40,[57] Tim22, and Tim23 for
characterization by electrophysiological techniques.[146] Recent
progress in the determination of structures of membrane
proteins, including the components of the mitochondrial
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respiratory chain, is encouraging. The next decade should
witness additional structures in the field of the mitochondrial
protein import machinery, and the current genome projects will
facilitate the accessibility of homologous structures in different
organisms.
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G-protein-coupled receptors (GPCRs)
form the largest known family among
integral membrane proteins. Up to 5 % of
all genes encoded in the genomes of
higher eukaryotes, such as the nematode
Caenorhabditis elegans, belong to the
GPCR superfamily and more than 84 bil-
lion US $ are spent per year on drugs that
modulate GPCR function. Their highly
conserved topology is made up of seven
transmembrane helices and allows these
membrane proteins to convert a plethora
of different extracellular signals like hor-
mones, pheromones, odorants, or light
into the activation of intracellular, hetero-
trimeric G-protein complexes. Conse-
quently, the vast amount of different
binding and signaling specificities of
GPCRs was often compared with the huge
repertoire of binding specificities that is
generated by the modularly arranged
variable regions of antibodies. However,
despite their widespread occurrence in
humans and other eukaryotes and the
tremendous importance of GPCRs in the
pharmaceutical industry, until recently
almost no structural information was
available which was sufficiently resolved
to reveal the mechanistic details of ligand
binding and signal transmission through
the lipid bilayer.


This situation has now changed
through the advent of the first structure
of a GPCR, the dim-light receptor
rhodopsin (ªredº opsin) whose structure
was determined at 2.8 � resolution
from three-dimensional (3D) crystals by
Palczewski and co-workers.[1] That bovine


rhodopsin would become the first GPCR
with known 3D structure was expected,
because most structural studies on GPCRs
so far focused on this visual pigment. Its
central role in mammalian vision and the
ease of its preparation from natural
sources (for example, ca. 0.5 mg can be
purified from a single bovine retina) are
advantageous aspects for the biochemist.
Furthermore, eukaryotic rhodopsins are
highly representative for GPCRs, because
they belong to class A of the GPCR super-
family, which covers 90 % of all known
GPCRs including pharmacologically rele-
vant examples like the adrenergic and
dopaminergic receptors.


Unlike other GPCRs, rhodopsin contains
its built-in ªligandº retinal in a covalently
bound form as a protonated Schiff base
with a lysine residue (K296) in helix VII.


Upon illumination (lmax�500 nm), this
chromophore photoisomerizes from an
11-cis to an all-trans configuration in less
than 0.2 ps (Figure 1). After a series of
distinct photointermediates has been
passed through (Figure 1), an active re-
ceptor conformation (R*) is formed by
deprotonation of the protonated Schiff
base, which corresponds spectroscopical-
ly to the blue-shifted metarhodopsin-II
(meta-II) intermediate (lmax�380 nm).
This R* state resembles the agonist-acti-
vated form of GPCRs and catalyzes the
guanine nucleotide exchange reaction in
the heterotrimeric G-protein transducin.
In the rod cells of vertebrates, GTP-bound
transducin then lowers the cGMP level by
activation of a cGMP phosphodiesterase,
which in turn causes a closure of cGMP-
gated cation channels and a hyperpolari-
zation of the plasma membrane. Overall,
the photon capture by a single rhodopsin
molecule effects a remarkable signal am-
plification as ca. 108 cations are prevented
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Figure 1. The visual cycle in mammalian rod outer segments. The structure of rhodopsin (rho) determined by
Palczewski et al. gives a first view on the initial state of rhodopsin prior to photoactivation (R). While this state
should correspond to an antagonist-bound form of a GPCR, the metarhodopsin-II (meta-II) photointermediate
resembles an agonist-activated species (R*).
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from entering the cell through the plasma
membrane. Analogous to other GPCRs,
metarhodopsin-II becomes a target for a
parallel pathway that quenches the active
R* state and consists of phosphorylation
by a rhodopsin-specific protein kinase,
subsequent binding of visual arrestin, and
dephosphorylation.


Due to the multitude of conformational
states which rhodopsin adopts for its
function, it was not clear whether well-
ordered 3D crystals of a mammalian
rhodopsin could ever be obtained by
using standard procedures. A primary
experimental hurdle is certainly the re-
quirement for detergents during purifica-
tion and crystallization, which compro-
mises the stability of the solubilized
protein species. Additionally, rhodopsin
is subjected to numerous posttranslation-
al modifications including glycosylation at
the asparagine residues N2 and N15,
palmitoylation at cysteines C322 and
C323, disulfide formation between cys-
teines C110 and C187, acetylation at
methionine M1, and the light-dependent
phosphorylation at serine and threonine
residues of the C-terminal tail. Last but
not least, rhodopsins from vertebrates are
extremely light-sensitive, because these
rhodopsins are destined to be hydrolyzed
to the apoprotein opsin and free all-trans-
retinal after formation of metarhodopsin-
II (Figure 1). In vivo, this bleaching process
makes sense, because 11-cis-retinal is
regenerated in the adjacent retinal pig-
ment epithelium. However, in vitro all
steps including the purification from
retinae, crystallization, and crystal han-
dling had to be performed under dim red
light to keep the holo form of rhodopsin
intact.


Due to the obstacles to obtain 3D
crystals of eukaryotic rhodopsins,[2] until
recently structural data were only derived
from two-dimensional (2D) crystals whose
formation from intact membranes of rod
outer segments was demonstrated by
Corless and co-workers in the early eight-
ies and optimized by Schertler and his
colleagues during the nineties.[3] Electron
crystallographic studies by the latter
group initially proved the postulated
architecture of a seven-transmembrane-
helix (7TM-helix) bundle for the vertebrate
rhodopsins. Using electron crystallo-
graphic data from the 2D crystals of frog


rhodopsin which extended to 7.5 � in the
membrane plane (but only to 17 � reso-
lution perpendicular to the membrane) it
became even possible to derive a reliable
packing model of the 7TM-helix bundle
that was later extensively used in homol-
ogy modeling studies of the transmem-
brane domains of other GPCRs. Interest-
ingly, the breakthrough in the 3D crystal-
lization of bovine rhodopsin now
reported by Palczewski et al.[1, 4] did not
benefit from advances in the crystalliza-
tion methodology of membrane proteins
itself, which were crucial for the successful
structure determinations of archaeal rho-
dopsins during the previous decade.[5]


Rather, it was the discovery of a new
protocol for the selective extraction of
bovine rhodopsin from rod outer seg-
ments by Okada et al. that led to prepa-
rations yielding 3D crystals useful for X-ray
crystallographic analysis.[4, 6] One unusual
component of the extracting agents, zinc
ions used in high concentrations, was
observed at two positions in the refined
X-ray crystallographic structure of rho-
dopsin where it stabilized the overall
protein fold. This finding again suggests
that additional stabilization of membrane
proteins, as already applied in the cocrys-
tallization of respiratory chain enzymes
with antibody fragments,[7] might be
essential for further progress in their
crystallization.


As explained below, the work of Palc-
zewski et al.[1] clearly confirms that the
eukaryotic family of rhodopsins evolved
independently of the well-characterized
archaeal family which includes light-driv-
en proton and halide ion pumps like
bacteriorhodopsin or halorhodopsin.[5]


Only topological features are common
to both families, such as the presence of
seven transmembrane helices, a retinal
chromophore that is linked as a proto-
nated Schiff base to a lysine residue in
helix VII, and an acidic residue, E113 in
bovine rhodopsin, that acts as a counter
charge and proton acceptor on helix III.
Apparently, there are only a few choices in
nature for membrane-bound receptors to
select and accommodate a photoisomer-
izable and lipid-soluble ligand, which
might explain why retinal was incorpo-
rated as the chromophore in two struc-
turally distinct protein families.


In bovine rhodopsin, the regions which
protrude from the lipid bilayer are much
larger and more organized than in arch-
aeal rhodopsins (Figure 2) as they carry
the functionally most important sites, the
G-protein-binding site on the cytosolic
side and parts of the retinal-binding
pocket on the extracellular side. Further-
more, the retinal-binding pocket does not
reside in the center of the transmembrane
region, but is unexpectedly located near
the extracellular side of the 7TM-helix


Figure 2. Two 7TM-helix proteins in their membrane context. The extra mass of mammalian rhodopsins (left,
bovine rhodopsin: 348 amino acids) as compared to archaeal rhodopsins (right, bacteriorhodopsin : 248 amino
acids) is mainly located in the extramembranous loop regions (in� intracellular side, ex� extracellular side).
Palczewski et al. report electron density for the two palmitates which are thioesterified to cysteines C322 and
C323 (the approximate positions of the fatty acid chains are indicated by line drawings).[1] The resulting fourth
cytosolic loop folds onto an amphiphilic a helix that runs almost parallel to the membrane plane and is
postulated to participate in G-protein binding.
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bundle. For this reason, the N terminus
and the loop between helices III and IV
fold into a four-stranded b sheet that
invaginates the 7TM-helix bundle to wall
parts of the retinal-binding site. Due to
the higher inclination angles of the trans-
membrane helices with respect to to the
membrane plane, the arrangement of the
helices is distinct from the straight helix
bundles observed in archaeal rhodopsins.
Surprisingly, with the exception of the
central helix III, all transmembrane helices
are kinked, mostly due to the presence of
prolines or, as in helix II, a Gly-Gly motif. In
the archaeal rhodopsins, such distortions
of the regular a-helical pattern in the
transmembrane parts occur mostly next
to the sites of the largest structural
changes, for example, at the Schiff base
lysine. It will be interesting to see whether
in mammalian rhodopsins and other
GPCRs, a hinge-like motion in the 7TM-
helix bundles is required for a long-range
communication between the ligand and
G-protein-binding sites.


The large spatial separation of ca. 40 �
between the Schiff base nitrogen atom
and the cytosolic surface of the G-protein-
binding site (Figure 3) might also be a
reason why eukaryotic rhodopsins use an
11-cis!all-trans photoisomerization for
their retinal chromophore instead of the
all-trans!13-cis isomerization found in


archaeal rhodopsins. The central location
of the C11ÿC12 bond would result in a
large swivel motion of the ionone ring
upon photoisomerization which might be
transmitted into large-scale structural re-
arrangements of bovine rhodopsin. In
contrast, the photoisomerization of the
C13ÿC14 bond in the retinal of archaeal
rhodopsins has no major effects on the
location of the ionone ring itself, but
triggers only small, local structural
changes, which ensure the unidirection-
ality of ion transport.


In humans and many other animals,
rhodopsin is only responsible for dim-
light perception. The color vision of
humans is mediated by a set of homolo-
gous red, green, and blue visual pigments
(lmax�560 nm, 530 nm, 425 nm, respec-
tively), which are located in the cone cells
of the retina. The structure of the retinal-
binding site now presents an amazing
insight into how these different pigments
perform spectral tuning over a wide
wavelength range. For example, the main
differences between the red and green
pigments from cone cells originate from a
small number of amino acid exchanges
which occur in close proximity to the
polyene system of the chromophore (Fig-
ure 3). The introduction of hydroxy
groups at these positions by Phe!Tyr
or Ala!Ser/Thr exchanges, respectively,


causes a green-to-red opsin shift, most
likely due to dipole ± dipole interactions of
the hydroxy groups with the excited state
of the chromophore. The structure re-
ported by Palczewski et al.[1] suggests
another component of spectral tuning.
This is the perturbation of the retinal
chromophore by a twisted conformation
of the retinylidene group. At the moment,
the resolution of the rhodopsin 3D crys-
tals is still not sufficient for an unambig-
uous assessment of the chromophore
conformation without using a priori
chemical knowledge during the crystallo-
graphic refinement. More precise struc-
tural information about the retinal con-
formation should be expected in the near
future from solid-state NMR spectroscopic
studies of rhodopsin, although some
recent reports gave contradictory struc-
tural interpretations, which might reflect
differences in the NMR methodology used
or in sample preparation.[8] Nevertheless,
this knowledge will be of considerable
interest for quantum chemists who want
to correlate the energetics between the
protein environment and its bound retinal
chromophore with the observed spectral
tuning.


Unfortunately, the most characteristic
region of GPCRs, the G-protein-binding
site, is still ill-defined in the X-ray crystal
structure of rhodopsin due to excessively
high temperature factors and the incom-
plete tracing of the polypeptide chain in
the loop between helices V and VI and the
C-terminal stretch.[1] Even if further crys-
tallographic refinement of this crystal
form will improve the identification of
the G-protein-binding site, its conforma-
tion might be of limited value for under-
standing, in structural terms, how GPCRs
catalyze the guanine nucleotide exchange
in G-protein complexes, because various
studies demonstrated significant confor-
mational changes of the binding site
upon G-protein binding and GPCR activa-
tion. For example, structural changes
upon photoactivation of rhodopsin ex-
pose an epitope at the C-terminal end of
helix VII that becomes accessible to a
monoclonal antibody only in the meta-
rhodopsin-II intermediate.[9] Other studies
using 19F NMR spectroscopy or site-direct-
ed spin labeling likewise gave evidence
for directed movements of the adjacent
ends of helices III and VI.[10]


Figure 3. The retinal-binding site of bovine rhodopsin (A: side view; B: top view). The side view shows the large
spatial separation between the G-protein- (blue) and retinal-binding sites. Swivel motions of the ionone moiety
of retinal, which might occur upon photoisomerization, are indicated by an arrow (cyan). Residues that are
known to be important for the color tuning of red and green pigments in cone cells contact the retinal
chromophore directly (green spheres: F261, A269, A292) or mediate their tuning effect indirectly (A164) through
an intervening glutamic acid residue (E122). The disruption of the salt bridge between K296 and E113 (dashed
line) is known to accompany activation of rhodopsin. Mutations of these residues or of G90 nearby are found in
patients with autosomal dominant retinitis pigmentosa or congenital stationary night blindness.
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Finally, what might be the other major
spin-offs of this first GPCR structure apart
from drafting a molecular mechanism of
vision? To the computational biologist
who is interested in modeling pharmaco-
logical targets of the GPCR superfamily,
the bovine rhodopsin structure provides a
first reliable framework for rational drug
design. Nevertheless, severe difficulties
will still be encountered in modeling the
small-molecule-binding sites in the 7TM-
helix bundles of other class A GPCRs,
because the retinal-binding site of rho-
dopsin is obviously also formed by irreg-
ular loop regions which are difficult to
predict. Furthermore, until a structure of
the metarhodopsin-II state of rhodopsin is
determined, we will not know exactly how
structural rearrangements in the ligand-
binding site are accompanied by changes
in the G-protein-binding site. However,
the latter is a prerequisite for the struc-
ture-based design of compounds that act
either as agonists or antagonists in GPCR-
mediated signaling. For the biochemist


and biophysicist, the rhodopsin structure
will enable more sophisticated studies on
monitoring the transition between active
and inactive states of GPCRs. Last but not
least, for the structural biologist, the
structure of Palczweski and co-workers
points the way toward a structure deter-
mination of the complex between a GPCR
and its cognate G-protein.
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Improving Escherichia coli Alkaline Phosphatase
Efficacy by Additional Mutations inside and
outside the Catalytic Pocket
Bruno H. Muller,� Claire Lamoure,� Marie-HeÂleÁne Le Du, Laurence Cattolico,
Evelyne Lajeunesse, Fabrice Lemaître, Arween Pearson, FreÂdeÂric Ducancel,
AndreÂ MeÂnez,* and Jean-Claude Boulain[a]


We describe a strategy that allowed us to confer on a bacterial
(E. coli) alkaline phosphatase (AP) the high catalytic activity of the
mammalian enzyme while maintaining its high thermostability.
First, we identified mutations, at positions other than those
occupied by essential catalytic residues, which inactivate the
bacterial enzyme without destroying its overall conformation. We
transferred concomitantly into the bacterial enzyme four residues
of the mammalian enzyme, two being in the catalytic pocket and
two being outside. Second, the gene encoding the inactive mutant
was submitted to random mutagenesis. Enzyme activity was
restored upon the single mutation D330N, at a position that is 12 �
away from the center of the catalytic pocket. Third, this mutation
was combined with other mutations previously reported to
increase AP activity slightly in the presence of magnesium. As a
result, at pH 10.0 the phosphatase activity of both mutants D330N/
D153H and D330N/D153G was 17-fold higher than that of the wild-
type AP. Strikingly, although the two individual mutations D153H


and D153G destabilize the enzyme, the double mutant D330N/
D153G remained highly stable (Tm� 87 8C). Moreover, when
combining the phosphatase and transferase activities, the catalytic
activity of the mutant D330N/D153G increased 40-fold (kcat�
3200 sÿ1) relative to that of the wild-type enzyme (kcat� 80 sÿ1).
Due to the simultaneous increase in Km , the resulting kcat/Km value
was only increased by a factor of two. Therefore, a single mutation
occurring outside a catalytic pocket can dramatically control not
only the activity of an enzyme, but also its thermostability.
Preliminary crystallographic data of a covalent D330N/D153G
enzyme ± phosphate complex show that the phosphate group has
significantly moved away from the catalytic pocket, relative to its
position in the structure of another mutant previously reported.


KEYWORDS:


alkaline phosphatases ´ enzymes ´ hydrolases ´ mutagenesis ´
protein structures


Introduction


Providing enzymes with higher catalytic efficiencies often
remains a challenge. This is no surprise in view of the complexity
of a catalytic reaction which involves several elements (a specific
binding pocket, an appropriately coupled catalytic machinery,
etc.) that need to be adequately adjusted for an efficient
transition-state stabilization to occur.[1] To improve the catalytic
efficiency of an enzyme, one or more of these elements need to
be modified in an appropriate, and most probably delicate
manner. Additional difficulties are presented by the fact that the
introduced mutations must not interfere with the folding and
secretion processes. Despite these potential drawbacks we have
searched for a strategy that would allow us to concomitantly
improve the catalytic efficiency of an enzyme and provide it with
the desired thermostability. The enzyme that was used in this
study is the alkaline phosphatase (AP) from Escherichia coli.


E. coli AP is a well-known dimeric metalloenzyme which
catalyzes the hydrolysis of a variety of phosphomonoesters.[2]


Each monomer contains 449 amino acids and two zinc ions
located at the metal-binding sites M1 and M2 and one
magnesium ion located at site M3. Elucidation of its three-


dimensional structure by X-ray crystallography[3] and other
mechanistic studies[4±6] suggested a four-step catalytic mecha-
nism (Scheme 1). In short, nucleophilic catalysis associated with
phosphorylation of the hydroxy group of Ser 102 is followed by
hydrolysis of the serine phosphate ester and dissociation of
inorganic phosphate. Above pH 8.0 the rate-limiting step is the
release of phosphate from the noncovalent complex of enzyme
bound to inorganic phosphate,[2, 7] whereas below pH 6.0
hydrolysis of the phosphoenzyme is rate-limiting. In the
presence of a high concentration of a phosphate acceptor, such
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Scheme 1. Schematic representation of the reaction mechanism of alkaline
phosphatase.


as Tris or ethanolamine, the enzyme also transfers the phosphate
from the substrate to the alcohol with a higher efficiency at
pH 8.0.[2]


Mammalian APs share a number of physicochemical features
with the bacterial enzymes, including 25 ± 30 % amino acid
sequence identity and an active site that may be similarly
organized.[8, 9] Though much more active, the mammalian
enzymes harbor an esterase activity characterized by a kcat value
of about 2000 sÿ1,[10] and once combined with the transferase
activity,[2] a kcat value of 3000 ± 4000 sÿ1;[11] they are much less
thermostable than bacterial enzymes, the respective Tm values
being about 65 8C and 95 8C.[8, 12]


The bacterial enzyme has the potential of becoming an
industrial tool for applications in diagnostics. However, its
turnover rate is too low (kcat� 65 ± 80 sÿ1) and needs to be
increased to a level comparable to that of mammalian enzymes.
A number of mutations introduced within the catalytic site
provided an E. coli enzyme with optimal kcat values of 400 ±
500 sÿ1[8] and at most of 1070 sÿ1 when Asp 101 was mutated
to a serine residue.[13, 14] Moreover, the mutations occurring at
position 153 were shown to provide the bacterial enzyme with
some of the properties of the mammalian enzyme, such as the
activity-versus-pH profile.[7, 8, 15, 16] The beneficial mutations al-
ways caused a substantial decrease in thermostability. Overall,


these studies could have suggested that an increase in catalytic
efficacy, even a small one, might correlate with a decrease in
stability. In this work, however, we show that the bacterial
enzyme can reach the catalytic (esterase plus transferase)
efficiency of the mammalian enzyme while also largely retaining
its original high stability.


Our strategy was based on several considerations. First, it was
previously shown that the activity of an enzyme can be
abolished by mutating a residue critical for the catalytic process
and then partially restored by subsequent compensating
mutations.[17] Second, it is becoming clear that residues other
than those that are essential in a catalytic reaction, including
some that may be outside the catalytic site, may act distantly on
the catalytic activity. We decided, therefore, to search for
residues not essential for the catalytic reaction of the enzyme
whose mutations would inactivate it. Our goal being to
reactivate the enzyme by a random mutational analysis, it was
important that these mutations should not destroy the overall
conformation of the enzyme. Since the mammalian and bacterial
enzymes adopt the same overall conformation,[3] we decided to
transfer progressively four mutations from the mammalian
enzyme to the bacterial one. Thus, we not only successfully
inactivated the bacterial enzyme but we also fully restored its
activity by a random mutational experiment. Strikingly, a single
mutation (D330N), located 12 � from the center of the catalytic
pocket, sufficed to reactivate the enzyme entirely. Third, we
combined this mutation with those previously known to slightly
increase the catalytic activity of the enzyme.[8, 15, 16, 18] Thus, we
found that the double mutant D153G/D330N has a combined
phosphatase and transferase activity characterized by a kcat value
of 3200 sÿ1, a value that is highly similar to those of mammalian
enzymes, but also a high thermostability, comparable to that of
the bacterial enzyme. Finally, a preliminary crystallographic study
of the mutant shed light on how the mutation D330N may
contribute to the increase in the enzyme's catalytic efficacy.


Results and Discussion


Preparation of an inactive AP mutant


At first, our attention was drawn by the previous observation
that in the absence of magnesium, introduction of the
mammalian mutation K328H slightly decreases the activity of
the bacterial enzyme.[8, 19] The crystal structure of the bacterial
enzyme revealed that Lys 328 is located in the small helix 325 ±
331, with Asp 327 and His 331 that are both conserved in
mammalian and bacterial APs and essential for stabilizing the
critical Zn ion at site M1.[3] However, the sequences which, on the
small helical stretch, are framed by these two critical residues are
different in the bacterial and mammalian enzymes, being Lys-
Gln-Asp and His-Gly-His, respectively. We therefore decided to
provide the whole helical region 327 ± 331 of the bacterial
enzyme with the corresponding mammalian sequence. In
addition, it was reported that, still in the absence of magnesium,
the mutation D153H also causes a slight activity decrease.[8]


Therefore, the bacterial enzyme concomitantly received the four
mutations K328H/Q329G/D330H and D153 H.
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The different forms of the enzyme were expressed from three
vectors. Thus, the plasmids pJC2431[20] and pLIP4.0.B, respec-
tively, encode the wild-type bacterial (AP) and a wild-type-like
form (APl) which allows insertion of foreign proteins between its
codons �6 and �7 (Figure 1).[21] In the present work we used


Figure 1. Nucleotide and deduced amino acid sequences of the in-frame
insertion between codons �6 and �7 of the alkaline phosphatase gene. The
included restriction sites are also shown.


this form rather than the real wild-type enzyme. A third vector
encodes APl that received the mutations D153H/K328H/Q329G/
D330H; we named this protein APbm1. After chromatofocusing
of the periplasmic extracts from bacteria transformed with each
vector, SDS-PAGE analysis revealed that the three resulting
proteins were all 95 % pure (data not shown). As expected, the
apparent molecular weight of the AP was close to 43 kDa, its
electrophoretic mobility being higher than those of APl and
APbm1 which both possess nine amino acids previously added
to the N-terminal region of the enzyme.[21] The production level
of the three proteins was similar, indicating that the expression
of the different genes as well as the exportation process were
not significantly altered by the four mutations. The fact that the
recombinant proteins were not degraded by the proteolytic
system of the bacteria suggests that they are correctly folded.[22]


The apparent molecular mass of the enzymes as determined
under nondenaturing conditions by size exclusion chromatog-
raphy was 84 ± 87 kDa for both AP and APl, which is in
agreement with the expected mass of a dimer of alkaline
phosphatase (86 kDa), as determined by sedimentation equili-
brium analysis.[23] APbm1 had a molecular mass of 90 ± 95 kDa
(data not shown). This result is not incompatible with the view
that this protein is a dimer of alkaline phosphatase; however,
since APbm1 is uniquely characterized by approximately an
additional 10 kDa in molecular mass, we assumed that one or
more of the mutations D153H/K328H/Q329G/D330H might have
altered the hydrodynamic properties of the enzyme. Presumably
APbm1 had undergone some structural modification.


The kinetic constants (kcat and Km) of purified AP, APl, and
APbm1 were determined by using p-nitrophenyl phosphate
(pNPP) as substrate. The experiments were performed in the
presence of magnesium with 1 M Tris-HCl which acts as
phosphate acceptor and hence enhances the rate of release of
p-nitrophenolate.[2] The pH was 8.0 which corresponds to the
optimal pH for the transferase activity of the wild-type enzyme.[2]


The results of these experiments are shown in Table 1. AP and APl
displayed similar kinetic characteristics that agreed with those
previously reported for the wild-type enzyme.[7, 8] The kcat values
of AP and APl were 65 and 78 sÿ1, respectively, whereas the Km


values were 23 and 30 mM. These results indicate that the
presence of nine additional residues in the N-terminal part of the
enzyme had no detectable effect on its catalytic characteristics,
in agreement with our previous report.[24] In contrast, APbm1
had no detectable catalytic activity (Table 1). Clearly, the slight
decrease in activity caused by the two mutations D153H/
K328H[8] in the absence of magnesium has been dramatically
enhanced by either or both of the two additional mutations
Q329G and D330 H, although these residues do not belong per
se to the catalytic pocket.


Restoring catalytic activity


By using the polymerase chain reaction (PCR) we imposed an
error-prone mutagenesis[25] through almost the whole coding
region of the phoA gene coding for the inactive APbm1 protein.
Search for a revertant was based on the expression of catalytic
activity, which yielded colored colonies when an appropriate
phosphatase substrate was added (see Experimental Section).
Approximately 50 000 clones were obtained, and two of them
reacted positively to substrate addition. Both were sequenced,
revealing the presence in their phoA gene of a single mutation at
codon 330. In both cases, the original His 330 mutation was
reverted to an asparagine. In both AP and APl, this position is
occupied by an aspartic acid residue; however, introduction of
this residue into APbm1 does not restore its activity (data not
shown). As the mutant D153H/K328H/Q329G has no catalytic
activity, the mutation Q329G and not necessarily D330H may be
responsible for the lack of activity of APbm1. Therefore, the
mutation H330N is a real intragenic suppressor mutation.[17] We
named APbm2 the phenotypic revertant containing the four
mutations D153H/K328H/Q329G/H330N. At pH 8.0 in the pres-
ence of magnesium and in 1 M Tris-HCl buffer, APbm2 had a
catalytic constant (kcat�82 sÿ1) similar to that of APl (kcat� 78 sÿ1)
with a slightly higher Km value (49 instead of 30 mM; Table 1)


Effect of an asparagine at position 330 on catalytic activity


We studied the catalytic parameters of the enzymes at pH 10.0,
in the presence of magnesium and in 3-(cyclohexylamino)-1-
propanesulfonic acid (CAPS) buffer, which are the optimal
esterase conditions for both mammalian enzymes and D153H-
modified bacterial enzymes. At first, we redetermined the


Table 1. Kinetic parameters of the wild-type (AP and APl), inactive (APbm1),
and revertant (APbm2) enzymes in 1.0 M Tris at pH 8.0.[a]


Enzyme kcat


[sÿ1][b]


Km


[mM]
kcat/Km (�10ÿ6)
[Mÿ1 sÿ1]


AP (pJC2431) 65�1 23� 1 2.8
APl (pLIP4.0.B) 78�4 30� 5 2.6
APbm1 (D153H/K328H/Q329G/D330H) <0.7 n.d. n.d.
APbm2 (D153H/K328H/Q329G/D330N) 82�2 49� 6 1.7


[a] Assays were performed at 25 8C in 1 M Tris-HCl (pH 8.0) with p-nitrophenyl
phosphate as substrate. [b] The kcat values are calculated from the Vmax


values by assuming a dimer molecular mass of 96 000 Da. ± n.d.�not
determined.
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catalytic constants and the Km values of the two single mutants
D153H and K328H and found them to be highly similar to those
previously determined by other authors.[7, 8] Under the same
conditions, the catalytic parameters of APbm2 are, respectively,
about threefold (kcat�227 sÿ1) and sixfold (Km� 562 mM) higher
than the corresponding values of the wild-type-like APl.


We then studied, under similar conditions, the effect of the
mutation D330N, alone or associated with other mammalian
mutations (D153H and K328 H) previously shown to increase the
efficacy of the enzyme.[8] Clearly, all the tested mutants possess-
ing the mutation D330N have a higher kcat value than APl
(Table 2). Thus, the kcat values of both the single mutant D330N


and the double mutant K328H/D330N are about two- to
threefold higher. The mutant with the triple mutation D153H/
K328H/D330N displays a nearly eightfold higher kcat , an increase
that is slightly greater than the highest rate enhancement
(approximately sixfold) previously observed with the double
mutant D153H/K328 H.[8] However, the most interesting result
was obtained with the mutant having the two mutations D153H/
D330N whose kcat value was approximately 17-fold higher than
that of the wild-type-like mutant. Interestingly, the Km value of
this mutant was 350 mM, which is close to the Km values of
mammalian enzymes. To our knowledge, this is the first time that
a mutant of bacterial alkaline phosphatase has such a high kcat


value. Clearly, the presence of an asparagine residue at
position 330 has dramatically enhanced the slight activity
increase observed upon the single mutation D153H.


Position 153 of the bacterial enzyme has been previously
explored by various groups who introduced three other
mutations, D153G,[18] D153A, and D153N.[15] Like D153 H, the
mutations D153G and D153A caused an increase in esterase
activity, the mutation D153A being apparently the most efficient
mutation. Since the presence of an asparagine residue at
position 330 improved the positive effect of the mutation
D153H, it was of interest to examine the effect of the asparagine
on the three other mutations. D153G alone had previously been
shown to provide AP with a five- to sixfold higher kcat value.[18]


When D153G was combined with D330N, the enzyme displayed
a kcat of 1400 sÿ1� 60 and a Km of 566�20 mM (Table 2), which are
virtually identical to the values observed with the double mutant
D153H/D330N. Surprisingly, the double mutant D153A/D330N
was less potent than the single mutant D153A.


Thermostability of the two mutants D153H/D330N and
D153G/D330N


We tested the thermostability of the two double mutants
displaying the highest activity, D153H/D330N and D153G/
D330N. It was previously reported that a mutant of bacterial
AP carrying the mutation D153H is less thermostable than the
wild-type enzyme.[8] We found that the additional presence of
the mutation D330N did not improve this situation. In fact, the
Tm of the double mutant D153H/D330N was close to 70 8C
(Figure 2), which is only 5 8C higher than that of the phosphatase


Figure 2. Heat stability of APl, the wild-type-like E. coli enzyme (&), and of its
mutants D330N (!), D153H/D330N (~), and D153G/D330N (^). The heat stability
of calf intestinal alkaline phosphatase is also shown (*).


from calf intestine, but almost 25 8C lower than that of the E. coli
enzyme. Moreover, its activity disappeared after a few days of
storage at 4 8C. This low thermostability was solely due to the
mutation D153H and not to the mutation D330N, since the sole
presence of D330N had virtually no effect on the stability of the
bacterial enzyme (Figure 2). In sharp contrast to that, the double
mutant D153G/D330N was almost as stable as the original
bacterial enzyme, with a Tm of 87 8C, as compared to the Tm of
95 8C for bacterial enzymes (Figure 2). Moreover, the double
mutant D153G/D330N remained fully stable for at least one year
in a storage buffer containing antibiotics and protease inhibitors.
This result is all the more striking as the AP mutant with the
single mutation D153G was previously reported to be poorly
stable.[18] Therefore, the presence of the mutation D330N largely
contributed to the stability of the double mutant D153G/D330N.


The double mutant D153G/D330N is as active as mammalian
APs


Intestinal mammalian APs are more active than the Escherichia
coli enzyme,[5] the respective kcat values being around 3000 ±


Table 2. Kinetic parameters of the wild-type and mutant enzymes in 0.1 M CAPS
at pH 10.0.[a]


Enzyme[b] kcat [sÿ1][c] Km [mM] kcat/Km (�10ÿ6)
[Mÿ1 sÿ1]


APl (pLIP4.0.B) 80�3 90� 8 0.9
APbm2 (D153H/K328H/Q329G/H330N) 227�4 562� 45 0.4
D153H 240�12 320� 30 0.8
K328H 214�11 105� 11 2.0
D330N 201�10 47� 4 4.3
K328H/D330N 254�20 112� 9 2.3
D153H/D330N 1389�110 350� 30 4.0
D153G/D330N 1400�60 566� 20 2.5
D153H/K328H/D330N 650�43 170� 16 3.8


[a] Assays were performed at 25 8C in 0.1 M CAPS (pH 10.0), 10 mM Mg2� (ionic
strength adjusted to 0.5 M with NaCl), with p-nitrophenyl phosphate as
substrate. [b] The enzymes were preincubated for 2 h at 25 8C in 0.1 M CAPS
buffer (pH 10.0), 10 mM Mg2�, before the assays were carried out. [c] The kcat


values are calculated from the Vmax values by assuming a dimer molecular mass
of 96 000 Da.
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4000 sÿ1 and 65 ± 80 sÿ1 under the respective optimal conditions.
These values are reached at pH 10.0 and pH 8.0 for mammalian
and bacterial enzymes, respectively, with a concomitant expres-
sion of esterase and transferase activities for both types of
enzymes.[26] The transferase activity occurs only if the buffer
contains a high concentration of a phosphate acceptor like
diethanolamine (DEA) or Tris.[2] Therefore, to obtain a better
estimate of the activity of the double mutant D153G/D330N and
to compare it with those of mammalian enzymes,[26] we tested it
in the presence of 1 M DEA at 37 8C. As shown in Figure 3, the


Figure 3. Effect of the pH on the activity of APl (&) and the mutant D153G/D330N
(^). The esterase activity (dotted lines) was measured at 25 8C in the following
buffers : 50 mM Tris-HCl, pH 7.0 ± 9.0 ; and 0.1 M CAPS, pH 9.5 ± 10.5, both in the
presence of 10 mM MgCl2 , 0.5 M NaCl, and 5 mM p-nitrophenyl phosphate. The sum
of the hydrolytic and transferase activities (continuous lines) was measured at
25 8C in the following buffers : 1 M Tris-HCl, pH 7.0 ± 9.0 ; and 1 M DEA, pH 9.5 ± 10.5,
both in the presence of 10 mM MgCl2 and 5 mM p-nitrophenyl phosphate.
Phosphatase activity was measured by monitoring the release of p-nitropheno-
late at 410 nm after 10 min.


activity of the mutant is pH-dependent with an optimal
activity around pH 10, which is the same as for the mammalian
enzymes. Under these conditions, the double mutant D153G/
D330N displayed virtually the same kcat and Km values as
those of bovine intestinal phosphatase (Table 3). Thus, the
activity of the double mutant (kcat� 3200 sÿ1) was 40- to
50-fold higher than that of the wild-type bacterial enzyme
(kcat�65 ± 80 sÿ1).


Preliminary structural data on the double mutant


In order to understand the molecular basis associated with the
enhancement of the catalytic activity observed with the double
mutant D153G/D330N, we crystallized it under conditions similar
to those previously described.[3] These conditions included
soaking the crystal in a solution containing 100 mM phosphate
(NaH2PO4) and 10 mM magnesium (MgCl2). After refinement of
the model to 3.1 � resolution with the XPLOR program,[27] the
working R factor was 16.6 % and Rfree was 24.2 %. As expected,
the structure of the double mutant and that of the wild-type
enzyme are highly similar with an rms deviation of 0.4 � for the
852 target Ca atoms used for the comparison. To illustrate
further that the substitution D330N caused no structural
deviation, we noted that the side chain of Asn 330 was fully
superimposable on that of Asp 330.


Previous studies have shown that the wild-type enzyme
crystallizes with a phosphate group held in the active site by
noncovalent interactions.[3] Close inspection of the active site of
the double mutant revealed the presence of a phosphate group,
but the distance between phosphate and the hydroxy group of
Ser 102 is in agreement with a covalent bond (Figure 4 a). This
result is particularly surprising because the only other model
containing a phosphoseryl intermediate was obtained through


Figure 4. Schematic representation of interactions in phosphoserine intermedi-
ates. a) Mutant D153G/D330N ; b) mutant H331Q (Protein Data Bank entry code
1HJK).


Table 3. Biochemical comparison of different alkaline phosphatases.[a]


Enzyme kcat [sÿ1] Km [mM] kcat/Km (�10ÿ6) [Mÿ1 sÿ1]


E. coli wild-type 65� 1 23� 1 2.80
E. coli D153G/D330N 3202� 75 567� 7 5.65
bovine intestinal[b] 3435� 84 660� 23 5.20


[a] Assays were performed under optimal conditions defined for each
enzyme: 1 M Tris (pH 8.0) and 25 8C for the wild-type bacterial enzyme; 1 M


diethanolamine (pH 10.0) and 37 8C for the bacterial double mutant. [b] The
catalytic parameters for bovine alkaline phosphatase are taken from
ref. [11].
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the inhibition of the phosphoseryl hydrolysis step. This was
performed either by substituting the zinc ion in binding site M1
by a cadmium ion[3] or by the mutation H331Q, which affected
the stability of zinc binding at M1.[28] The authors considered
mutation H331Q to mimic the phosphoseryl intermediate of the
wild-type enzyme, and we compared it to the phosphoseryl
intermediate of mutant D153G/D330N (Figures 4 b and 4 a,
respectively). First, one should notice that the mutations are
too distant to interfere directly with the zinc ion at M1. Second,
the phosphate group in D153G/D330N is shifted by 1.6 � relative
to that in H331Q, toward the entrance of the active-site pocket.
This shift affects the distance between the zinc ion at M2 and the
phosphate group, which becomes too long for a direct
interaction. Third, the distance between the phosphate group
and the zinc ion at M1 is not affected, suggesting that the latter
can still act as an activator in the phosphoseryl hydrolysis step.


The observation of the phosphoseryl intermediate implies
that the covalent enzyme ± phosphate complex is more stable
than the noncovalent one. This may be due either to a slowing
down of the phosphoseryl hydrolysis step or to a speeding up of
the phosphate release from the noncovalent complex. The
catalytic data presented above are consistent with an acceler-
ation process. It is therefore tempting to assume that the
phosphate release has been accelerated and that the limiting
step may now be the phosphoseryl hydrolysis. However, the
catalytic rate constants of the different steps of the reaction
must now be investigated.


Conclusions


Previous reports have shown that improvement of the catalytic
activity of bacterial alkaline phosphatase is possible.[8, 13] In these
studies, however, the highest activities[13] remained substantially
below those of the mammalian enzymes.[14] Moreover, improved
catalytic activities were accompanied by substantial decreases in
thermostability.[8, 18] We have shown here that introduction of
only two mutations sufficed not only to provide a bacterial
enzyme with the high catalytic activity of mammalian enzymes,
but also to almost maintain its high original thermostability. This
result is clearly associated with the mutation D330N outside the
catalytic pocket, 12 � away from the substrate-binding site.


The major question which now remains to be solved is how
the mutation D330N causes the observed beneficial effects.
Preliminary crystallographic data suggest that the mutation
D330N may be uniquely responsible for the acceleration of the
release of the product in the medium. It remains to be elucidated
how this phenomenon occurs.


Experimental Section


Bacterial strains and plasmids: E. coli K12 strains MV1190 and M13
phages M13mp18 and M13mp19 were from Biorad. The DphoA
E. coli K12 strain CC118[29] was used for plasmid transformation
according to the procedure previously described[30] and for plasmid
electroporation according to the procedure described by Biorad. The
pLIP4.0.B plasmid was a derivative of pLIP4.0 described by Gillet


et al. ,[21] in which a BamH I restriction site was introduced down-
stream from the phoA promoter in order to create an exchangeable
promoter cassette. The vector, containing the in-frame phoA gene,
included several restriction sites between codons �6 and �7 of the
mature PhoA protein corresponding to an insertion of nine amino
acids (Figure 1). These sites were used to insert foreign genes,
resulting in the production of recombinant immunoenzymatic
conjugates.[21, 31, 32]


Mutagenesis procedures: The method described by Kunkel[33] was
used to introduce simultaneously a nucleotide sequence encoding
the mammalian enzyme residues histidine, glycine, and histidine at
positions 328, 329, and 330 of the bacterial alkaline phosphatase,
respectively. Independently, the previously described D153H muta-
tion[8] was similarly constructed and recombined with the modified
triplet to generate a chimera containing four mammalian-type
residues. Oligonucleotides for site-directed mutagenesis were ob-
tained from Bioprobe Systems. Site-directed mutagenesis was
carried out on a SacI/SphI fragment of the structural gene encoding
E. coli alkaline phosphatase (phoA). The presence of the expected
mutations was checked by DNA sequencing.[34] Random mutagen-
esis was performed as previously described[25] on a SacI/SphI
fragment of the fourfold mutated vector pLIP4.0.B/D153H-K328H-
Q329G-D330H. For amplification, the 5' primer (GACTTCAGTCGAC-
GAGCTCCCGGG) and the 3' primer (AACAACATTGGCGG-
CATGCGGGCC) were used. The Taq polymerase (Gibco BRL) used
for the reaction committed approximately 1 error every 30 000
incorporated nucleotides. The PCR product (1250 bp) was then
subcloned into the plasmid pLIP4.0.B/D153H-K328H-Q329G-D330H
between the SacI and SphI restriction sites, and the clones expressing
an active alkaline phosphatase were selected on plates containing
Xp substrate as previously described.[35] 50 000 white clones and two
blue clones were obtained. DNA sequencing of the selected phoA
genes revealed the presence of the same nucleotide mutation in the
two clones.


Purification of AP proteins: Transformed cells were grown over-
night at 37 8C in LB medium supplemented with 200 mg mLÿ1


ampicillin and then seeded to a 1/50 dilution in 200 mL of low-
phosphate medium.[35] After 5 h incubation at 37 8C, periplasmic
proteins were extracted from the bacterial culture by cold osmotic
shock as previously described.[36] The resulting periplasmic extracts
were concentrated from 20 mL to 1 mL and dialyzed against 0.02 M


Tris-HCl buffer (pH 8.0) containing 1 mM MgCl2, at 4 8C by using a
Centricon-30 microconcentrator (Amicon). Chromatofocusing of AP
proteins was performed on a fast protein liquid chromatography
system using a Mono P HR 5/5 column and Polybuffer 74 and 96 as
described.[14] The active fractions were submitted to SDS-PAGE. The
fractions migrating with an apparent molecular mass of 48 kDa were
pooled and concentrated to 100 mL. The polybuffers were removed
by chromatography on Sephadex G-75, equilibrated in 20 mM Tris-
HCl buffer (pH 8.0) containing 1 mM MgCl2 . SDS-PAGE revealed a
single major band which represented more than 95 % of the total
stained protein. The enzymes were stored at ÿ20 8C in 20 mM Tris-
HCl (pH 8.0) containing 10 mM MgCl2 , 0.02 % (w/v) NaN3 , 50 %
glycerol. The concentrations of the purified wild-type and mutant
enzymes were determined by absorbance measurements at 278 nm
with an extinction coefficient of 0.71 cm2 mgÿ1.[37]


Determination of enzyme activity: Measurements were performed
at 25 8C when Tris or CAPS buffers were used and at 37 8C when DEA
buffer was used. The enzymatic activity was measured spectropho-
tometrically by using p-nitrophenyl phosphate (pNPP) as substrate,
by monitoring the release of p-nitrophenolate (pNP) at 410 nm
(molar extinction coefficient 1.62� 104 Mÿ1 cmÿ1). The buffers used
were either 1 M Tris-HCl (pH 8.0), 0.1 M CAPS (pH 10.0, 0.4 M NaCl,
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10 mM MgCl2), or 1 M DEA (pH 10.0, 1 mM MgCl2 , 20 mM ZnCl2). The kcat


values were computed from the Vmax values by assuming a dimer
molecular mass of 96 000 Da. Heat stabilities of the wild-type and
modified enzymes were determined according to the procedure
described by Janeway et al.[8]


Determination of the X-ray crystal structure: The D153G/D330N
enzyme was crystallized by vapor diffusion using the sitting-drop
method. The crystallization conditions previously reported[3, 38] had
to be adjusted. The optimal conditions were 1.1 M (NH4)2SO4 , 10 mM


MgCl2 , 20 mM ZnSO4 , 100 mM Tris-HCl (pH 8.0), with a protein
concentration of 30 ± 40 mg mLÿ1. The crystals were soaked sequen-
tially in a solution containing 2.2 M (NH4)2SO4, 0.05 M Tris-HCl at
pH 8.0, 10 mM MgCl2 for two weeks, then in a solution containing
2.4 M (NH4)2SO4, 0.05 M Tris-HCl (pH 8.0), 10 mM MgCl2, 100 mM


NaH2PO4 for five weeks. The data were collected to 3.1 � resolution
on a 300-mm diameter MAR research imaging plate system mounted
on a Rigaku H2R rotating anode, and processed with the HKL
package.[39] The structure was refined with XPLOR version 3.1[27] to an
Rwork of 16.6 % and an Rfree of 24.2 %. The final model includes 888
residues including 2 phosphoserines, 6 metal ions, and 146 water
molecules. The coordinates have been deposited in the Protein Data
Bank under entry code 1i23.
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Metal Ion Effects on the cis/trans Isomerization
Equilibrium of Proline in Short-Chain Peptides:
A Solution NMR Study
Elena Gaggelli, Nicola D'Amelio, Nicola Gaggelli, and Gianni Valensin*[a]


The effect of copper(II) ions on the probabilities of existence of the
four detectable conformers of the tetrapeptide Tyr-Pro-Phe-Pro (b-
casomorphin 4) in [2H6]DMSO was investigated by 1H NMR spec-
troscopy. Integration of the Phe-NH signals provided the relative
populations in the free state as tt/tc/ct/cc� 28:34 :29:9 at 293 K
(c� cis, t� trans). Copper(II) was shown to bind to all four isomers,
yielding complexes with two different structures, depending on the
conformation of Pro2. The interpretation of paramagnetic relaxa-
tion rates of Pro2-Ha signals provided the corresponding isomeric


probabilities in the metal-bound state as 13:36:20 :31. The observed
stabilization of the conformation with the lowest probability of
existence (cc) may be relevant for the biological role of copper and
other metal ions.


KEYWORDS:


bioinorganic chemistry ´ copper ´ NMR spectroscopy ´
peptides ´ proline


Introduction


The effect of metal ions on peptide structure may profoundly
influence the biological activities of the latter. Several earlier
studies have shown that proline is a critical residue for secondary
structure even in oligopeptides and also that it influences the
interaction of the peptides with metal ions.


The main well-known feature of proline is that both cis and
trans conformations are relatively stable at temperatures above
0 8C,[1] the energy barrier being large enough (>20 kcal molÿ1)[2]


to yield relatively slow interchange rates. The cis/trans isomer-
ization of proline-containing sequences has been shown to be
relevant for (i) design of recognition sites,[3] (ii) protein folding,[4]


(iii) formation and operation of channels by integral membrane
proteins,[5, 6] and also (iv) mitosis regulation.[7]


The occurrence of cis or trans isomers is of course also relevant
for natural or synthetic peptides having biological activity. The
relatively high energy barrier and slow kinetics in fact impede
binding of the ªwrongº isomer to the receptor. Proteolytic
enzymes, for example, selectively cleave the trans isomer.[8]


In order to ascertain whether metal ions may affect the cis>
trans equilibrium, here we report NMR spectroscopic investiga-
tions of copper(II) ions interacting with Tyr-Pro-Phe-Pro (b-
casomorphin 4, BCM4) that belongs to the family of exogenous
opioid peptides isolated from enzymatic digests of the bovine
milk protein b-casein.[9] This system has been chosen for the
following reasons:
1. Several peptides having Tyr-Pro at the N terminus are highly


active, particularly as releasing factors, neurotransmitters, or
opiates in the central nervous system.


2. Copper is an essential element, found in relatively high
concentrations in the brain, that, in its labile form, is generally
complexed by amino acids or peptides.


3. Metal ions affect aminopeptidase-P, an exopetidase identified
in pig kidney, capable of releasing the N-terminal amino acid
from peptides with a penultimate proline residue.[10]


Copper complexes of small peptides containing proline have
already been the object of several spectroscopic and potentio-
metric investigations,[11±20] but, to our knowledge, without
focusing on the effect of the metal on the cis/trans isomerization,
most likely due to difficulties in detecting the effects on any
single isomer. Here we show that high-field NMR spectroscopy
allows to simultaneously investigate metal complex formation
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for any of the four stable isomers of a peptide with two
rotationally hindered peptide bonds.


Results and Discussion


The NMR chemical shifts of BCM4 (10 mM in [D6]DMSO) are
summarized in Table 1. As expected and clearly shown in
Figure 1, slow exchange allows to observe separate signals for
each of the four isomers labeled tt, tc, ct, and cc (c� cis, t� trans).
The completed assignments were based on the following:
1. Tyr and Phe residues were differentiated in ROESY spectra in


which aromatic protons are connected to Hbb';
2. Pro-Hbb' and Pro-Hgg' were assigned in COSY spectra;
3. trans or cis conformers were distinguished by the sequential


NOE between Pro-Hd or Pro-Ha with Ha of the preceding
residue;


4. ROESY exchange cross peaks were connecting signals
differing for the trans or cis conformation of the following
proline;


5. all sets of signals could be subdivided into two groups by the
trans or cis state of the following proline.


The probabilities of existence were determined by integrating
the separated signals of Phe-NH groups (Figure 1), yielding tt/tc/
ct/cc� 28:34:29:9 (at 293 K in [D6]DMSO), in fairly good agree-
ment with previous reports.[8, 24]


Upon addition of CuII (up to 1.3 mM), several signals were
affected with consequent selective line broadening (also shown
in Figure 1) and enhancement of longitudinal and transverse
nuclear relaxation rates. The observed longitudinal paramag-
netic relaxation rates for each isomer are summarized in Table 2
as R1p values (R1p�1/T1obsÿ 1/T1free). Transverse paramagnetic
relaxation rates are not included because, in most cases, they
were too fast to be measured
with accuracy. However, it was
ascertained that R2p was much
faster than R1p in all measurable
cases (for example, R2p/R1p was
measured as 12.2 for tt-3Phe-Ha


and as 9.8 for ct-Pro2-Ha). The
temperature dependence of R1p


is shown in Figure 2 for selected
signals. Exchange averaging of
relaxation rates in the metal-
bound environment and in the
bulk can be accounted for by
Equation (1),[25]


Rip �
pi


�Ti b ÿ tb�
(i�1, 2) (1)


where Tÿ1
ib is the nuclear relaxa-


tion rate of copper-bound pro-
tons, pi is the fraction of metal-
bound peptide, and tÿ1


b is the
dissociation rate of the metal
complex. In the case of a slow
exchange regime (tb� Tib), R1p�


R2p and R1p increases with temperature. The temperature
dependence and the observed R2p/R1p values therefore demon-
strate that all four peptide ligands rapidly exchange between the
free and metal-bound environments.[25] The Solomon ± Bloem-
bergen ± Morgan (SBM) theory was therefore applied for inter-
pretation of R1p values of the four copper complexes.[26±28] The


Table 1. 1H NMR chemical shifts (d) and probabilities of existence (P*) of
conformational isomers of BCM4 (10 mM in [D6]DMSO at T� 293 K).


Conformation
tt tc ct cc


Tyr1-Ha 4.176 4.260 3.354 3.563
Tyr1-Hb 2.835 2.929 2.581 2.949


2.513 2.812 2.554 2.684
Tyr1-Hortho 7.074 7.124 6.917 6.924
Tyr1-Hmeta 6.700 6.700 6.700 6.700
Tyr1-OH 9.257 9.257 9.257 9.257


Pro2-Ha 4.370 4.571 3.583 3.911
Pro2-Hb 1.951 1.860 1.636 1.460


1.804 1.387
Pro2-Hg 1.746 1.628 1.512 1.173
Pro2-Hd 3.580 3.663 3.445 3.440


3.187 3.217 3.174 3.238


Phe3-NH 7.900 7.350 8.321 7.825
Phe3-Ha 4.703 4.636 4.739 4.596
Phe3-Hb 3.027 2.915 2.966 2.889


2.818 2.841 2.874 2.838
Phe3-Hortho 7.292 7.230 7.282 ±


Pro4-Ha 4.361 3.661 4.381 3.810
Pro4-Hb 2.008 2.008 2.143 1.938
Pro4-Hg 1.894 1.732 1.894 1.807


1.859 1.405 1.859
Pro4-Hd 3.637 3.414 3.637 3.611


3.431 3.270 3.431 3.237


P* 0.28 0.34 0.29 0.09


Figure 1. Low-field regions of the 600-MHz 1H NMR spectra of BCM4 (10 mM in [D6]DMSO) before (lower trace) and after
the addition of 1.3 mM Cu2�(upper trace). The Phe-NH signals assigned to each of the four isomers are indicated by the
arrows.
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value of R2p/R1p�1 thus verified is consistent with a dominant
contribution to the longitudinal paramagnetic relaxation rate
from the electron ± nucleus dipole ± dipole interaction; R1p values
therefore provide structure-sensitive parameters by using the
following simplified equation [Eq. (2)] ;[29±32]


R1p � 0:1 pb


g2
I g2


S�h
2


r6


3 tR


1 � w2
I t2


R


� �
(2)


where pb is the fraction of metal-bound ligand, gI and gS are the
nuclear and electron magnetogyric ratios, respectively, r is the
metal ± hydrogen distance, wI is the nuclear Larmor frequency,
and tR is the motional correlation time of the complex.


Occurrence of four isomers in a solution containing an
exceedingly small concentration of copper is very likely to yield
several 1:1 and 1:2 species in equilibrium. Thus, Equation (3)


must be considered for interpreting the longitudinal para-
magnetic relaxation rates:


R1p � 0:3 g2
I g2


S�h
2
X


k


pk B


r 6
k


3 tk R


1 � w2
I t2


kR


� �
(3)


where rk and tkR are the metal ± nucleus distance and the
rotational correlation time in the k-th species having the
probability of existence pkB .


Some insights into the composition of the mixture were
obtained by measuring the d ± d band energy in UV/Vis experi-
ments. In copper(II)-peptide solutions, binding of amide nitrogen
atoms causes a stepwise blue shift and energy increase of the
d ± d band.[11] The visible spectra recorded for a solution
containing 1 mM CuII in [D6]DMSO in the presence of BCM4 (1
to 400 mM) where all showing a d ± d transition centered at
656 nm with emol�30 ± 40. These findings exclude binding of
more than two nitrogen atoms to copper in any case since emol>


100 would be obtained for d ± d bands centered at 510 ± 580 nm.
Further information was gained by measuring the
proton spin ± lattice relaxation rate of DMSO in a
copper(II) solution upon addition of increasing
concentrations of peptide (Figure 3). The effect of
BCM4 was compared with that of carnosine (b-
alanyl-L-histidine), which is well known to form 1:2
complexes at high ligand/copper ratios.[29, 31] The
fast relaxation rate measured in a 0.2 mM solution
of copper perchlorate is slowed by the addition of
ligand as a consequence of solvent displacement
from the metal coordination sphere. It is apparent
that BCM4 is not as effective as carnosine in
reducing the solvent relaxation rate, such that
solvent molecules are retained in the coordination
shell even at an exceedingly high ligand/metal
ratio of 100:1. It was therefore concluded that 1:1
complexes are the prevailing species in our case;
this is also supported by the observation that bis-
complexes are not formed in measurable concen-
tration in solutions containing a relatively high
concentration of simple tripeptides.[33]


Figure 3. Spin ± lattice relaxation rates (at T� 300 K) of DMSO protons in the
presence of 0.2 mM Cu2� measured at increasing concentrations of either BCM4
(*) or carnosine (&).


Table 2. 1H NMR paramagnetic relaxation rates R1p measured for all con-
formational isomers of BCM4 in [D6]DMSO in the presence of Cu2� and metal ±
proton distances r in the corresponding copper complexes.[a]


R1p [sÿ1] r [nm]
tt tc ct cc tt tc ct cc


Tyr1-Ha 1.012 2.478 3.460 5.024 0.275 0.281 0.241 0.244
Tyr1-Hb 3.009 5.781 1.501 2.049 0.230 0.244 0.277 0.283
Tyr1-Hb' 2.777 3.961 0.250 0.253


Pro2-Ha 2.274 5.372 3.460 4.702 0.241 0.247 0.241 0.246
Pro2-Hd 1.952 5.505 0.247 0.246
Pro2-Hd' 2.488 4.334 0.237 0.256


Phe3-NH 3.638 5.043 0.239 0.243
Phe3-Ha 1.329 4.764 1.379 1.911 0.263 0.252 0.281 0.286
Phe3-Hb 1.004 3.293 4.348 7.243 0.276 0.268 0.232 0.229
Phe3-Hortho 1.133 2.883 0.270 0.274


Pro4-Ha 1.064 2.760 1.377 1.871 0.273 0.276 0.281 0.287
Pro4-Hd 3.116 7.243 2.096 3.518 0.228 0.235 0.262 0.258
Pro4-Hd' 1.121 2.325 0.271 0.284


[a] [BCM4]�10 mM, [Cu2�]�1.3 mM, T� 293 K.


Figure 2. Temperature dependencies of the paramagnetic contributions (R1p) to the longitudinal
relaxation rates of selected protons (*� tt-Pro4-Ha , *� tc-Pro2-Ha , &� ct-Tyr1-Ha , &� cc-Pro2-Ha)
of BCM4 (10 mM in [D6]DMSO) in the presence of 1.3 mM Cu2�.
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The obtained R1p values can be grouped according to the
conformation of Pro2, thus suggesting the structure of the metal
complex to be determined by the cis or trans conformation of
this residue. The main differences between the two groups
involve the high-field Tyr1-Hb' , both Pro2-Hd , Phe3-NH, Phe3-Hortho,
and the high-field Pro4-Hd' signals. Paramagnetic relaxation rates
allow a qualitative delineation of metal-binding groups. The
absence of paramagnetic effects on Phe3-NH in the tt and tc
isomers is a consequence of the binding of the ionized amide
nitrogen atom to copper. In these isomers, as well as in the
others, the metal is also coordinated by the terminal NH2 and the
carboxylate groups. These findings are consistent with earlier
observations for several X-transPro-X' sequences at the N terminus
of short-chain peptides.[12±14, 18] However, it is evident that the
X-cisPro-X' sequence behaves differently since the X' amide group
cannot contribute to binding the metal center.


In order to verify this interpretation, a hydrated copper ion
was linked to the NH2 group in molecular models of either Tyr-


transPro-Phe or Tyr-cisPro-Phe, calculated with the HYPERCHEM
molecular graphics package.[23] The two complexes were then
subjected to 25 ps of restrained molecular dynamics (MD) at
300 K with the MM� force field. Five structures per picosecond
were sampled over the MD run, some of which were super-
imposed as shown in Figure 4. It turned out that only the trans
isomer allows a favorable coordinating location for the amide
nitrogen atom.


Figure 4. Superposition of three low-energy stick models of the copper
complexes of a) Tyr-transPro-Phe and b) Tyr-cisPro-Phe. The copper ion is drawn in
green and the coordination sphere has been completed by water molecules. All
other atoms are in the CPK colors.


When structural information is sought, r values can be only
obtained from R1p values, provided that pb and tR are independ-
ently known. The rotational correlation time was evaluated by
the frequency dependence of paramagnetic relaxation rates. In
fact, measuring R1p at three Larmor frequencies (600, 500, and
200 MHz) unambiguously provided tR� 0.20� 0.01 ns at 293 K.
This value agrees with the one measured for the free peptide in
the same solvent. The ratio between nonselective (nsel) and
selective (sel) relaxation rates of NH and Ha protons was in fact
measured as Rnsel/Rsel� 1.17 at 600 MHz, yielding tR�0.20�
0.02 ns at 293 K.[22]


As for pb , the usual approximation, pb� [Cu2�]total/[ligand]total ,
may be misleading for BCM4 which exists in four isomeric
species. Maintenance of the same fractional populations as in
the free state is not obvious; moreover, the exceedingly small
fraction of copper-bound peptide (ca. 0.01) prevents a direct
calculation of isomeric populations in the NMR spectra. The
following procedure was therefore applied. Substitution of the
correlation time and other constant values yields pxx/r6�2.95�
1044 R1p (pxx is the probability of existence of any metal-bound
isomer). This equation allowed the calculation of the iso-R1p


curves for Pro2-Ha shown in Figure 5. The plots indicate that


Figure 5. Iso-R1p curves calculated for Pro2-Ha of the four isomers of BCM4 in the
presence of copper (&� tt, &� tc, *� ct, *� cc).


populations lower than 10 % (as for cc in the free state) would
provide distances shorter than 0.2 nm that are not consistent
with any molecular model. It follows that isomeric populations
are not equal in the free and metal-bound states. It was,
however, considered that:
a) the distance between copper and Pro2-Ha does not change in


tt± and tc ± metal complexes, hence ptc/ptt�R1p(tc)/R1p(tt)�
2.82;


b) the distance between copper and Pro2-Ha does not change in
ct ± and cc ± metal complexes, hence pcc/pct�R1p(cc)/R1p(ct)�
1.51;
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c) ptt� ptc� pct� pcc� 1, hence pct�0.40 ± 1.52 ptt, which yields
ptt� 0.20;


d) with ptt in the range of 0.10 ± 0.20, the corresponding Cu ± Ha


distance falls in the range of 0.23 ± 0.26 nm; the respective
range for pct is 0.10 ± 0.25, which yields 0.22 ± 0.25 nm for the
Cu ± Ha distance.


It was therefore concluded that the distance Cu ± Pro2-Ha does
not differ much between the two structures. An evaluation of the
probabilities of existence was therefore accomplished: The
obtained values were ptt�0.13�0.02, ptc�0.36�0.05, pct�
0.20�0.03, and pcc�0.31�0.05. With this set of values all
copper ± proton distances were calculated (Table 2) and used as
constraints in the molecular dynamics calculations. As in the
previous case, the four copper complexes were subjected to
25 ps of restrained molecular dynamics at 300 K with the MM�
force field. Five structures per picosecond were sampled over
the MD run. Three of the low-energy structures were super-
imposed (Figure 6). Metal binding of the ionized amide nitrogen
following the ªbreakingº proline is a feature limited to the trans
conformation of the X-Pro bond, whereas the cis conformation
leads to the formation of a macrocyclic complex.


Figure 6. Superposition of three low-energy stick models of the copper
complexes of a) tt or tc and b) ct or cc isomers of BCM4. The copper atom is
drawn in green and the coordination sphere has been completed by water
molecules. All other atoms are in the CPK colors.


It is worth noticing that the distribution of isomeric popula-
tions is changed by copper ions that apparently stabilize the
least favored isomer. This may be relevant to all biological
processes requiring recognition of any specific isomer, which can
be aided or inhibited by the presence of copper or, most
probably, other metal ions in the same environment. The


biological significance of the phenomena we observed is not
diminished by the choice of the solvent, although extension of
the data obtained in DMSO to water is not straightforward. A
cis ± trans equilibrium is also present in water, where solute ±
solvent interactions may succeed in stabilizing definite isomers
and, from this point of view, metal effects observed in DMSO are
very likely to also play a role in an aqueous environment.
Moreover, DMSO is thought to be a good solvent for mimicking
the environment of living cells, in which many critical processes
take place away from the bulk water (see, for example, ref. [34]).


Experimental Section


General: BCM4 was purchased from Bachem and used without
further purification. Water solutions of the peptide had a pH of 6.7;
10 mM solutions were made in 100 % [2H6]DMSO (Merck) and carefully
deoxygenated by a freezing ± sealing ± thawing cycle. A stock
solution of Cu(ClO4)2 (Alpha Inorganics) (0.2 mM in [D6]DMSO) was
used for obtaining the desired copper concentration in the samples
used for NMR spectroscopy. UV/Vis experiments were carried out
with the Hewlett ± Packard HP-8453 spectroscopy system at room
temperature.


NMR spectroscopy: NMR experiments were carried out at 14.1 T
(Bruker Avance 600), 11.7 T (Bruker DRX-500), and 4.7 T (Varian VXR-
200) at controlled temperatures (�0.2 K). A triple-resonance inverse
1H ± 13C broad-band observe (BBO) probe was used at 600 MHz, direct
detection probes were used in the other cases. Chemical shifts were
referenced to tetramethylsilane (TMS) as internal standard. COSY and
NOESY 2D NMR spectra were obtained with standard pulse sequen-
ces. TOCSY experiments were acquired with total spin-locking times
in the range of 50 ± 100 ms by using an MLEV-17 mixing sequence.
ROESY spectra were obtained with mixing times in the range of 50 ±
100 ms and the radiofrequency strength for the spin lock field at
values lower than 3.5 kHz. Spin ± lattice relaxation rates were
measured with inversion recovery pulse sequences and calculated
by exponential regression analysis of the recovery curves of
longitudinal magnetization components. Selective spin ± lattice
relaxation rates were measured with DANTE-z pulse trains,[21] and
calculated in the initial rate approximation by linear regression
analysis of the initial part of the recovery curve of the involved
longitudinal magnetization component.[22]


Molecular dynamics calculations: Molecular structures were gen-
erated by the HYPERCHEM software package,[23] implemented on a
Pentium-120 MHz PC by using the ZINDO-1 semi-empirical method
for charge calculations and the MM� force field for molecular
mechanics and dynamics calculations.
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Re-Face Stereospecificity of Methylene-
tetrahydromethanopterin and Methylenetetra-
hydrofolate Dehydrogenases is Predetermined
by Intrinsic Properties of the Substrate
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Four different dehydrogenases are known that catalyse the
reversible dehydrogenation of N5,N10-methylenetetrahydrometha-
nopterin (methylene-H4MPT) or N5,N10-methylenetetrahydrofolate
(methylene-H4F) to the respective N5,N10-methenyl compounds.
Sequence comparison indicates that the four enzymes are
phylogenetically unrelated. They all catalyse the Re-face-stereo-
specific removal of the pro-R hydrogen atom of the coenzyme's
methylene group. The Re-face stereospecificity is in contrast to the
finding that in solution the pro-S hydrogen atom of methylene-
H4MPT and of methylene-H4F is more reactive to heterolytic
cleavage. For a better understanding we determined the con-
formations of methylene-H4MPT in solution and when enzyme-
bound by using NMR spectroscopy and semiempirical quantum
mechanical calculations. For the conformation free in solution we
find an envelope conformation for the imidazolidine ring, with the
flap at N10. The methylene pro-S CÿH bond is anticlinal and the
methylene pro-R CÿH bond is synclinal to the lone electron pair of
N10. Semiempirical quantum mechanical calculations of heats of


formation of methylene-H4MPT and methylene-H4F indicate that
changing this conformation into an activated one in which the
pro-S CÿH bond is antiperiplanar, resulting in the preformation of
the leaving hydride, would require a DDH�ÿf of �53 kJ molÿ1 for
methylene-H4MPT and of �51 kJ molÿ1 for methylene-H4F. This is
almost twice the energy required to force the imidazolidine
ring in the enzyme-bound conformation of methylene-H4MPT
(�29 kJ molÿ1) or of methylene-H4F (�35 kJ molÿ1) into an acti-
vated conformation in which the pro-R hydrogen atom is
antiperiplanar to the lone electron pair of N10. The much lower
energy for pro-R hydrogen activation thus probably predetermines
the Re-face stereospecificity of the four dehydrogenases. Results are
also presented explaining why the chemical reduction of methenyl-
H4MPT� and methenyl-H4F� with NaBD4 proceeds Si-face-specific,
in contrast to the enzyme-catalysed reaction.


KEYWORDS:


conformation analysis ´ dehydrogenases ´ enzyme catalysis ´
oxidoreductases ´ stereospecificity


Introduction


Tetrahydromethanopterin (H4MPT)[**] and tetrahydrofolate (H4F)
are coenzymes of analogous structure (Figure 1). Both coen-
zymes are involved in the interconversion of C1 units at the


oxidation levels of formate (N5-formyl; N10-formyl; N5,N10-meth-
enyl), formaldehyde (N5,N10-methylene) and methanol (N5-meth-
yl).[1, 2] H4MPT is the C1 carrier in methanogenic archaea and
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sulfate-reducing archaea, whereas H4F serves this function in all
other organisms. In methylotrophic bacteria both H4MPT and H4F
are present.[3, 4] The interconversion of C1 units is catalysed by
specific cyclohydrolases (N-formyl>N5,N10-methenyl), dehydro-
genases (N5,N10-methylene>N5,N10-methenyl � 2 [H]) and re-
ductases (N5,N10-methylene � 2 [H]>N5-methyl). Of these
enzymes, the dehydrogenases catalyse the dehydrogenation of
a prochiral center as shown for methylene-H4MPT in Figure 1.


Four different families of methylenetetrahydromethanopterin
and methylenetetrahydrofolate dehydrogenases are known:[5] 1)
H2-forming methylene-H4MPT dehydrogenases (Hmd) found in
many methanogenic archaea,[6, 7] 2) F420-dependent methylene-
H4MPT dehydrogenases (Mtd) found in methanogenic archaea
and sulfate-reducing archaea,[1] 3) NAD(P)-dependent methyl-
ene-H4MPT dehydrogenases (MtdA and MtdB) found in meth-
ylotrophic bacteria[5, 8] and 4) NAD(P)-dependent methylene-H4F
dehydrogenases (e.g. FolD) found in all other organisms.[2, 9]


These dehydrogenases catalyse the following reactions
[Eqs. (1) ± (4)]


methylene-H4MPT�H� ) *
Hmd


methenyl-H4MPT��H2 (1)
DG0'��5.5 kJ molÿ1


methylene-H4MPT�H�� F420 ) *
Mtd


methenyl-H4MPT�� F420H2 (2)
DG0'�ÿ5.5 kJ molÿ1


methylene-H4MPT�NAD(P)� ) *
MtdA=B


methenyl-H4MPT��NAD(P)H (3)
DG0'�ÿ13 kJ molÿ1


methylene-H4F�NAD(P)� ) *
FolD


methenyl-H4F��NAD(P)H (4)
DG0'��3.5 kJ molÿ1


As deduced from comparisons of the amino acid sequences,
the four enzyme families are phylogenetically unrelated. How-
ever, within each of the four families all enzymes show sequence
similarity even when they belong to organisms that are


Figure 1. Structures of tetrahydromethanopterin (H4MPT), tetrahydrofolate (H4F), N5,N10-methylene-H4MPT and of N5,N10-methenyl-H4MPT�. The reversible
dehydrogenation of the N5,N10-methylene compounds to the N5,N10-methenyl compounds is shown for methenyl-H4MPT (bottom). The numbering scheme for H4MPT was
adopted from van Beelen et al.[61] and that for H4F from Poe and Benkovic.[62] Functionally, the most important difference between H4MPT and H4F is the electron
donating methylene group of H4MPT in position 1 c, which is conjugated to N10 through the aromatic ring, whereas H4F has an electron-withdrawing carbonyl group in
this position. One consequence is that the redox potential of the N5,N10-methenyl-H4MPT�/N5,N10-methylene-H4MPT couple (ÿ390 mV) is almost 100 mV more negative
than that of the N5,N10-methenyl-H4F�/N5,N10-methylene-H4F couple (ÿ300mV).[6]
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phylogenetically very distantly related only. It thus appears that
the four methylenetetrahydromethanopterin dehydrogenase
families have evolved independently.[5] It is, therefore, surprising
that the enzymatic dehydrogenation of methylene-H4MPT and
methylene-H4F always leads to the removal of the pro-R
hydrogen atom of the methylene group, that is, all four types
of deydrogenases are Re-face-specific catalysts.[10±13]


Recently, for the H2-forming methylenetetrahydromethanop-
terin dehydrogenase (Hmd) [Eq. (1)][14, 15] a mechanism of sub-
strate activation was proposed that may be also valid for other
methylenetetrahydromethanopterin and methylenetetrahydro-
folate dehydrogenases. This mechanism is supported by ab initio
molecular orbital calculations[16±18] and assumes that the meth-
ylene CÿH bond of methylene-H4MPT can only be cleaved
heterolytically if it is activated in an antiperiplanar position to
both lone electron pairs of the neighbouring N5 and N10 atoms.
In this position, the conjugation of the neighbouring n orbitals
with the s* orbital of the CÿH fragment is maximal and thus the
CÿH bond is weakened, making it easier for the hydride ion to
leave.[19±21]


In aqueous solution methylene-H4MPT and methylene-H4F are
in a conformation in which the pro-S CÿH bond is more reactive
towards Hÿ formation than the pro-R CÿH bond.[15] This was
inferred from 1JC,H coupling constants and chemical shifts of the
pro-R and pro-S protons and from the finding that the chemical


reduction of methenyl-H4MPT�and of methenyl-H4F� in aqueous
solution with NaBD4 leads to the incorporation of the hydrogen
into the pro-S position of the methylene group.[15] In aqueous
solution the imidazolidine ring of methylene-H4MPT was there-
fore assumed to be in an envelope conformation with C14a above
the ring and the pro-S proton at C14a in antiperiplanar position to
the lone electron pairs of N5 and N10 (Figure 2 A).[15] The pro-R
hydrogen atom at C14a would be in a position synclinal to the
lone electron pairs of the two neighbouring nitrogen atoms and
thus should not be activated.


Figure 2. Previously proposed conformations of the imidazolidine ring of
methylene-H4MPT: A) free in solution and B) bound to H2-forming methylene-
H4MPT dehydrogenase (Hmd). In both cases, the imidazolidine ring is in an
envelope conformation with the flap C14a A) above or B) below the ring.[15] From
the heats of formation (DH�ÿf �, the energy change DEAB associated with a
conformational change between the two conformers was calculated to be larger
than �200 kJ molÿ1 (see Results section).


Since the pro-R CÿH bond rather than the pro-S CÿH bond is
cleaved in the enzyme-catalysed dehydrogenation of methyl-
ene-H4MPT, it was proposed that upon binding to the enzyme
methylene-H4MPT must be forced into a conformation in which
the pro-R hydrogen atom is reactive or easily activated.[14, 15]


Figure 2 B shows the proposed conformation for the enzyme-
bound methylene-H4MPT in the transition state. With C14a below
the ring, the pro-S hydrogen atom is in a synclinal position to the
lone electron pairs, and the pro-R proton is in an antiperiplanar
position to the lone electron pairs of N5 and N10. The pro-R CÿH
bond in conformation B should therefore be maximally reactive.


Whether binding to dehydrogenases induces such a con-
formational change in the coenzyme remains speculative since
currently no structures of methylene-H4MPT or of methylene-H4F
alone or in complex with any dehydrogenase are available. The
structure of methenyl-H4F� has been solved by X-ray crystallog-
raphy.[22] This structure agrees well with NMR spectroscopic
studies on the conformations of the tetrahydropyrazine and
imidazolidine rings of methylene-H4F.[23, 24] However, the exact
conformation of the imidazolidine ring at N10 in methylene-H4F
was not clearly defined and was suggested to be sp3-hybridised
in the structure reported by Poe and Benkovic[23] and to be sp2-
hybridised in that reported by Kalbermatten et al.[24]


Here we use two-dimensional nuclear Overhauser effect
spectroscopy (NOESY) to study the conformation of methyl-
ene-H4MPT in solution and when bound to H2-forming methyl-
ene-H4MPT dehydrogenase (Hmd) from methanogenic archaea.
Because the enzyme-bound and the free forms of methylene-
H4MPT are exchanging rapidly on the NMR time scale, we were
able to utilise the concept of transferred NOE spectroscopy
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(Tr-NOESY)[25±27] to characterise the conformation of methylene-
H4MPT when bound to the enzyme. We show that both
conformations are in an envelope conformation with the flap
N10 below (free in solution) or above (bound to enzyme) the
imidazolidine ring. The conformational change between the free
and the enzyme-bound forms is smaller than proposed pre-
viously (Figure 2).[15] For the transition state of the methylene-
H4MPT oxidation, a conformation with a reactive pro-R CÿH bond
is proposed which, according to semiempirical quantum me-
chanical calculations, is significantly lower in energy than that of
the conformation with a reactive pro-S CÿH bond. In contrast to
the previously proposed reactive conformation, the pro-R CÿH
bond is antiperiplanar to the lone electron pair of only one
nitrogen atom. In addition, we describe results from theoretical
calculations that explain the reversed stereospecificity of the
enzyme-catalysed relative to the uncatalysed chemical reduction
of methenyl-H4MPT� and methenyl-H4F�.


Results


Conformation of methylene-H4MPT in aqueous solution and
when bound to Hmd as determined by NMR spectroscopy


Two-dimensional NOESY was used to study the conformation of
methylene-H4MPT in aqueous solution (Figure 3) and when
bound to H2-forming methylene-H4MPT dehydrogenase (Hmd)
from Methanothermobacter marburgensis (formerly Methanobac-
terium thermoautotrophicum).[28] The spectra of methylene-
H4MPT were acquired under strictly anaerobic conditions at
0 8C and pH 7.8. Under these conditions methylene-H4MPT and
the enzyme Hmd are relatively stable and the equilibrium of the


Figure 3. A) One-dimensional 1H NMR spectrum of 1 mM methylene-H4MPT in
H2O/D2O (9:1) containing 50 mM K2HPO4/KH2PO4 (pH 7.8) at 0 8C. B) Two-dimen-
sional NOESY spectrum of the same sample obtained with a mixing time of 50 ms.
The NMR spectra were acquired at a 1H frequency of 600.13 MHz on a DRX 600
spectrometer (Bruker Instruments, Rheinstetten) and processed as described in the
Experimental Section.


reaction of methylene-H4MPT to methenyl-H4MPT� [Eq. (1)] is far
to the side of methylene-H4MPT.


The signals of all individual protons and of magnetically
equivalent proton pairs of methylene-H4MPT were assigned
according to published spectra.[11] To determine the conforma-
tion at N10, through-space NOE contacts of the proton pair H2b/6b


of the aromatic ring with the protons H6a, H7a, H12a, H11a, Hpro-R,
Hpro-S and H13a (see Figure 1) are most important. Figure 4 shows
the traces through the NOESY spectrum along the signal of the


Figure 4. Traces through a two-dimensional NOESY spectrum of methylene-
H4MPT along the signal of the H2b/6b protons of the aromatic ring (see Figure 3 B).
A) Methylene-H4MPT in the absence and B) methylene-H4MPT in the presence of
H2-forming methylene-H4MPT dehydrogenase (Hmd) both in anaerobic solution
at 0 8C. The concentration of methylene-H4MPT was 1.0 mM and that of Hmd
0.3 mM (ca. 6 mg protein in 0.5 mL). After the acquisition of four NOESY spectra
over a period of 48 h the Hmd activity had decreased by 50 %. In the presence of
enzyme the peak volumes increased by a factor of four. A) ÐÐ, 50 ms mixing
time ; B) ÐÐ, 50 ms mixing time ; ± ± ±, 30 ms mixing time ; - - - -, 15 ms mixing
time.


aromatic H2b/6b protons of methylene-H4MPT in the absence
(Figure 4 A) and in the presence of Hmd (Figure 4 B). Distances
between protons (Table 1) were obtained from NOE build-up
curves (Figures 5 A and B) and used in a restrained simulated
annealing and energy minimisation protocol as described in
detail in the Experimental Section. For the free form as well as for
the enzyme-bound form the rotation of the two methyl groups
and of the aromatic ring had to be taken into account, because
of 40 model structures derived from two starting geometries,
none fully satisfied the NMR distance restraints. Ensembles of
structures were therefore generated by stepwise rotating the
aromatic ring and the methyl groups and by calculating the
effects of NOE averaging [Eqs. (7) ± (9) in the Experimental
Section].


In the resulting conformation of methylene-H4MPT free in
solution (Figure 6, conformation I a) the imidazolidine ring is in
an envelope conformation with the flap at N10, and the
methylene pro-S CÿH bond is anticlinal and the methylene
pro-R CÿH bond is synclinal to the lone electron pair of N10.


The conformation of methylene-H4MPT when bound to Hmd
could be determined in a similar manner. The trace through the
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two-dimensional NOESY spectrum along the signal of the
aromatic H2b/6b protons of methylene-H4MPT in the presence of
Hmd shows only one set of coenzyme resonances (Figure 4 B).


This indicates that the enzyme-bound and the free
forms of methylene-H4MPT are in a fast exchange
on the NMR time scale. The observed NOE cross-
peaks are therefore the sum of contributions from
NOE interactions in free and enzyme-bound
methylene-H4MPT. For the same NOESY mixing
time (50 ms) the NOE integral of the H2b,6b/H3b,5b


protons, which have a fixed distance of 2.46 �
(calibration NOE), is fourfold larger in the presence
of enzyme (Figure 4 B) than for free methylene-
H4MPT (Figure 4 A). Because the NOE increases
with molecular mass, an intensity increase of
intramolecular NOE (as shown in Figure 4) is a
clear indication of methylene-H4MPT binding to
Hmd under the conditions of the experiment. The
increase in the calibration NOE by a factor of 4 in
the presence of enzyme indicates that all NOE
intensities in the presence of enzyme will be
dominated by contributions from the bound form
of methylene-H4MPT, a prerequisite for transferred


NOE studies.[26, 27] In addition, some proton ± proton distances in
the bound form change relative to those in the free form, as can
be judged from the slope of the build-up curves (Figure 5).


Table 1. Intramolecular distances between protons of methylene-H4MPT free in solution and when bound to H2-forming methylene-H4MPT dehydrogenase (Hmd).[a]


Proton pair Methylene-H4MPT Methylene-H4MPT Methylene-H4MPT
free in solution in the presence of Hmd bound to Hmd


A B
sa


A-B


sa
ref


[b] rA-B(free) [�][c] rÅA-B(free) [�][d]
sp


A-B


sp
ref


[b] rA-B(bound) [�][c] rÅA-B(bound) [�][d]


H2b/6b H3b/5b 1.0000 2.46 2.46 1.0000 2.46 2.46
H2b/6b H12a 0.1074 3.57 4.36 0.3369 2.91 2.61
H2b/6b H7a 0.1633 3.33 3.25 0.0279 5.27 5.28
H2b/6b Hpro-S 0.4150 2.85 2.62 0.4269 2.83 2.81
H2b/6b H11a 0.8598 2.52 2.42 0.5296 2.77 3.20
H2b/6b Hpro-R 0.2665 3.07 3.25 0.3239 2.96 2.62
H6a H2b/6b 0.0097 5.33 5.12 0.0273 4.42 4.62
H2b/6b H13a 0.0394 4.22 5.57 0.0077 6.29 6.51


H11a H13a 0.4881 2.77 2.65 0.3272 3.00 2.72
H7a H13a 0.4070 2.86 2.60 0.5074 2.74 2.42
H6a H13a 0.2912 3.02 2.75 0.2667 3.07 3.09
H11a H12a 0.4249 2.84 2.60 0.3880 2.89 2.59
H7a H12a 0.0140 5.01 4.59 0.0472 4.03 4.06
H6a H12a 0.5134 2.75 2.51 0.3213 3.01 2.51
H11a H6a 0.4197 2.84 2.91 0.2368 3.18 3.09
H11a H7a 0.7297 2.59 2.45 1.1851 2.37 2.20
H6a H7a 0.2683 3.06 3.13 0.6266 2.63 3.11
H7a Hpro-S 0.2647 3.07 3.21 0.2568 3.09 4.01
H12a Hpro-S 0.0181 4.80 4.11 0.0303 4.37 4.49
Hpro-S Hpro-R 2.7750 2.08 1.84 0.6560 2.89 1.83
H12a Hpro-R 0.0404 4.20 3.82 0.0420 4.17 4.20
H8 H13a 0.3763 2.90 2.79 0.1465 3.52 3.62
H8 H7a 0.6530 2.64 2.54 0.2252 3.31 2.54
H11a Hpro-S 0.1156 3.52 3.73 0.0407 4.39 3.57


[a] Distances r were calculated from NOE cross-relaxation rates that were determined from the initial slopes of the NOE build-up curves acquired at 0 8C
(Figure 5) as described in the Experimental Section. The proton pairs containing the aromatic protons H2b/6b are listed first. [b] sA-B is the cross-relaxation rate
between protons A and B; sH2b/6b-H3b/5b the cross-relaxation rate of the proton pairs H2b/6b and H3b/5b, which have a fixed distance of 2.46 �, served as reference rate
sref . The reference cross-relaxation rate in the absence of enzyme is referred to as sa


ref and in the presence of enzyme as sp
ref . [c] The distance between protons A


and B, rA-B , is determined according to: (rA-B� rH2b/6b-H3b/5b(sref/sA-B)1/6). For methylene-H4MPT bound to Hmd, the contributions of the free conformation to the
observed NOE cross-relaxation rates were subtracted as described in the Experimental Section. [d] rÅA-B(free) are the average distances in conformation I a and
rÅA-B(bound) are the average distances in conformation II a (Figure 6) taking the rotation of the two methyl groups and of the aromatic ring into account
(see Experimental Section).


Figure 5. NOE build-up curves for several proton pairs in methylene-H4MPT at 0 8C A) in the
absence (index a) and B) in the presence (index p) of H2-forming methylene-H4MPT dehydrogenase
(Hmd) in arbitrary units as determined from cross-peak integrals at different mixing times (see
Figure 4).
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As in the case of the free form of methylene-H4MPT, we used
NOE build-up rates, simulated annealing and restrained energy
minimisation to obtain the conformation of methylene-H4MPT
when bound to Hmd (Figure 6, conformation II a). The imidazol-
idine ring is again in an envelope conformation with the flap at
N10, but in contrast to the free form the lone electron pair of N10 is
anticlinal to the pro-R CÿH bond and synclinal to the pro-S CÿH
bond. This conformational change is mainly represented by the
change of interproton distances between H2b/6b and H6a,
between H2b/6b and H7a, and between H2b/6b and H12a (see
Figures 1 and 6): From methylene-H4MPT free in solution to
methylene-H4MPT bound to the enzyme the distance rA-B


between H2b/6b and H6a changes by 21 %, between H2b/6b and
H7a by 37 % and between H2b/6b and H12a by 23 %, respectively
(see Table 1).


From the NOE cross-correlation rate of the proton pair H2b/6b/
H3b/5b of methylene-H4MPT free in solution (sa


ref� 0.2 Hz) and in
the presence of enzyme (sp


ref�1.5 Hz) and from the molecular
masses of methylene-H4MPT and Hmd, the percentage of
methylene-H4MPT bound to the enzyme was calculated to be
14 % as described in the Experimental Section [Eq. (5)] . It has to
be considered, however, that the protein preparation contained
an unknown amount of inactive protein formed by denaturation
under the analysis conditions. Therefore, we refrain from
calculating Kd from the measurements.


Energy-minimised conformations of the imidazolidine ring of
methylene-H4MPT and activation barriers calculated from
heats of formation


Semiempirical AM1 calculations[29] were used to compute local
energy minima for the conformations of methylene-H4MPT. In


the following, relative energies of two
different conformations A and B will be
labelled as DEAB denoting the difference of
the corresponding heats of formation DH�ÿf
that were computed by AM1 for the
conformations A and B. Two low-energy
conformations were found (conformations
I b and II b in Figure 7), differing only by
2 kJ molÿ1, which may be within the preci-
sion of the method. Particularly the con-
formation of the imidazolidine ring is in
excellent agreement with the results of an
ab initio optimisation (restricted Hartree ±
Fock/3-21G) of methylene-H4MPT truncated
after the phenyl ring.[65] Ignoring the relative
orientations of the freely rotating aromatic
ring, the two conformations are very similar
to the conformations of methylene-H4MPT
determined by NMR spectroscopy (Fig-
ure 6). Conformation I b in Figure 7 corre-
sponds to conformation I a in Figure 6
(methylene-H4MPT free in solution), and
conformation II b in Figure 7 corresponds
to conformation II a in Figure 6 (methylene-
H4MPT bound to Hmd). The root-mean


square (rms) deviations between calculated and experimental
structures are 0.23 � and 0.21 � (superimposing all heavy atoms
in the three fused rings and C1b of the freely rotating phenyl
ring), respectively. The good agreement with more accurate ab
initio quantum mechanical methods and with experimental NMR
data lends confidence in applying semiempirical quantum
mechanical methods to these systems.


Using semiempirical quantum mechanical calculations we
calculated heats of formation for the different conformations of
methylene-H4MPT shown in Figure 7 and also for the initially
proposed transition state (Figure 2 B). The heats of formation for
the putative enzyme-bound conformation II b (Figure 7) and the
initially proposed transition state (Figure 2 B) differ by more than
�200 kJ molÿ1. Such a high activation energy barrier between
enzyme-bound substrate in the ground state and in the
transition state and an experimentally determined activation
barrier of approximately 50 kJ molÿ1 for the enzymes from
M. marburgensis[66] and from Methanopyrus kandleri[30] make it
very unlikely that the reactive pro-R CÿH bond is antiperiplanar
to both lone electron pairs of N5 and N10.


For the different methylene-H4MPT conformations shown in
Figure 7 the heats of formation are displayed in Figure 8 as a
function of the dihedral angle between the lone electron pair of
N10 and the C14aÿHpro-S bond (Figure 8 A) or the C14aÿHpro-R bond
(Figure 8 B). In the enzyme-bound conformation II b (Figure 7)
the methylene pro-R CÿH bond has a dihedral angle of 1438 with
the lone electron pair of N10 (Table 2). For maximum reactivity of
the pro-R CÿH bond, the dihedral angle would have to be 1808 as
in conformation III (Figure 7), which is proposed to be the
conformation in the transition state. Figure 8 B shows that a DE23


of �29 kJ molÿ1 is required for the conversion of conformation
II b into conformation III.


Figure 6. Conformations (stereoview) of the imidazolidine ring of methylene-H4MPT free in solution (I a)
and bound to H2-forming methylene-H4MPT dehydrogenase (Hmd) (II a) as determined by NMR
spectroscopy. The conformations were calculated using a restrained simulated annealing and energy
minimisation protocol (see Experimental Section). Lone electron pairs are shown in yellow, hydrogens in
blue, nitrogens in green, carbons in black and oxygens in red. The conformation of the aromatic ring was
assumed to populate all dihedral angles between N10 and C16.
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In conformation I b (Figure 7) that corresponds to methylene-
H4MPT free in solution, the methylene pro-S CÿH bond has an
absolute dihedral angle of 1178 with the lone electron pair of N10


(Figure 8 A and Table 2). In order to activate the pro-S CÿH bond
this angle can be increased to 1808 by forcing conformation I b
into conformation IV. This deformation requires a DE14 of
�53 kJ molÿ1 (Figure 8 A). Between conformation I b and II b
there is an inversion barrier of 16 kJ molÿ1 (see Experimental
Section). Conformation III can only be reached from conforma-
tion I b via conformation II b.


We also performed geometry optimi-
sations for methylene-H4F and found
the conformations to be almost identi-
cal to those calculated for methylene-
H4MPT. In addition, the energy profiles
for the conversion of conformation I b of
methylene-H4F to the corresponding
conformations II b, III and IV are almost
identical to those shown in Figure 8 for
methylene-H4MPT: DE23 was calculated
to be �35 kJ molÿ1 and DE14 to be
�51 kJ molÿ1.


Reversed stereospecificity of
methenyl-H4MPT� reduction with
NaBD4 to methylene-H4MPT


The quantum mechanical results indi-
cate that almost twice as much energy is
required to convert conformation I b
into IV for maximal activation of the
methylene pro-S CÿH bond than to
convert conformation II b into III for
maximal activation of the methylene
pro-R CÿH bond of methylene-H4MPT
and methylene-H4F. This may explain
why the enzymatic dehydrogenation of
methylene-H4MPT and of methylene-
H4F always proceeds Re-face-specific.[11]


Based on the principle of microscopic
reversibility the back reaction should
have the same stereospecificity as the
forward reaction, and indeed it was
shown that the enzymatic reduction of
methenyl-H4MPT� to methylene-H4MPT
with H2 also proceeds Re-face-specific.[11]


These results cannot explain, however,
why the reduction of methenyl-H4MPT�


or methenyl-H4F� with NaBD4 to the
respective methylene compounds is Si-
face specific, leading to the incorpora-
tion of the hydride in the pro-S posi-
tion.[15] An alternative mechanism must
therefore be considered for the chem-
ical reduction.


In the chemical reduction methenyl-
H4MPT� and methenyl-H4F� react irre-


versibly with the negatively charged BD4
ÿ ion, whereas in the


enzyme-catalysed reaction they react reversibly with neutral H2 ,
F420H2 or NAD(P)H. The energy-minimised conformations of
methenyl-H4MPT� indicate that the Re-face is sterically and
electrostatically shielded by the oxygen atom at C4a (Figure 9).
Therefore, the approach of BD4


ÿ to the Re-face of the imidazoline
ring can be expected to require more activation energy than the
approach to the Si-face. Indeed, calculation of the minimum
energy paths of AlH4


ÿ to methenyl-H4MPT� reveals that the Si-
face approach has a lower energy barrier than the Re-face


Figure 7. Conformations (stereoview) of methylene-H4MPT obtained by semiempirical AM1 calculations in
vacuo. I b is the conformation with the lowest energy and similar to the conformation free in solution as derived
by NMR spectroscopy (Figure 6, conformation I a). The imidazolidine ring is in an envelope conformation with
the flap N10 below the ring and the pro-S hydrogen atom anticlinal to the lone electron pair at N10. Conformation
II b is an alternative minimum with a heat of formation only �2 kJ molÿ1 higher than that of conformation I b.
Conformation II b is similar to the NMR-derived enzyme-bound conformation (Figure 6, conformation II a). The
imidazolidine ring is in an envelope conformation with the flap N10 above the ring and the pro-R hydrogen atom
anticlinal to the lone electron pair of N10. III and IV are proposed conformations for the transitions states : In III
the pro-R hydrogen atom of C14a is antiperiplanar to the lone electron pair of N10 (II b!III ; DE23��29 kJ molÿ1)
and therefore reactive ; in IV the reactive pro-S hydrogen atom of C14a is antiperiplanar to the lone electron pair
of N10 (I b!IV ; DE14��53 kJ molÿ1). For relative orientations of the lone electron pairs of N5 and N10 to the
bond of the pro-S and pro-R hydrogen atoms see Table 2. Lone electron pairs are shown in yellow, hydrogens in
blue, nitrogens in green, carbons in black and oxygens in red.
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Figure 8. Energy profile for the interconversion A) of conformation I b of
methylene-H4MPT to conformation IV and B) of conformation II b to conforma-
tion III in Figure 7. The difference of the heats of formation DE is plotted versus the
absolute values of the dihedral angle (y or f) between the lone electron pair of
N10 and A) the C14aÿHpro-S bond and B) the C14aÿHpro-R bond. All energies are given
relative to the energy of conformation I b. The profiles are obtained from
semiempirical quantum mechanical calculations by constraining the dihedral
angle between the lone electron pair of N10 and the C14aÿHpro-R bond or the
C14aÿHpro-S bond at specific values and by energy-minimising the remaining
degrees of freedom using the molecular modeling package INSIGHT.[67] Con-
version of conformation I b into II b involves the inversion at N10 with an
estimated activation barrier of about �16 kJ molÿ1 (see Experimental Section).
Newman projections to illustrate the dihedral angle in conformations I ± IV are
shown for clarity.


Figure 10. Energy profiles for the reduction of methenyl-H4MPT� with AIH4
ÿ


approaching from either the Si-face (ÐÐ) or the Re-face (- - - -) of the
imidazolidine ring. The profiles show the lowest heat of formation of the two
reactants for each distance as computed by using a semiempirical AM1


Hamiltonian. Distances are given in � between the closest
hydrogen atom of AIH4


ÿ and C14a. Computation of the
backward reaction (data not shown) reveals essentially an
identical energy profile. Since corresponding semiempirical
AM1 parameters for boron are not available, BD4


ÿ was
modelled by AlH4


ÿ, which can also be regarded as a
suitable hydride donor within this computational model
system. The Si-face attack has the lower activation energy.


approach (ca. 25 kJ molÿ1; (Figure 10). The
same difference is obtained when calculating
minimum energy paths for the reduction of
methenyl-H4F� with AlH4


ÿ (data not shown).
AlH4


ÿ instead of BD4
ÿ was used in the


calculations since parametrisation of the AlH4
ÿ


anion was available and because AlH4
ÿ has


been shown to react similarly to BD4
ÿ.[31]


The calculation of the minimum energy
paths for the approach of AlH4


ÿ is not valid in a
quantitative sense because the computation
was performed in vacuo and because AlH4


ÿ is
already in contact with the hydrophobic rings
of methenyl-H4MPT� while being pulled to-
wards C14a. Unfortunately, the errors of current
solvation models are too high (ca.
14.6 kJ molÿ1 for AMSOL)[32] to use them for
extending the minimum energy paths to
longer distances. Nevertheless, at van der
Waals contact distances to C14a, the calcula-
tions become more and more quantitatively
correct and the results of the calculations with


Table 2. Dihedral angles between the lone electron pair of N5 or N10 and the
C14aÿHpro-S or C14aÿHpro-R bond for the conformations of methylene-H4MPT
shown in Figures 6 and 7.


Conformation Dihedral angle [8]
N5/Hpro-S N5/Hpro-R N10/Hpro-S N10/Hpro-R


I a 144 24 ÿ 137 ÿ 18
II a 130 9 30 151


I b 125 7 ÿ 117 2
II b 121 2 23 143
III 95 ÿ 27 50 180
IV 172 48 ÿ 180 ÿ 48


Figure 9. Stereoview A) of the Si-face of methenyl-H4MPT� and B) after rotation by 908 highlighting the
shielding effect of the oxygen atom at C4a on the accessibility of the positively charged C14a to BD4


ÿ.
Hydrogens are shown in blue, nitrogens in green, carbons in black and oxygen in red.
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AlH4
ÿ agree with the experimental finding that the reduction of


methenyl-H4MPT� and of methenyl-H4F� with NaBD4 proceeds
with Si-face stereospecificity.[15]


Discussion


The enzyme-catalysed dehydrogenation of methylene-H4MPT
requires an activation energy of approximately �50 kJ molÿ1 as
determined for Hmd from Methanothermobacter marburgensis
and from Methanopyrus kandleri from the temperature depen-
dence of the activity.[30, 66] This indicates that the conformational
change of methylene-H4MPT upon enzyme binding associated
with the generation of the transition state should not require
more than �50 kJ molÿ1. Semiempirical quantum mechanical
calculations of the heats of formation (DH�ÿf � for the conforma-
tions A and B (Figure 2) revealed, however, that the required
energy DEAB associated with the conformational change A!B
exceeds �200 kJ molÿ1 both for methylene-H4MPT and methy-
lene-H4F (see Results). The calculations indicate that conforma-
tional changes at N5 are thermodynamically very unfavourable
and that only conformational changes at N10 are possible. The
calculations suggest a thermodynamically more favourable
conformation for the transition state in which the pro-R CÿH
bond is in an antiperiplanar position only to the lone electron
pair of N10. In order to reach this transition state (conformation
III, Figure 7) from the ground state (conformation II b, Figure 7),
only �29 kJ molÿ1 are required in case of methylene-H4MPT and
�35 kJ molÿ1 in case of methylene-H4F.


The newly proposed transition state raises the question
whether one lone electron pair antiperiplanar to the pro-R CÿH
bond is sufficient to allow for the heterolytic cleavage of this
CÿH bond. It has previously been noted that the reactivity of a
CÿH bond correlates with the wave number of the CÿH
stretching band in the IR spectrum. CÿH bonds with a very high
reactivity have a relatively low wavenumber and vice versa. CÿH
bonds antiperiplanar to lone electron pairs of neighbouring
nitrogen atoms generally show bands with wavenumbers below
2800 cmÿ1 that are referred to as Bohlmann bands.[33±35] These
bands are found for compounds such as perhydro-3a,6a,9a-
triazaphenalene with a methine CÿH bond in antiperiplanar
position to three lone electron pairs of three neighbouring
nitrogen atoms,[19±21] but also for compounds such as hexahy-
drojulolidine[36] and quinolizidine[37±40] with a methine CÿH bond
in an antiperiplanar position to only one lone electron pair
(Figure 11). The presence of a Bohlmann band in hexahydroju-
lolidine and quinolizidine suggests that one perfectly antiper-
iplanar oriented lone electron pair should sufficiently activate
the pro-R CÿH bond.


The mechanism proposed for methylene-H4MPT and methyl-
ene-H4F dehydrogenation assumes that the four enzyme-
catalysed reactions [Eqs. (1) ± (4)] can in principle proceed only
via two putative transition states, in which either the pro-R or the
pro-S CÿH bond of the substrate methylene group is maximally
activated. The conformations of the two transition states, one of
which is by �24 kJ molÿ1 (methylene-H4MPT) or �16 kJ molÿ1


(methylene-H4F) (difference of calculated heats of formation)
more favoured than the other, differ significantly from the


Figure 11. Structures of perhydro-3a,6a,9a-triazaphenalene, of hexahydrojuloli-
dine and of quinolizidine. The three compounds show Bohlmann bands[33±35] in
their infrared spectra at 2450 cmÿ1,[19, 20] approximately 2750 cmÿ1[36] and
approximately 2750 cmÿ1,[38±40] respectively. Such wavenumbers are indicative of
a reactive CÿH bond.[15] For the crystal structure of perhydro-3a,6a,9a-triaza-
phenalene see ref. [63] .


substrate conformation in solution. Although with an estimated
upper error of 10 kJ molÿ1 for the activation barrier, semiempir-
ical quantum mechanical calculations are not very accurate, the
energy differences of �24 kJ molÿ1 and �16 kJ molÿ1 seem
nevertheless significant enough to explain the Re-face specificity
of the dehydrogenation of methylene-H4MPT and methylene-
H4F.


The NMR spectroscopical data revealed that upon binding of
methylene-H4MPT to Hmd the conformation of methylene-
H4MPT changes from I a, with the pro-R hydrogen atom synclinal,
to II a, with the pro-R hydrogen atom anticlinal to the lone
electron pair of N10 (Figure 6). Typically, binding of a ligand to its
enzyme provides up to 10 ± 15 kJ molÿ1 of energy,[41, 42] which is
close in magnitude to the inversion barrier of 16 kJ molÿ1


between conformations I b and II b (see Experimental Section).
A further increase in the dihedral angle between the lone
electron pair of N10 and the C14aÿHpro-R bond by 298, in order to
reach the proposed transition state (conformation III, Figure 7),
requires an energy DE23 of �29 kJ molÿ1. It is the function of
enzymes to funnel, by entropic guidance,[43] the populations of
conformers to the transition state.[43, 44] Consistenly, the observed
conformational change upon enzyme binding is the first step
towards a low-energy transition state.


The mechanism proposed for enzymatic methylene-H4MPT
and methylene-H4F dehydrogenation is similar in some respects
to that proposed by Benner et al. for the enzymatic dehydrogen-
ation of NAD(P)H.[45±47] In the active site, NAD(P)H was proposed
to exist in either an anti-antiperiplanar conformation, with the
pro-R CÿH bond at C4 activated, or in a syn-antiperiplanar
conformation, with the pro-S CÿH bond at C4 activated.[43, 48, 49]


The difference in potential energy between the two conforma-
tions was calculated to be approximately �8 kJ molÿ1,[48] a
difference much smaller than the difference of �24 kJ molÿ1 or
�16 kJ molÿ1 we calculated for the two conformations of
methylene-H4MPT and methylene-H4F, with either the pro-R
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CÿH bond or the pro-S CÿH bond at C14a maximally activated.
The much smaller energy difference may be the reason why both
Re-face stereospecific and Si-face stereospecific NAD(P)-depen-
dent dehydrogenases are found.


Conclusions


By combining structural data from NMR spectroscopic measure-
ments and theoretical predictions of activation energies from
quantum chemical computations, a mechanism is proposed to
explain the Re-face stereospecificity of the enzyme-catalysed
dehydrogenation of methylene-H4MPT and of methylene-H4F.
This mechanism is based on the theoretical prediction that only
half the energy is required to force the pro-R hydrogen atom into
an activated antiperiplanar conformation relative to the lone
electron pair of N10 than to force the pro-S hydrogen atom into
the antiperiplanar conformation. Confidence in the theoretical
calculations is provided by the fact that a) the two computed
minimum energy conformations are in good agreement with the
NMR-based structures of methylene-H4MPT in solution and
when enzyme-bound and the fact that b) the computed energy
profiles for the reduction of methenyl-H4MPT� with AlH4


ÿ


correctly predict the observed Si-face-specific hydrogenation of
methenyl-H4MPT� and methenyl-H4F� in solution by NaBD4 .


Experimental Section


Enzyme and coenzyme preparation: Hmd was purified from
Methanothermobacter marburgensis[50] (formerly Methanobacterium
thermoautotrophicum).[28] The purified enzyme with a molecular mass
of 37 831 Da exhibited a specific activity of 1200 U mgÿ1 at 65 8C and
of approximately 10 U mgÿ1 at 0 8C as determined photometrically by
following the dehydrogenation of methylene-H4MPT at pH 6.0 and
336 nm.[50] Methylene-H4MPT and methenyl-H4MPT� were prepared
as described by Breitung et al.[51] Since Hmd is inactivated in the
presence of O2 and methylene-H4MPT is susceptible to autoxidation,
all experiments were performed under strictly anaerobic conditions
(where possible) in an anaerobic glove box (Coy Laboratory Products
Inc.) filled with 95 % N2/5 % H2 and containing palladium catalyst for
the continuous removal of O2.


NMR spectroscopy : NMR spectra were recorded at 0 8C on a
Bruker DRX 600 MHz NMR spectrometer. The NMR tubes contained
0.5 mL of a solution of 50 mM potassium phosphate (pH 7.8) in H2O/
D2O (9:1), 1 mM methylene-H4MPT and, when indicated, 0.3 mM Hmd
(6.0 mg/0.5 mL). The gas phase above the solution consisted of
100 % H2 .


2D NOESY spectra in H2O/D2O (9:1) were collected by using standard
NOESY pulse sequences with 1024 or 2048 complex points in t2 over
a spectral width of 6024.1 Hz. The mixing time tm was varied
between 15 and 200 ms. For each spectrum 512 t1 experiments with
32 scans were acquired with a recycle delay of 3 s. Water suppression
was either achieved by a WATERGATE pulse scheme[52] or a low-
power presaturation pulse during recycling delay and mixing time.[53]


Spectra were zero-filled to 2048 points in w1 and 1024 points in w2 . A
908-shifted squared sinebell window function was applied for
apodisation prior to Fourier transformation in both dimensions.
Automated baseline correction was applied in both dimensions. For
1D spectra an exponential window function with 0.5 Hz line


broadening was applied and all spectra were referenced to the
H2O signal at d�5.01 at 0 8C.


NMR data were processed using the software programs FELIX 98
(MSI, Inc. , San Diego, CA) and XWINNMR 2.6 (Bruker Instruments,
Rheinstetten). Resonance peaks were assigned based on published
spectra.[11] Nuclear Overhauser effect (NOE) cross-peak integrals were
integrated using the program FELIX. Cross-relaxation rates were
determined from the initial slope of a polynomial fit of the cross-peak
integrals as a function of the mixing time. We took the H2b/6b/H3b/5b


cross-relaxation rate as reference since this distance does not change
upon binding to the enzyme (rref�2.46 �). Also the cross relaxation
rate of this peak is not affected by a rotational mobility of the
aromatic ring. For methylene-H4MPT free in solution, NOE distance
restraints were derived directly from the cross-relaxation rates.


In the presence of Hmd the measured NOE cross-peaks are the sum
of contributions from the enzyme-bound and the free conformations
of methylene-H4MPT. To obtain distance restraints for the enzyme-
bound conformation we subtracted the contributions of the free
conformation according to the following procedure: The H2b/6b/H3b/5b


cross-relaxation rates in the absence of enzyme (sa
ref� and in the


presence of enzyme (sp
ref�were determined from the initial slope of a


polynomial fit of the H2b/6b/H3b/5b cross-peak integral as a function of
the mixing time, divided by the sum over the well-dispersed
diagonal peak of H2b/6b and the integrals Ia


ref and Ip
ref , respectively, over


all cross-peaks with the resonance of H2b/6b in w2 . These absolute
rates sa


ref�0.2 Hz and sp
ref� 1.5 Hz and the molecular masses M of


Hmd (37 831 Da) and methylene-H4MPT (775 Da) were used to
determine the population pb of the bound form of methylene-H4MPT
according to Equation (5);


sp
ref


sa
ref


� pb MHmd � �1ÿ pb�Mmethylene-H4 MPT


Mmethylene-H4 MPT


(5)


taking into account that the correlation time is linear with the
molecular mass. The percentage of methylene-H4MPT bound to the
enzyme is pb� 100. The correlation time for the free form is 840 ps as
determined from sa


ref and the distance between H2b/6b and H3b/5b. At
600 MHz, J(2wH) is already negligable since it contributes less than
10 % to the spectral density.


The integrals Ia
ref and Ip


ref for all spectra served to calibrate all cross-
peak integrals to unity. The integrals Ia without or Ip with enzyme,
respectively, of the A,B cross-peak reporting the A,B distance were
scaled for each mixing time with the integrals Ia


ref and Ip
ref , respectively.


sa
A-B and sp


A-B were obtained from the initial slope to the polynomial
fit of Ia/Ia


ref and Ip/Ip
ref , respectively (Table 1). The distances of the


bound form were determined according to Equation (6):


rA-B�bound�


rref


�
����������������������������������������
sp


ref ÿ �1ÿ pb� sa
ref


sp
A-B ÿ �1ÿ pb� sa


A-B


6


s
(6)


Calculation of the conformation of methylene-H4MPT from NMR
data: To obtain an energetically favourable structure that was
consistent with the NMR data, we generated a computer model of
methylene-H4MPT. A simulated annealing and energy minimisation
protocol was then carried out using the program X-PLOR[54] with a
force field derived from the two three-dimensional structures of
methylene-H4F bound to crystallised thymidylate synthase[55] by
using the LEARN command in X-PLOR.[56] This command derives ideal
values for covalent interactions from averages over a set of
coordinates, and force constants from their variance, analogous to
the procedure used to derive the energy parameters commonly used
in X-ray crystallographic refinement.[57] The calculations were carried
out in vacuo without electrostatic terms. Nonbonded parameters
were taken from the CHARMm PARAM 19 force field.[58] The
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simulated annealing protocol consisted of 120 000 steps with a time
step of 0.2 fs of molecular dynamics starting at a temperature of
2000 K and slowly cooling to 100 K. This was followed by 200 steps of
conjugate gradient minimisation. Other minimised parameters were
set as described by Nilges and O'Donoghue.[54] The interproton
distances determined from the transferred NOE experiments were
used as restraints allowing a 10 % uncertainty in distances without
energy penalty. The energy-minimised model was then carefully
checked to ensure that it obeyed the NMR distance restraints. In the
conformational search procedure, N10 was allowed to be flexible,
whereas all the other carbon and nitrogen atoms in the pterin moiety
including N5 were restrained during the calculation to the amount of
planarity found in the crystal structure of methylene-H4F bound to
thymidylate synthase.[55] The search was repeated with two different
starting geometries derived from this crystal structure. All the
individual conformations found were then evaluated by comparison
of internuclear distances with the experimentally determined
distance restraints to find the conformation which best agreed with
the NMR data. When none of the structures fully satisfied the NMR
distance restraints, ensembles of structures were generated by
stepwise rotating the aromatic ring and the methyl groups. NOE
cross-relaxation rates were calculated for these structures and
combined into an effective cross-relaxation rate of the ensemble
according to the following procedure:


Rotations about the dihedral angles about the N10ÿC1b bond for the
aromatic ring and about the C7aÿC13a and C11aÿC12a bonds for the
methyl groups were performed with the program Insight II (MSI, Inc.)
in steps of 58. Distances of fixed protons Hf to the aromatic protons
Ha were treated with the rÿ6 sum assuming dynamics that are slow
compared to the correlation time [Eq. (7)] ,[59]


saf �
1


2p


Z2p


0


df


j�Ha ÿ Hf�j6 (7)


with f being the dihedral angle of the aromatic ring and Ha and Hf


being the vectors to the nuclei of Ha and Hf, respectively. As
mentioned before, the integration [0, 2p] was replaced by the sum
[08, 58, . . . , 3608] and was evaluated by a FORTRAN program.


Distances between fixed protons Hf to the methyl protons Hm were
calculated by using Equation (8) (where f1 and f2 are both dihedral
angles about the MeÿC bonds) assuming dynamics that are fast
compared to the correlation time.


Distances between protons of the aromatic ring to protons of the
methyl groups were calculated by rotating each in steps of 58 using
Equation (9) assuming a fast rotation of the methyl groups relative to
the aromatic ring:[54] f1 and f3 are independently varied angles
about the MeÿC bond and f2 and f4 about the Cÿphenyl bond.


From the averaged rates the theoretical distances were calculated by
referencing to the reference rate and the reference distance
according to Equation (10).


rÅA-B � rref


�������
sref


sref


6


r
(10)


The internuclear distances of the ensemble of structures fulfil the
experimental NOE cross-relaxation rates to within 10 %. The struc-
tures shown in Figure 6 represent the ensemble best fitting
minimum.


Semiempirical quantum mechanical calculations of the confor-
mations of methylene-H4MPT, methylene-H4F, methenyl-H4MPT�


and methenyl-H4F� : The quantum chemical calculations were
carried out using the program package VAMP (G. Rauhut, A. Alex,
J. Chandrasekhar, T. Steinke, W. Sauer, B. Beck, M. Hutter, P. Gedeck, T.
Clark, VAMP Version 6.5, Oxford Molecular, Erlangen, 1997). The AM1
Hamiltonian[29] was applied to obtain all results and the Eigenvector
Following[60] algorithm was used throughout all calculations to
optimise each molecular system to a gradient norm below
�1.7 kJ molÿ1 �ÿ1. The molecular systems considered were derived
from the structures of N5,N10-methylene-H4MPT or N5,N10-methylene-
H4F (Figure 1). R was CH2-CH2-OH in the case of methylene-H4MPT
and CONH-CH3 in the case of methylene-H4F. The computation of the
energy profile given in Figure 8 was carried out by individual energy
minimisations of the structure of methylene-H4MPT with the dihedral
angle between the lone electron pair orbital of N10 and the C14aÿHpro-R


bond constrained to defined values. For the reaction profiles given in
Figure 10 steps of 0.05 � were chosen. Since corresponding semi-
empirical AM1 parameters for boron are not available, BD4


ÿ was
modelled by AlH4


ÿ, which can also be regarded as a suitable hydride
donor within this computational model system.


To computationally estimate an upper limit of the inversion barrier at
N10, the dihedral angle C1b-N10-C11a-C6a (Figure 1) was altered from
�1268 to �2498 in steps of 58. The highest point on this reaction
path had a dihedral angle of 1668 and is 16 kJ molÿ1 higher in energy
than conformer I b (Figure 7).


All NMR measurements were conducted at the European Large
Scale Facility for Biomolecular NMR (ERBCT95-0034) at the
University of Frankfurt. This work was supported by the Max-
Planck-Gesellschaft, by the Deutsche Forschungsgemeinschaft and
by the Fonds der Chemischen Industrie. S.B. is supported by a
KekuleÂ stipend of the Fonds der Chemischen Industrie and is a
member of the Graduiertenkolleg ªChemische und biologische
Synthese von Wirkstoffenº at the University of Frankfurt.
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Photoresponsive Dendritic Azobenzene Peptides
Anna Cattani-Scholz, Christian Renner, Dieter Oesterhelt, and Luis Moroder*[a]


Two dendritic peptides containing a branched lysine core and up to
eight azobenzene moieties in the periphery were synthesized on
solid support employing the w-amino acid 4-(aminomethyl)phen-
ylazobenzoic acid. With an additional peptidic tail consisting of
an oligolysine portion, water solubility was achieved for the
dendrimers, which allowed for the characterization of the cis/trans
photoisomerization of the dendritic azobenzene species in both
organic and aqueous media. Despite the interactions between the
chromophores, which occur particularly in aqueous media, at


higher dilution the photoisomerization process was found to
proceed to extents that should permit photomodulation of
molecular recognition processes between ligands grafted to the
photosensitive azobenzene units and receptor molecules.


KEYWORDS:


azo compounds ´ dendrimers ´ isomerization ´ peptides ´
photochemistry


Introduction


Dendrimers are monodisperse high molecular weight macro-
molecules that represent chemically well-defined systems and
that are prepared by divergent or convergent methods.[1]


Among the various potential applications of this class of
compounds, the design and synthesis of dendritic molecules
as carriers for the multiple presentation of bioactive molecules
with both agrochemical and pharmaceutical applications repre-
sent a large and promising field of research.[2] In fact, dendrimers
were found to be highly effective agents for the delivery of
genetic material into a variety of cell lines[3, 4] whereby the drug
molecules are loaded into the interior of a dendrimer or are
attached to the polymer surface.[5] Generally, such conjugates
have enhanced solubility and reduced toxicity if compared to
the unconjugated drugs, while still maintaining their therapeutic
efficacy.[6] Similarly, a variety of biologically relevant sugar
residues have been conjugated to hyperbranched dendritic
cores for the development of potentially useful drugs for the
treatment of cancer, inflammation and infection processes.[7] In
such well-defined glycodendrimers, the synergistic cluster or
multivalent effect and thus the resulting cooperativity is known
to compensate for the usually low binding affinity of natural
oligosaccharides in carbohydrate ± protein interactions.[8] The
multivalent carrier properties of globular dendritic moieties have
also been exploited in the preparation of immunogenic
conjugates,[9] where the immunodominance of the carrier is
strongly suppressed by the repetitious presentation of haptens
on the surface of the dendrimer.[10]


In view of this wide range of possible applications of dendritic
carriers, the design of systems capable of changing their
properties upon external inputs like pH, electricity, or light,
could offer many advantages, especially in diagnostics. In fact,
each molecular interaction that is successfully mediated by a
dendritic carrier could then in principle be controlled under mild
conditions at the molecular level by exploiting such devices.
However, only few examples of dendrimers that respond to
environmental stimuli are known so far.[11]


Light-induced conformational changes have found a wide
spectrum of applications in biochemistry,[12] and recently it has
been shown that incorporation of photosensitive moieties into
the interior of dendrimers or on their outer surface can lead to
reversible photoinduced changes in known dendrimer proper-
ties such as self-assembly, liquid crystallinity, and encapsula-
tion.[13] Unfortunately, the exclusive solubility in organic solvents
of most of these photoresponsive dendrimers has severely
limited their applications in aqueous media and thus in bio-
logical systems.


The aim of the present study was, therefore, to develop a
suitable synthetic strategy for the preparation of a new class of
dendritic compounds that can undergo photomodulated local
structural changes without losing their applicability as multi-
valent carrier systems for molecules of biological interest. For
this purpose the novel carrier compounds 1 and 2 were
designed, which contain the azobenzene derivative 4-(amino-
methyl)phenylazobenzoic acid[14] (H-AMPB-OH, 3) as photores-
ponsive moiety grafted through amide bonds on the periphery
of a dendritic core based on lysine residues. These constructs
contain an additional peptidic tail consisting of lysine residues
to induce the required water solubility. Moreover, a cysteine
residue was incorporated at the C terminus to exploit the
selective thiol anchor group for potential conjugation to
other proteins or surfaces. The spectroscopic properties of the
photoresponsive dendrimers were compared in organic and
aqueous media. The cis/trans isomerization was found to occur
in a reversible manner, at higher dilution even to extents that
should allow photomodulation of molecular recognition proc-
esses.


[a] Prof. Dr. L. Moroder, Dr. A. Cattani-Scholz, Dr. C. Renner, Prof. Dr. D. Oesterhelt
Max-Planck-Institut für Biochemie
Am Klopferspitz 18a, 82152 Martinsried (Germany)
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Results and Discussion


Design of the dendrimers


The cis/trans photoisomerization of the azobenzene moiety is
known to be accompanied by significant changes in geometry
and polarity of the chromophore. Therefore this photosensitive
molecule has already found widespread application for the
induction of local topochemical changes.[17] In the design of the
photoresponsive dendrimers 1 and 2 the 4-(aminomethyl)phen-
ylazobenzoic acid[14] (H-AMPB-OH, 3) was selected since this
azobenzene derivative, which differs from other azobenzene
compounds previously employed, is an w-amino acid that can be


incorporated into a peptide backbone by standard solid-phase
synthesis.[15] It has recently been demonstrated that efficient
preparation of some functionalized dendrimers can be achieved
by stepwise amplification of the dendrimer core on a solid
support.[18] Final modification of the branched end groups prior
to the resin cleavage step can be driven to completion by using a
larger excess of reagents that allow to obtain differently
functionalized compounds in good homogeneity without the
need of challenging purification procedures. This synthetic
approach on solid support appeared the most promising in view
of our aim to develop a general synthetic procedure that allows
to obtain the target dendritic compounds in good yields and
purity, but also to functionalize the carrier systems with
molecules of biological interest. Since branched oligolysines
were shown to be valid scaffolds for the construction of dendritic
conjugates of biological interest,[19] two dendrimers of this type
were chosen to display in a branched manner four or eight AMPB
moieties for further functionalization at their amino groups. To
improve the water solubility of the target dendrimers these were
placed at the N terminus of a peptidic tail consisting of four
adjacent lysine residues. Moreover, at the C terminus of the tail a
cysteine residue was incorporated to allow for regioselective
chemistry to be performed on the functionalized dendrimers via
the thiol group as selective anchor. The C-terminal glycine
residue was used for preparative purposes to avoid the well-
known difficulties arising from direct attachment of cysteine to
the resin.


Synthesis of the dendrimers


The synthesis of the peptide dendrimers 1 and 2 was performed
on chlorotrityl resin[20] (Trityl� Trt� triphenylmethyl) adopting
the Fmoc/tBu strategy[21] as outlined in Scheme 1. The acid-labile
S-trityl group was used for protection of the cysteine thiol
function to overcome the difficulties encountered in reductive
cleavage of the S-tert-butylthio group in the presence of
azobenzene.[15] The dendritic lysine core was constructed by
coupling successively either two levels of Fmoc-Lys(Fmoc)-OH to
provide four amino groups, or three levels of the lysine
derivative to provide eight amino groups. In the synthesis of
lysine dendrimers on solid support, difficulties are generally
encountered starting at the third lysine level.[19] Elevated
temperature, ªmagicº solvent mixtures,[22] and sonification are
used to push the aminoacylation to completion. In the present
case, high efficiency in assembly of the growing branched
peptides was achieved by optimizing the reaction time. In fact,
quantitative Fmoc cleavage of compounds 1 and 2 was achieved
only upon prolonged treatment with the piperidine solution.
Furthermore, exposure of the resin to a swelling solvent prior to
the coupling step led to high aminoacylation yields in the last
synthetic steps. Despite the space limitations within the polymer
beads, by this procedure the synthesis of up to generation 3
dendrimers could be achieved without synthetic mishaps.
Careful optimization of the cleavage procedure from the solid
support led to the conditions reported in Table 1. Additional
difficulties were encountered in the solubilization of the free
peptide adsorbed onto the solid matrix, and satisfactory yields of
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Scheme 1. Synthesis of the dendrimers 1 and 2. a) Couplings with Fmoc-Cys(Trt)-
OH and 4 Fmoc-Lys(Boc)-OH, Fmoc removal with 20 % piperidine in NMP;
b) couplings with Fmoc-Lys(Fmoc)-OH, Fmoc removal with 20 % piperidine in
NMP; c) couplings with Fmoc-AMPB-OH (4), Fmoc removal with 20 % piperidine in
NMP, deprotection and resin cleavage with acid.


the unprotected compounds 1 and 2 were obtained only by
careful washing of the resin. Similarly, purification that would be
otherwise very challenging was achieved by extensive washing
of the resin between the individual synthetic steps and by
carefully monitoring each synthetic step for its completeness. No
further chromatographic procedure was employed, and the
products were isolated as highly homogeneous materials as
judged by various analytical assays.


Analytical characterization of the dendrimers


A number of analytical methods have previously been used to
characterize azobenzene dendrimers.[1] Generally, 1H and
13C NMR spectroscopy give only qualitative information, since
the related spectra become less indicative with increasing
generation number. Matrix-assisted laser desorption ± ionization
time-of-flight (MALDI-TOF) mass spectrometry is the method of
choice for the analysis of dendritic structures,[23] as it allows to
mildly ionize the target compounds and generally avoids
fragmentation. Imperfections of the dendrimer skeletons and
the degree of homogeneity of the compounds isolated is often
evaluated by simple mass analysis.[24] Since compounds 1 and 2
were synthesized on a polylysine core, reversed-phase (RP) HPLC
and electrospray ionization (ESI) MS were excellent analytical
tools for monitoring the single steps in the synthesis of the
branched peptides. Functionalization of the resin-bound tetra-
and octavalent lysine dendrimers with the azobenzene moieties
was found to strongly affect the properties of the dendrimers. As
a consequence, RP HPLC and ESI MS analysis proved to be
unsatisfactory for unambiguous identification of the target
compounds 1 and 2. Exchange reactions with the reversed
phase, probably due to the interactions of the multiprotonated
azobenzene moieties with the silanol groups, caused widening
of the chromatographic peaks,[25] thus preventing assessment of
the degree of homogeneity by this chromatographic technique.
Taking advantage of the good water solubility of compounds 1
and 2, capillary electrophoresis (CE) was applied which, upon
optimization of buffer concentrations and temperature, led to
fully reproducible electropherograms. The purity of the den-
drimers was found to be 97 % for 1 and 98 % for 2. Similarly,
MALDI-TOF MS revealed molecular ion peaks for the two
dendrimers, and no contaminants corresponding to partially
functionalized compounds were detectable. Fragmentation of
the azobenzene moieties with loss of 215 mass units was
detected in the mass spectra in agreement with previous
observations on azobenzene-containing peptides. Concerning
amino acid analysis of lysine-based dendrimers, 72 h of acid
hydrolysis was reported to yield reliable results.[26] According to
our experience, the values strongly depend upon the nature of
the grafted end groups and the complexity of the dendritic
structure. Values in good agreement with theory were obtained
for compound 1, whereas for compound 2 an evident under-
estimation of the lysine content was observed.


NMR spectroscopic analysis of the dendrimers


NMR spectroscopic analysis in aqueous solution confirmed the
chemical structure and homogeneity of the dendrimers 1 and 2.
Unexpectedly, many signals showed strong line broadening
(Figure 1). To distinguish between possible sources, such as
aggregation, heterogeneous line broadening, or chemical
exchange processes, 1D 1H-T1 and 1H-T11 relaxation measure-
ments were performed for compounds 1 and 2. The results of
these measurements can only serve as crude estimates, since for
many frequencies two or more signals overlap resulting in a
multiexponential decay of peak heights. Moreover, detailed


Table 1. Protocol of the synthesis of dendrimers 1 and 2 on Fmoc-Gly-loaded
chlorotrityl resin.[a]


Synthetic step Reagents and solvents Reaction time


Fmoc cleavage 20 % piperidine/NMP 5� 15 min


coupling stepwise aminoacylation in sequence
mode with 4 equiv of Fmoc-Cys(Trt)-OH/
HBTU/HOBt/DIEA (1:1:1:1.1), followed
by Fmoc-amino acid/HBTU/HOBt/DIEA
(1:1:1:2) in NMP; double couplings


2� 45 min


acidolytic
cleavage


TFA/CH2Cl2/H2O (18:1:1) and
1,2-ethanedithiol as scavenger


12 h


[a] Loading: 0.50 mmol gÿ1.
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analysis of the obtained relaxation rates is very complicated as
for protons there are usually many relaxation pathways con-
tributing to the final rates. Nonetheless, from the T1/T2 ratios an
apparent mass of the molecules tumbling in solution can be
estimated by comparison with T1/T2 ratios of reference mole-
cules. For two reference molecules (peptides) with Mr values of
1.1 kDa and 13 kDa, T1/T2 ratios of ca. 2 and 34 were found,
respectively. Considering that (T1/T2)ÿ1 is approximately pro-
portional to the square of the apparent mass, the following
interpolation was used: mass�2.7 kDa� �������������������������T 1=T 2� ÿ 1


p
. As the


measured T1/T2 ratios were ca. 5 for 1 and ca. 7 for 2, both
dendrimers seem to have apparent masses larger than their
molecular masses, but still less than the masses of the dimers
possibly resulting from oxidation of the cysteine residues. Thus,
the molecules are tumbling in solution mostly as monomers or
dimers at the concentrations used for NMR spectroscopy, and
extensive aggregation as a source for the line broadening can be
excluded.


Within the dendrimers the side chains of lysine residues of the
peptide tail showed increasing flexibility toward the w-amino
group, as expected from increased solvent exposure. Conversely,
for the lysine residues that build up the dendritic moiety
increasing line broadening was observed for the d- and e-CH2


groups. Signals from the AMPB moiety were broadened to such
an extent that they could not be resolved in the spectra. This line
broadening probably results from chemical exchange processes
due to interactions of the AMPB groups in the aqueous
environment (hydrophobic collapse on the dendrimer surface),


although conformational microheterogeneity cannot
be ruled out. A fact supporting the view of slow
chemical exchange is given by the dramatic increase
in quality of the 2D ROESY spectra upon lowering the
temperature. At 320 K, only undefined signal clusters
were observed in the ROESY spectra and no distinct
signal sets could be identified. On the other hand, at
280 K signals for the C-terminal amino acid residues
(-Cys-Gly-OH) as well as connectivities to preceding
residues (-Lys-Cys-) could clearly be resolved allowing
for their assignment. For the lysine residues only a
distinction between functionalized and ªtailº residues
was possible. Within these two classes no separation
of individual lysine residues was possible due to their
very similar chemical environment. Notably, measure-
ment of the temperature dependence of chemical
shifts for compounds 1 and 2 indicate shielding from
the solvent or possible involvement in hydrogen
bonds only for the e-NH3


� groups (ÿ4.5 ppb Kÿ1) of
the lysines of the tail, whereas all amide group
protons seem fully accessible to the solvent (ÿ8 to
ÿ9 ppb Kÿ1). Interestingly, for the cysteine residue an
additional distinct signal set of smaller intensity was
observed indicating that the cysteines were partially
oxidized in the NMR samples. This is in agreement
with the dynamics analysis discussed above, but
should also indicate that intermolecular interactions
as observed in the UV spectra of the dendrimers at
higher concentrations (see below) do not markedly


reduce the tumbling rate of the molecules in solution, that is,
they are weak and/or short-lived.


UV spectroscopic characterization of the dendrimers


All samples were kept in the darkness for several days to allow
thermal relaxation of the azobenzene moieties into the trans-
isomer state to occur. The UV spectra recorded for the
dendrimers 1 and 2 in DMSO, ethylene glycol, and trifluoro-
ethanol (TFE) are very similar, and in aqueous solution the pH (in
the range from 3.1 to 6.7) was not found to affect the absorption
maxima. This is in agreement with studies on dendrimers, which
share with ours the amino functional group at the end of the
branches, and where pKa values all close to 10.0 were found.[27]


No change in protonation state for the amino groups is expected
in the pH range investigated here. In Table 2 the lmax values of
the p ± p* and n ± p* transitions of the dendrimers 1 and 2 are


Table 2. Observed absorption maxima for 1 and 2 in TFE and phosphate
buffer.


lmax (p ± p*) [nm] lmax (n ± p*) [nm]


1 (buffer)[a] 321 461
2 (buffer)[a] 323 463
1 (TFE) 322 446
2 (TFE) 320 447


[a] 0.1 M Phosphate buffer, 1 mM EDTA, pH 3.1.


Figure 1. 2D TOCSY NMR spectrum of dendrimer 1 at 27 8C showing intraresidual
connectivities. Cross peaks are labeled with the F1 (vertical) frequency. On the top and left,
corresponding parts of the 1D 1H NMR spectrum are shown. A strong peak from an impurity is
marked with an asterisk.
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listed exemplarily for solutions in TFE and phosphate buffer
(pH 3.1). While the p ± p* transitions occur at almost identical
wavelengths for both dendrimers and are only marginally
affected by the solvent, the lmax values of the n ± p* transitions
are significantly red-shifted in aqueous solution relative to the
TFE solutions.


A comparison of the UV spectra of the azobenzene-function-
alized dendritic peptides with those of H-AMBP-OH (3) (Figure 2)
and with linear peptides containing the AMPB moiety[17h] clearly
reveals the presence of the cis-azo isomers in the dendrimers
even after thermal relaxation in the darkness for longer periods
of time. The presence of the cis isomer at equilibrium would
suggest that both isomers are energetically more similar in the
dendritic structures than previously observed in linear peptides.
This view is further supported by the observation that the
dendrimer 2 was found to contain always more cis-azo isomer
than dendrimer 1. Similarly, in aqueous solution the content of
cis-azo isomer is higher than in organic media. Since thermal
relaxation generally suffices for quantitative conversion of the
azobenzene moieties into the trans-isomer state,[17] intramolec-
ular or intermolecular interactions must stabilize the cis isomer,
at least kinetically. It has previously been reported[17h] that N- and
C-derivatization of H-AMPB-OH (3) in linear and cyclic peptides
does not affect significantly the n ± p* and p ± p* transition in
DMSO. In this solvent lmax values around 338 nm and 262 nm
were observed for the p ± p* transitions of the trans- and cis-azo


isomers, respectively. In Figure 2 the second derivatives of the
absorption spectra of the dendrimers 1 and 2 and of reference
compound 3 in TFE after different irradiation times at 360 nm are
shown. The p ± p* transition of the trans-azo component occurs
at comparable wavelength for the three compounds, while a
red-shift of the lmax value is observed for the cis-azo component
in the dendrimers 1 and 2 in TFE and aqueous media (data not
shown) if compared with the reference compound 3, again
indicating intra- or intermolecular interactions involving the
chromophores. Furthermore, the molar extinction coefficient is
not doubled in 2 relative to 1, as theoretically expected by the
number of AMPB moieties in the absence of strong interchro-
mophoric interactions.


In the following, we want to discuss briefly interactions
involving the chromophores that could affect the cis/trans-
photoisomerization process in the dendrimers 1 and 2. Besides
hydrophobic interactions and p stacking of the benzene rings
we also expect interactions between amino and aromatic groups
and between ammonium salt and aromatic groups to play a role.
The latter are known to occur frequently in proteins as well as in
protein ± ligand interactions stabilizing or modulating the overall
stability or interaction energy.[28] The shielding from the solvent
of the e-NH3


� groups of the tail lysines, as observed by NMR
spectroscopy, can be explained either by hydrogen bond
formation or by interactions between ammonium salt and the
aromatic azobenzene moieties. These would compete with the


electrostatic repulsion of the charged NH3
� groups.


Water has the highest dielectric constant of all solvents
used, so that repulsive forces are weakest here, leading
to the strongest interaction effects. Similarly, hydro-
phobic interactions are expected to be strongest in
aqueous solution. All these interactions may occur at
the intra- and intermolecular level. The presence of
intermolecular interactions is evidenced by the con-
centration dependence of the UV absorption (Fig-
ure 3), whereas intramolecular interactions are evi-
denced by the UV absorption spectra at low con-
centrations in aqueous buffer. In fact, in the photosta-
tionary state the vibrational substructure of the
spectrum of the cis isomer (Figure 3 C) supports an
immobilization of the AMPB moieties. Although the
presence of strong exchange broadening in the NMR
spectra would exclude that in aqueous buffer intra-
molecular interactions are sufficiently strong to stabi-
lize a defined structure, the motional flexibility of the
AMPB groups seems to be severely restricted in
contrast to the peptidic tail. NMR relaxation estimates
in aqueous buffer reveal that the intermolecular
interactions are also in an intermediate regime.
Estimated diffusion constants exclude the formation
of stable oligomers even at the high concentrations
used for NMR spectroscopy, although concentration-
dependent effects are clearly observed in the UV
spectroscopic analysis. In nonaqueous solutions inter-
action effects were always smaller, leading to a
behavior more similar to that of the reference AMPB
compound 3.


Figure 2. Absorption spectra (left panels) of the dendrimers 1 (middle) and 2 (bottom), and
of the azobenzene derivative H-AMPB-OH (3) as reference compound (top) in TFE after
thermal relaxation and after irradiation at 360 nm for increasing irradiation times until the
photostationary state is reached. Dark blue curves are the initial spectra after thermal
relaxation in the darkness and red curves are the spectra of the photostationary states.
Within experimental error, the spectra of 1 and 2 were recorded at identical (10ÿ6 M)
concentrations. The related second derivatives are shown in the right panels.
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Figure 3. Absorption spectra of 2 (in 0.1 M phosphate buffer containing 1 mM


EDTA, pH 3.1) in the ground state after thermal relaxation (blue curves) and in the
photostationary state after prolonged irradiation at 360 nm (red curves) at
concentrations of 1.23� 10ÿ5 M (A), 1.23� 10ÿ6 M (B), and 1.23� 10ÿ7 M (C).


Since precise quantitation of the cis/trans-isomer ratios by
NMR spectroscopy before and after irradiation was not possible,
the extinction coefficients of the cis- and trans isomers could not
be determined separately from the isomeric mixtures. However,
a semiquantitative evaluation by NMR spectroscopy indicates, at
ca. 1 mM concentration of 1 in TFE, a ratio between the cis and
trans isomers of approximately 1:3 for the ground state and of
approximately 1:2 for the photostationary state. At low concen-
trations, UV spectra indicate a maximum cis isomer content of
about 80 % similar to that observed for other AMPB-containing
compounds.[17h]


Photoisomerization of the dendrimers


The cis/trans photoisomerization of the dendrimers 1 and 2 in
organic media and aqueous buffer by irradiation at 360 nm and
450 nm is a fully reversible process with two isosbestic points
indicating that the photochemical reaction follows first-order
kinetics as observed for the reference AMPB compound 3
(Figure 2). Thermal relaxation of the dendrimers 1 and 2 to the
ground state was found to occur at significantly slower rates
than for compound 3 as well as for linear and cyclic peptides
containing AMPB as backbone unit.[17h] In aqueous media this
photochemical reaction was found to be strongly concentration-
dependent as shown exemplarily for the dendrimer 2 in Figure 3.


After a suitable irradiation period, a photostationary state is
reached where the content of cis-azo isomer depends upon the
concentration of the dendritic peptide. Vibrational sub-bands in
UV spectra, kinetically slowed cis!trans relaxation, and hin-
dered trans!cis photoisomerization have previously also been
observed in model compounds containing two conformationally
restricted azobenzene groups.[29] This supports our view that
interactions like hydrophobic interactions, p stacking, and
interactions between ammonium salt and aromatic groups
locally restrict motional freedom of the chromophores, thereby
markedly affecting the trans/cis-photoisomerization process. In
general, aggregation phenomena are not rare with dendrimers,
and they have recently been observed for generation 5 starburst
dendrimers with similar amino surfaces.[30]


Molecular simulations


In an effort to further explain the spectroscopic behavior of the
dendrimers, molecular dynamics simulations of dendrimer 1
were carried out in an explicit solvent model. A simulation of
100 ps at 300 K and 200 ps at 1000 K was performed and
analyzed for dendrimer 1 with all azobenzene moieties in the
trans configuration and also for dendrimer 1 with one azoben-
zene moiety in the cis configuration. The only observable feature
was the transient formation of hydrophobic clusters consisting
mainly of benzene rings from two or more AMPB groups in the
1000-K simulations. From the trajectories it became visible that
for the cis isomer of AMPB both benzene rings of the AMPB
moiety can be involved in the same hydrophobic cluster,
whereas for the trans isomer this is not possible. This result
offers an explanation for the stabilization of the cis configuration
relative to the trans configuration and thus the presence of the
cis isomer even in the thermodynamically relaxed state.


Conclusions


Azobenzene-functionalized dendritic peptides are conveniently
and efficiently synthesized on a solid support and can be
obtained in good yields and satisfactory homogeneity under
optimized conditions without the need for nontrivial purification
steps. The dendritic peptides are photoresponsive systems, with
the cis/trans photoisomerization occurring in a reversible
manner in both organic and aqueous media. The NMR and UV
spectroscopic analyses clearly revealed that the cis/trans isomer-
ization is affected by intra- and intermolecular interactions and
that this effect, as expected, is more pronounced in the
octavalent dendrimer 2. Nonetheless, at higher dilution the
light-induced isomerization occurs even in aqueous media to
extents that may be exploited to photomodulate, through the
local geometrical changes, molecular recognition processes
between ligands grafted to the dendrimer and receptor
molecules.


Experimental Section


General: Chlorotrityl-modified resin was purchased from PepChem
GmbH (Tübingen, Germany). All reagents and solvents used in the
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synthesis were of the highest quality commercially available. Amino
acid derivatives were purchased from Alexis (Grünberg, Germany). CE
was carried out on Spectra Phoresis 1000 equipment (Tsp, Darm-
stadt) using an underivatized fused silica capillary column (57 cm�
75 mm; length� ID). MALDI-TOF mass spectra were obtained on a
Bruker Reflex III time-of-flight mass spectrometer (Bruker ± Franzen,
Bremen, Germany) equipped with a SCOUT probe. Desorption ± io-
nization was achieved by a 337 nm nitrogen laser, followed by
subsequent gridless delayed extraction. Dihydroxybenzene (DHB)
was used as matrix. Amino acid analyses of the acid hydrolysates (6 M


HCl, 110 8C, 72 h) were performed on a Biotronic analyzer (LC 6001).


Syntheses of the dendrimers 1 and 2


The dendritic peptides were synthesized manually by applying
Fmoc/Boc chemistry on chlorotrityl resin loaded with Fmoc-glycine
(loading: 0.5 mmol gÿ1) according to the protocol outlined in Table 1.
The syntheses were carried out on a 1.0 mmol scale using the
following amino acid derivatives: Fmoc-Cys(Trt)-OH, Fmoc-Lys(Boc)-
OH, Fmoc-Lys(Fmoc)-OH, and Fmoc-AMPB-OH (4).[15] For all coupling,
Fmoc cleavage and washing steps freshly distilled N-methyl-2-
pyrrolidone (NMP) was used as solvent. Coupling efficiency was
monitored by the Kaiser test and/or by HPLC analysis upon
treatment with trifluoroacetic acid (TFA) of an analytical sample of
the resin-bound peptide. For coupling of Fmoc-Cys(Trt)-OH the
amount of the auxiliary base diisopropylethylamine (DIEA) was
reduced from 8 to 5 equiv to suppress racemization.[15] Longer
reaction times (4 h) and excess of reagents were required for
complete deprotection of the four- and eightfold Fmoc-protected
dendritic peptides. In the final coupling steps, only 3 and 2 equiv of
HBTU/HOBt/Fmoc-Lys(Fmoc)-OH and HBTU/HOBt/Fmoc-AMPB-OH,
respectively, were used (HBTU� 2-(1H-benzotriazol-1-yl)-1,1,3,3-tet-
ramethyluronium hexafluorophosphate; HOBt�N-hydroxybenzo-
triazole), but the reaction times were extended to 2 h. At this stage
of the synthesis the resin was further washed with CH2Cl2/
trifluoroethanol (TFE) (1:1) between each coupling step. Sometimes
a third coupling step was required for quantitative aminoacylation of
the dendritic peptide. Final deprotection and resin cleavage was
performed with TFA/CH2Cl2/H2O (18:1:1) and 1,2-ethanedithiol as
scavenger at room temperature for 12 h. The resin was removed by
filtration and the filtrates were evaporated to dryness. The residues
were dissolved in small amounts of TFE and the crude products were
precipitated with diethyl ether. The precipitates were collected by
filtration or centrifugation and dried. The excess Fmoc-AMPB-OH (4)
was partially recovered from the coupling solution containing HBTU/
HOBt/DIEA by addition of water. A precipitate was formed which was
isolated by filtration and extensively washed with MeOH.


(H-AMPB)4-(a,e-Lys)2-(a,e-Lys)-(Lys)4-Cys-Gly-OH (1): Yield: 44 %; CE
(�15 kV, 10 mM phosphate buffer containing 0.10 mM EDTA, pH 3.1,
detection at 210 nm and at 330 nm, T�60 8C): tm�5.6 min; MS
(MALDI-TOF): m/z : calcd 2024 for C103H138N28O14S1, found 2024
[M�H�] ; amino acid analysis: Gly 1.00 (1), Cys 0.80 (1), Lys 6.65 (7);
peptide content: 64 %. 1H and 13C NMR chemical shifts of 1 and 2 are
virtually identical and are, therefore, reported only for compound 2.


(H-AMPB)8-(a,e-Lys)4-(a,e-Lys)2-(a,e-Lys)-(Lys)4-Cys-Gly-OH (2):
Yield: 46 %; CE [�15 kV, 30 mM phosphate buffer containing
0.30 mM EDTA, pH 3.1, detection at 210 nm and at 330 nm, T�
60 8C): tm�9.7 min; MS (MALDI-TOF): m/z : calcd. 3486 for
C183H230N48O22S1, found 3487 [M�H�] ; amino acid analysis: Gly 1.00
(1), Cys 0.64 (1), Lys 8.43 (11); peptide content: 79 %; 1H NMR
(500 MHz, H2O, 27 8C, 3-trimethylsilylpropionic acid (TSP)): d�4.25
(br, 11 H, Lys-Ha), 1.76 (br, 22 H, Lys-Hb), 1.38 (br, 22 H, Lys-Hg), 1.65
(br, 6 H, Lys-Hd(free)), 1.4 ± 1.6 (br, 16 H, Lys-Hd(azo)), 2.96 (br, 6 H, Lys-
He(free)), 2.9 ± 3.3 (br, 16 H, Lys-He(azo)), 7.47 (br, 6 H, Lys-NeH2(free)),


8.0 ± 8.4 (br, 16 H, Lys-NeH(azo)), 8.55 (br, 1 H, Cys-NH), 4.62 (br, 1 H,
Cys-Ha), 2.85, 2.55 (br, 2 H, Cys-Hb), 8.42 (br, 1 H, Cys'-NH), 4.69 (br,
1 H, Cys'-Ha), 2.97, 3.20 (br, 2 H, Cys'-Hb), 8.30 (br, 1 H, Gly-NH), 3.95
(br, 2 H, Gly-Ha) ; 13C NMR (126 MHz, H2O, 27 8C, TSP): d� 56.4 (br,
11 C, Lys-Ca), 33.3 (br, 11 C, Lys-Cb), 24.8 (br, 11 C, Lys-Cg), 29.0 (br, 3 C,
Lys-Cd(free)), 30.5 (br, 8 C, Lys-Cd(azo)), 42.1 (br, 6 C, Lys-Ce(free)), 42
(br, 8 C, Lys-Ce(azo)), 52.4 (br, 1 C, Cys-Ca), 64 (br, 1 C, Cys-Cb), 55 (br,
1 C, Cys'-Ca), 44.6 (br, 1 C, Gly-Ca).


UV spectroscopy: UV spectra were recorded on a Lambda 19
spectrometer (Perkin ± Elmer). A xenon lamp 450 XBO (Osram,
München) was used for irradiation at 360 nm (filter from Itos, Mainz)
with a light intensity of 0.5 mW cmÿ2. For the UV measurements the
following solvents and buffers were used: DMSO, TFE, ethylene
glycol, and 0.1 M sodium phosphate containing 1 mM EDTA (pH 3.1).
All the buffers were degassed and saturated with argon, and the
corresponding UV samples were prepared under an argon atmos-
phere. All the measurements were carried out at 25 8C and at a
peptide concentration of 10ÿ6 M unless stated otherwise.


NMR spectroscopy: NMR spectroscopic measurements were per-
formed on Bruker AMX400 and DRX500 spectrometers using ca.
3 mM samples of 1 and 2 in H2O/D2O (9:1, v/v). For signal assignments
2D 1H ± 1H TOCSY and ROESY as well as 2D 1H ± 13C HSQC spectra were
acquired at 280 K, 300 K, and 320 K with a proton sweep width of
10 ppm centered on d� 4.73 (water) and a carbon sweep width of
150 ppm centered on d� 75.[16] Additionally, as the observed line
width was much larger than expected, 1D ± 1H inversion recovery
experiments and 1D ± 1H spin lock experiments with variable spin
lock times at 300 K for both samples and at 320 K only for compound
2 were performed. Approximate relaxation times were extracted
assuming single exponential behavior, although overlap leading to
multiexponential decay curves was observed for some signals.
However, the relaxation measurements were used only in a semi-
quantitative manner to distinguish between heterogeneous and
homogeneous line broadening. For reference the same 1D 1H ± T1


and 1H ± T11 relaxation measurements were performed with solutions
of a 1.1 kDa cyclic peptide and a 13 kDa protein, both with
approximately spherical structures and with no tendency to
aggregate (data not shown).


Molecular dynamics simulations: Molecular dynamics simulations
were carried out with the DISCOVER module of the INSIGHT II
software (MSI, San Diego) for dendrimer 1 in a water box of size
5 nm� 4 nm�4 nm containing approximately 2500 water mole-
cules. In all simulations the CVFF force field was used and the step
size was 1 fs. Snapshots were saved each picosecond. Two temper-
atures were used: At 300 K, a 100-ps trajectory was performed after
minimization and equilibration for 10 ps at 10 K; at 1000 K, 200 ps
were simulated after 50 ps of equilibration at 1000 K. The calculations
were performed for dendrimer 1 with all azobenzene moieties in the
trans configuration and for dendrimer 1 with one azobenzene group
in the cis configuration.
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Locating the Metal Ion in Calcium-Binding
Proteins by Using Cerium(III) as a Probe
Ivano Bertini,*[a, b] Yong-Min Lee,[a, b] Claudio Luchinat,[a, c] Mario Piccioli,[a, b]


and Luisa Poggi[a, b]


The detection and assignment of NMR spectroscopic signals of
carbon atoms from carbonyl and carboxylate groups in the loop
hosting the CeIII ion was performed for the cerium-substituted
calcium-binding protein calbindin D9k . This provided a tool to
characterize in solution the first coordination sphere of the metal
ion. Due to the well-documented possibility of replacing calcium
with metal ions of the LnIII series, this approach turns out to be
extremely efficient for characterizing in solution the coordination of
calcium ions in proteins, independently of the availability of X-ray


crystal structures. The present approach completes the structural
characterization of lanthanide-substituted calcium-binding pro-
teins, for which the role of long-range constraints arising from
hyperfine interaction and self-orientation has already been
assessed.


KEYWORDS:


calcium ± binding proteins ´ cerium ´ metalloproteins ´
NMR spectroscopy ´ structure elucidation


Introduction


A major problem in the solution structure calculation by NMR
spectroscopy of metalloproteins in general and of calcium-
binding proteins in particular is that of characterizing the metal-
binding site and detecting the donor atoms.[1] In this work, the
determination of the metal ligands in a cerium-substituted
calcium-binding protein is accomplished by further extending
the NMR spectroscopic approach to paramagnetic metallopro-
teins. The protein studied in this work is calbindin D9k , which is a
75-amino-acid protein with two bound calcium ions.[2] It is
possible to selectively replace[3, 4] CaII with CeIII in site II (the
archetypal EF C-terminal site) and use pseudocontact shifts
(dpc)[5, 6] and partial orientation,[7, 8] both induced by the para-
magnetic ion, to refine the solution structure of the protein.[9±13]


The pseudocontact-shift-based approach can locate the metal
ion in the protein frame, but does not help in identifying the
donor atoms. Signals of protons close to the metal ions are
broadened, sometimes beyond detection, by the presence of the
paramagnetic center.[14] A possibility to considerably extend the
amount of NMR spectroscopic information around the para-
magnetic site is offered by the availability of 15N- and 13C-labeled
samples. The paramagnetic contribution to relaxation is scaled
by a factor (gH/gI)2 (I� 15N, 13C), which favors direct 15N and 13C
detection over 1H detection for the residues in the immediate
vicinity of the paramagnetic center.[15]


Here we report the identification of all the C�O groups
coordinating the metal ion in the CeIII-substituted protein
through detection and assignment of their 13C signals by using
one-dimensional (1D) 13C NMR and 13C ± 13C correlated spectros-
copy (COSY) experiments. The identified signals were correlated
to the already assigned 1H signals by a combination of double-
and triple-resonance experiments.


Results


Since we are interested in characterizing the first coordination
sphere of the metal ion, we aim at a complete assignment of the
protein nuclei and in particular at identifying signals of nuclei
whose hyperfine parameters indicate strong interactions with
the metal ion. To achieve this goal, the already available
assignment of 1H and 15N signals[9] was extended to 13C signals
of backbone and side chains by means of triple-resonance
experiments. HNCA, HNCO, HCACO, and (H)CCH-TOCSY data
were therefore collected with 600- or 700-MHz spectrometers.
Because of broadening effects induced by the paramagnetic
center, no sequential backbone assignment is available in the
region encompassing residues 55 ± 62 (part of site-II binding
loop). Tailored versions of 1H ± 13C HMQC,[16] 1H ± 15N HMQC,[17]


and (H)CCH-TOCSY experiments[18] were used to identify signals
in the proximity of CeIII. Paramagnetic broadening is propor-
tional to the square of the nuclear gyromagnetic ratio g. The
relative values of g for 1H, 13C, and 15N nuclei are 1:0.25:ÿ 0.1,
respectively, and thus the relative contribution to overall
relaxation arising from the hyperfine interaction is
1:0.0625:0.01, respectively. As a consequence, the loss of
information for 13C and 15N assignments in the proximity of the
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paramagnetic center cannot be due to excessive broadening of
the heteronuclear signal, but, in most cases, to the quenching of
coherence transfer in inverse-detected experiments, due to 1H T2


relaxation. Therefore, to identify 13C signals that escaped
detection through inverse detection techniques, we used the
direct detection of 13C signals. This allowed us to identify those
signals that were most affected by hyperfine relaxation, that is,
carbon signals at shorter distances to the CeIII ion.


Because sensitivity depends on g3/2 of the observed nucleus
and on the g value of the excited one, direct excitation and
detection of 13C nuclei is obviously unfavorable with respect to
polarization transfer and indirect detection through proton
nuclei for any standard application.[19] However, relaxation rates
depend on g2 of the observed nucleus. Therefore, the loss in
sensitivity related to the direct detection of 13C should be more
than compensated by a smaller contribution to relaxation due to
hyperfine interaction. In the latter case, 13C relaxation is
operative during evolution times, while in experiments based
on inverse detection, signal strength is lost during the coherence
transfer from 1H to 13C and vice versa, mostly because of 1H
relaxation. To connect the observed fast-relaxing carbon signals
to the already identified spin systems, a proton-decoupled
13C ± 13C COSY experiment was performed. Because of the
relatively high values of the 13C ± 13C coupling constants and
the limited effects of hyperfine relaxation on 13C signals, COSY
connectivities among 13C spins were successfully detected. The


quenching of coherence transfer induced by the paramagnetic
center has been used as a marker to qualitatively assess
relaxation properties of those 13C carbon signals for which a
precise estimate of their T1 values was not possible in one-
dimensional 13C experiments.


Use of 13C direct detection


Nuclear line broadening in paramagnetic systems arises from
different electron ± nucleus coupling mechanisms, that is, dipo-
lar, contact, and Curie contributions.[20] Contact contributions are
difficult to estimate a priori, and can be nonnegligible for 13C
nuclei of coordinated C�O groups. The relative weights of
dipolar and Curie contributions can be obtained from reason-
able estimates of ts (in the range of 1 ± 6� 10ÿ13 s) and tr (ca. 4�
10ÿ9 s), respectively.[20±22] Dipolar line broadening is essentially
field-independent, whereas Curie broadening increases with the
square of the field strength. The signal linewidth (in ppm), which
should be minimal for maximal spectral resolution, is thus
expected to decrease and then increase with increasing field.
Among lanthanide ions, CeIII is the one (except EuIII, which has a
diamagnetic ground state) where the minimum is centered at
relatively high field strength and extends over a wide range of
field strength values, at proton Larmor frequencies between 200
and 600 MHz (Figure 1). Therefore, 13C direct detection experi-
ments were collected using 400- and 600-MHz spectrometers
(100 and 150 MHz 13C Larmor frequency, respectively), with
probes optimized for direct detection.


Figure 1. Relative variation of 13C-nuclear linewidth in ppm, due to para-
magnetic effects of cerium(III) (^, left-hand scale) and dysprosium(III) (*, right-
hand scale) ions. The linewidths are normalized to the cerium(III) linewidth at
2.35 T (100 MHz in proton Larmor frequency). The shallower field dependence in
the case of cerium(III) allows the use of relatively high magnetic field strengths.


The 1D 13C NMR spectrum of CaCeCb (Cb� calbindin D9k)
shows four resolved peaks (labeled A ± D in Figure 2 A) that
appear to be hyperfine-shifted. To identify the occurrence of
peaks not shifted out of the C�O envelope of diamagnetic
resonances, but still affected by hyperfine interaction, a 13C-
detected weft experiment[23] was performed. The sequence
(1808 ± t ± 908) was used with the aim to tune the interpulse
delay t to minimize the intensity of diamagnetic resonances. The
resulting 13C NMR spectrum is shown in Figure 2 B: Three peaks
affected by hyperfine interaction can be detected in the range
between d� 170 and d�185 (signals E ± G). Chemical shift
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Figure 2. A) Standard 150-MHz 13C NMR experiment performed upon direct
detection of 13C. Only the region involving signals of quaternary carbon atoms is
shown. The region involving signals C and D has also been expanded. This allows
to better analyse the fine structure of signals C and D. B) 13C-detected weft
experiment; data were collected by using 1.5 and 0.5 s of recycle and interpulse
delays, respectively. Signals are labeled as in Table 1.


values of signals A ± G are summarized in Table 1 (column 2). The
T1 values could be determined, by nonselective inversion
recovery experiments, for the isolated signals A ± D and they
were found to be in the range of 100 ± 250 ms (see Table 1,
column 3). The T1 values of signals E ± G can be set smaller than
700 ms from a 13C-detected weft experiment performed with a
500-ms interpulse delay (Figure 2 B). Signals E ± G are observed
with weak, positive intensity indicating a Tnull time shorter than
500 ms. This allows to evaluate an upper limit of 700 ms for their
T1 values. Signals A ± G show a significant temperature depen-
dence.


According to Bleaney,[24] the temperature dependence of
lanthanide-induced pseudocontact shifts should be of the type
Tÿ2. Contributions arising from terms displaying Tÿ3 temperature
dependence should vary in the lanthanide series, but not exceed
10 ± 20 %.[25] The intercepts at infinite temperature of the 1/T2


plot of the observed temperature dependence, experimentally
obtained in the range 300 ± 285 K, are listed in Table 1 (col-
umn 4). Despite the approximation of this approach and
possible contact contributions, for which the temperature
dependence is of the Tÿ1 type,[26] the intercept of the plot
indicates that peaks A ± G belong to 13C atoms of carbonyl and/
or carboxyl moieties.


Some of the A ± G signals show a fine structure that provides
hints for their assignment. Signal A is a doublet (d) with a
coupling constant of ca. 57 Hz, while C and D are two doublets of
doublets (dd) with coupling constants of about 56 and 16 Hz,
respectively. According to Scheme 1, signal A is assigned to a
side-chain carboxyl C�O moiety, showing only the scalar
coupling with the strongly scalar-coupled carbon atom of the
chain. Signals C and D can correspond either to a side-chain
amide or a peptide C�O group because of the additional
observed coupling with a nitrogen spin.


Scheme 1. Scalar couplings and multiplicity for 13C�O moieties of amide,
peptide backbone, and carboxyl groups.


To obtain scalar correlations between C�O and aliphatic 13C
signals, a two-dimensional (2D) 13C ± 13C COSY spectrum was
recorded. An expansion of the region of interest is shown in
Figure 3 A. All signals A ± G show scalar correlations with carbon
signals lying in the aliphatic region. Connectivities involving
signals A ± G are very weak, but they could be unambiguously
detected through optimization of the number of data points to
be used for the Fourier transformation in both dimensions.[27]


The intensity of the cross peaks with respect to diamagnetic
homonuclear correlations involving carbon resonances confirm
that hyperfine-relaxation mechanisms are strongly operative. In
the case of signals E and G, the cross peaks observed with their
aliphatic carbon atoms are as weak as those observed from
signals A ± D, for which T1 values are in the range of 100 ± 250 ms.
Therefore, although no quantitative estimate of T1 for signals E
and G was possible and only an upper limit of 700 ms was
estimated from 13C weft experiments (see Table 1), we can now,


Table 1. 13C signals identified in the proximity of the metal center in calcium-binding site II.[a]


Peak d (Ce) T1 [ms] Intercept (d) Assignment d (Ca) d (La) dhyp (Ce-La) dpc calc dcon calc Coordination
of Tÿ2 plot


A 196.6 (d) 232 178.5 Asp 54-COOÿ 176.7 176.3 � 20.3 1.2 to 3.9 19.1 to 16.4 bound
B 187.0 157 194.0 Glu 65-COOÿ 185.0 188.0 ÿ1.0 ÿ 9.3 to 1.0 ± bound
C 167.0 (dd) 251 ± Val 61-CO 173.3 171.9 ÿ4.9 ÿ 3.2 to ÿ2.9 ÿ 1.7 to ÿ2 not bound
D 164.4 (dd) 126 177.4 Asn 56-CONH2 175.6 177.2 ÿ 12.8 ÿ87.0 to 11.5 ± bound
E 182.5 < 700[b] 171.2 Glu 60-CO 173.5 174.5 �8.0 ÿ 4.3 to ÿ1.7 12.3 to 9.7 bound
F 176.3 < 700[b] ± Gly 59-CO 170.5 171.0 �5.2 4.7 to 5.2 0.5 to 0 not bound
G 172.5 < 700[b] 189.6 Asp 58-COOÿ 180.0 183.0 ÿ 10.5 ÿ14.4 to 25.3 ± bound


[a] Characterization and assignments are discussed in the text. [b] Transverse relaxation of signals E and G appears comparable to that of signals A ± D from a
qualitative inspection of 13C ± 13C COSY spectra. ± hyp�hyperfine, pc�pseudocontact, con� contact.
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Figure 3. 13C ± 13C COSY experiment; data were collected at 150 MHz (14.1 T) and
300 K for the derivatives CaCeCb (A), CaLaCb (B), and CaCaCb (C). Only the
spectral region involving connectivities between quaternary carbon atom
resonances (F2) and carbon atom resonances of the aliphatic region (F1) is
shown. Cross peaks arising from previously identified quaternary carbon atom
signals (A ± G) for the three samples are indicated according to the labeling of
quaternary carbon atom resonances. All experiments were performed over a
spectral window of d� 220 in both dimensions, using a 1024� 256 data point
matrix. 640 transients were acquired using a relaxation delay of 500 ms for
CaCeCb and of 800 ms for both CaLaCb and CaCaCb, for a total experimental
time of 26 and 30 h, respectively. Data were multiplied by a squared sine-bell
weighting function in both dimensions before Fourier transformation.


on the basis of their T2 relaxation properties, unambiguously
include signals E and G with the signals from those carbon atoms
that are about as close to CeIII as the ones that give rise to signals
A ± D.


Assignment strategy


A three-step approach was used to achieve the sequence-
specific assignment of the signals of the atoms close to the
paramagnetic CeIII ion that had been identified through the
direct 13C experiments described in the previous section. The first
step represents the unambiguous assignment of backbone 13C
and 15N signals, starting from the available 1H signal assignment.
This was achieved by extending the backbone assignment
already available for 1H and 15N signals[9] to 13Ca and 13CO
through HMQC (both 1H ± 13C and 1H ± 15N), HNCA, and HNCO
experiments. Additional 15N signals of residues in the proximity
of the metal center, previously unidentified, could be assigned.
The second step was the assignment of 13C signals of the side


chains. This was largely achieved with (H)CCH-TOCSY, which was
performed in the standard version[28] and also in a tailored, two-
dimensional version optimized to detect fast-relaxing spin
systems.[18] The final step consists of identifying coupling
patterns between the last CH2 moiety of the side chain and
the coordinating side-chain C�O group. The previously descri-
bed carbon-detected experiments were crucial for this step. As
our aim is to identify metal-bound residues, we will first focus on
the assignment of the seven 13C signals affected by hyperfine
contributions. Additional assignments, involving residues to
which signals A ± G belong, will also be discussed.


Signal A (d� 196.6) shows a well-defined cross peak in the 13C ±
13C COSY spectrum (Figure 3 A) with a carbon signal at d�36.6.
The latter is connected, in the 1H ± 13C HMQC spectrum, with a
proton signal at d�ÿ1.2 that is unambiguously assigned[9] to
Asp 54-Hb (Figure 4). Signal A is therefore identified as the C�O
moiety of the carboxyl group of Asp 54. This is consistent with
the doublet fine structure of signal A (Table 1 and Scheme 1).
Asp 54-Ca was assigned by 1H ± 13C HMQC, as the Ha proton is
well shifted at d�ÿ7.5 (Figure 4).


Figure 4. 1H ± 13C HMQC experiment, performed at a proton Larmor frequency of
600 MHz and a temperature of 300 K. To identify connectivities involving fast-
relaxing resonances, a delay of 1.67 ms (half of the delay for diamagnetic systems)
was used for the double-quantum polarization transfer to compensate for
transverse proton relaxation. A 2048� 154 data point matrix was acquired, with
128 scans for each transient, by using a recycle delay of 250 ms. Signals that were
found to be relevant to the assignment of metal-bound residues are indicated
with arrows, together with their assignment.


Signal B (d� 187.0) gives a 13C ± 13C COSY peak at d�47.1
(Figure 3 A). The latter signal gives peaks in the 1H ± 13C HMQC
and in the (H)CCH-TOCSY experiments (Figure 5) with a signal at
d�10.68, formerly assigned[9] to Glu 65-Hg. This allows the
identification of signal B as the side-chain C�O group of Glu 65.


Signal C (d� 167.0) shows a correlation in the 13C ± 13C COSY
spectrum with a signal at d� 51.7 (Figure 3 A), which is assigned
to Val 61-Ca on the basis of 1H ± 13C HMQC (Figure 4). The peculiar
shift of Val 61-Ha (ÿ10.28)[9] is such that the assignment is
unambiguous. The whole Ca-Cb-Cg coupling pattern is evident in
the (H)CCH-TOCSY spectrum (Figure 5).
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Figure 5. 700-MHz 2D (H)CCH-TOCSY experiment. The experiment was per-
formed by using a spin-lock time and a relaxation delay of 2.9 and 280 ms,
respectively. Polarization transfer delays for the 1H-to-13C INEPT, refocusing 13C,
and inverse-refocused INEPT were 700 ms (instead of 1.6 ms), 475 ms, and 500 ms
(instead of 1.1 ms), respectively. A 1024� 100 data point matrix was acquired,
each transient consisting of 640 scans. Signals that were relevant to the
assignment of metal-coordinated residues are labeled.


Signal D (d� 164.4) is coupled in the 13C ± 13C COSY spectrum
with a carbon signal at d�33.2 (Figure 3 A). The latter can be
assigned to the Cb atom of Asn 56 thanks to the peculiar shift of
Hb signals that can be easily recognized in a 1H ± 13C HMQC
experiment (Figure 4). The fine structure of signal D (a doublet of
doublets) supports the assignment as the Asn 56 C�O side chain.
The assignment of Ca was obtained on the basis of (H)CCH-
TOCSY experiments, showing a weak connectivity between Hb


and Ca at d� 46.5 (Figure 5). The side-chain Hd
N proton signal at


d�2.78 gives a 1H ± 15N HMQC peak with a nitrogen signal,
which is therefore assigned to Nd (data not shown).


Signal E (d� 182.5) shows a connectivity with Val 61-NH in an
HNCO experiment, and it is therefore assigned to the backbone
C�O group of Glu 60. The Ca assignment of Glu 60 is obtained
from HNCA. The 1H ± 3C HMQC experiment (Figure 4) assigns the
signal at d� 5.6 to the Ha proton.


Signal F (d� 176.3) shows, besides the 13C ± 13C COSY connec-
tivity with a carbon signal at d� 48.8 (Figure 3 A), a clear HCACO
connectivity with a peak at d�7.77 (data not shown). This


correlation is confirmed from 1H ± 13C HMQC (Figure 4). There-
fore, signal F is assigned to Gly 59-C�O.


Signal G (d� 172.5) is connected in the 13C ± 13C COSY spectrum
with a peak at d�46.1 (Figure 3 A). The latter is identified, from
(H)CCH-TOCSY (Figure 5), as being part of the spin system of
Asp 58. The Ha signal, found by sequential assignment at d�
7.25, is connected to two carbon signals at d� 56.7 and 46.1. The
Ca signal was assigned to the resonance at d� 56.7 by analysis of
1H ± 13C HMQC in the spectral region downfield with respect to
the water signal (Figure 4). Therefore, the signal at d� 46.1 is
assigned to Cb and signal G to the Asp 58 carboxylate. A fast 1H ±
15N HMQC experiment allowed also the assignment of the
backbone nitrogen signal at d�122.0.


The assignments of signals A ± G are summarized in Table 1
(column 5). The overall assignment described above is summar-
ized in Table 2.


Observed hyperfine shifts


To obtain the overall hyperfine contributions to the 13C-inves-
tigated signals, the COOÿ signals of Asp 54, Asp 58, and Glu 65,
the CONH2 signal of Asn 56, and the backbone C�O signals of
Gly 59, Glu 60, and Val 61 were assigned also in the CaCaCb and in
the CaLaCb derivative. Although the native form of the protein
contains calcium, we decided to use the data obtained from the
CaLaCb derivative as a diamagnetic reference for CaCeCb.[12]


Indeed, the use of LaIII as a blank eliminates the difference in
charge between CaII and CeIII and provides, in principle, a more
reliable reference than the calcium form to calculate hyperfine
contributions induced by the CeIII ion.[1, 12, 29]


To assign signals of interest in both CaCaCb and CaLaCb, the
same series of experiments performed to analyze the CaCeCb
derivative was performed. Complete 1H and 15N NMR assigment
was available for the CaCaCb protein,[30, 31] while an assignment
of amide group 1H and 15N signals of CaLaCb was available from
1H ± 15N HSQC experiments.[12] At variance with the case of the
CeIII derivative, in which fast proton relaxation limited the
efficiency of proton-detected experiments, an HCACO experi-
ment[32] turned out to be quite helpful.


Chemical shift values for CaII and LaIII derivatives are reported
in Table 1 (columns 6 and 7). The comparison of 13C ± 13C COSY
experiments performed on the CaCaCb and CaLaCb derivatives


Table 2. Resonance assignment for nuclei in the proximity of the metal center in metal-binding site II for CaCeCb.[a]


Residue C�Obb
[b] N NH Ca Ha Cb Hb Cd Hd Hg Ng C�Osc


[c]


Asp 54 115.1 6.33 43.7[d] ÿ 7.49 36.6[d] ÿ 1.20, 2.48[d] 196.6[d] (d)
Asn 56 2.28 46.5[d] 2.54 33.2[d] ÿ 0.39, ÿ0.16 2.78, 7.53[d] 105.2[d] 164.4[d] (d)
Asp 58 182.0[d] 122.0[d] 17.95 56.7[d] 7.25[d] 46.1[d] 3.81, 0.92 172.5[d] (d)
Gly 59 176.3[d] 115.3[d] 20.84 48.8[d] 7.79, 7.77[d]


Glu 60 182.5[d] 27.04 53.7[d] 5.63[d] 1.29, 3.03 2.12, 2.30 176.3[d](g)
Val 61 167.0[d] 121.6 7.35 51.7[d] ÿ 10.28 27.0[d] ÿ 0.32 18.1[d] ÿ 3.23, ÿ1.03


Glu 65 176.2[d] 121.6 10.32 57.3[d] 5.29 27.9[d] 1.21, 3.06 47.1[d] 10.68 187.0[d](g)


[a] Only resonances of those residues that have been observed to have 13C�O signals affected by hyperfine interactions are reported. Signals of the five metal-
coordinated C�O groups are printed in boldface. [b] bb�backbone C�O, sc� side-chain C�O. [c] Carbon label (d, g) is indicated in brackets. [d] Assignments
obtained in the present work.
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with that performed on the CaCeCb derivative is shown in
Figures 3 B and C. It is shown that, while the other features of the
spectrum are only slightly changed when passing from CaII to
LaIII, at least two signals of metal-coordinated side chains
(signals B and G) are strongly affected by the change of the
metal ion.


Discussion


Identification of metal-coordinating residues


Seven signals of quaternary 13C atoms were found to be affected
by hyperfine interaction (either shift, relaxation, or both).
Therefore, they are the most likely candidates to be involved
in a direct bond with the CeIII metal ion. As described in the
previous section, these signals were assigned to three side-chain
carboxyl groups (Asp 54, Asp 58, and Glu 65), one side-chain
amide group (Asn 56), and three backbone C�O groups (Gly 59,
Glu 60, Val 61).


For Asp 54-Cg and Glu 65-Cd, T1 values were determined to be
about 230 and 160 ms, respectively. Assuming 0.7 sÿ1 as a
reasonable estimate for relaxation rates of quaternary 13C
resonances in the absence of hyperfine interaction,[33] hyperfine
contributions from these resonances were 3.7 and 5.5 sÿ1,
respectively. Considering a correlation time in the range of 4 ±
6 ns for CaCeCb and an electronic correlation time[20±22] for CeIII in
the range of 1 ± 6�10ÿ13 s, the above values give metal-to-
carbon distances in the range of 3.5 ± 4.3 and 3.3 ± 4.0 �,
respectively. These values have been calculated considering
the contribution of the electron ± nucleus dipole ± dipole cou-
pling[34] and the Curie spin relaxation,[35, 36] as the latter was
found to be nonnegligible for 13C relaxation. The above ranges
are consistent with metal coordination of the C�O group.
Although a quantitative estimate of Asp 58-Cg T1 is not available
(see Table 1), the intensity in the 13C ± 13C COSY experiment of its
Cb-Cg connectivity shows that Asp 58-Cg has relaxation properties
similar to those of Asp 54-Cg and Glu 65-Cd. Therefore, a range of
3.5 ± 4.3 � for the Asp 58-Cg ± Ce distance can safely be estimat-
ed. These short CeÿC distances are consistent with COOÿ


coordination (either in a monodentate or in a bidentate fashion)
to the metal ion.[37, 38]


Similar considerations hold for Asn 56, for which a CeÿCg


distance of 3.1 ± 3.9 � can be estimated. For this residue we
observe that also the 15Nd signal is barely detectable in the 15N
HMQC experiments, because significant hyperfine contributions
contribute to T2


1H relaxation of the terminal NH2 group. Proton
relaxation rate measurements for both Hd


N account for CeÿH
distances shorter than 5 � and show, again, that the Asn 56
CONH2 group is pointing toward the metal ion. Therefore, both
T1 and T2 data from carboxylate groups of Asp 54, Asp 58, Glu 65,
and the amide group of Asn 56 are fully consistent with the
coordination of an oxygen donor atom to the CeIII ion.


We are left with three C�O signals arising from backbone C�O
groups (Gly 59, Glu 60, Val 61) that are affected by hyperfine
interaction. For signals C and E (Glu 60 and Val 61), relaxation
rates indicate metal ± carbon distances in the range of 3.6 ± 4.5 �,
while the analysis of 13C ± 13C COSY data suggests that signal F


(Gly 59) has slightly longer relaxation times. At variance with side
chains, whose intrinsic mobility ensures the formation of a
metal ± oxygen bond whenever the metal ± carbon distance is
consistent with coordination, a short CeÿC distance for a
backbone carbonyl group does not necessarily imply a chemical
bond between the oxygen atom of the C�O group and the metal
ion. Indeed, even when a CeÿC distance shorter than 4 � is
found, the peptide dipole may not be properly oriented to have
the carbonyl oxygen atom at binding distance.


To solve this problem, information arising from hyperfine
shifts can be exploited. The latter not only contain structural
information arising from the pseudocontact contribution, but,
through contact shifts, are immediate markers of whether or not
the nucleus investigated bears unpaired electron density arising
from electron delocalization from the metal ion to its ligands.


The available solution structure of CaCeCb is sufficiently
resolved[39] to have a reliable backbone structure also in the
proximity of the cerium-binding site. On this basis, an ensemble
of 30 conformers can be used to calculate the expected
pseudocontact contributions to C�O signals of residues 59 ±
61. As the magnetic susceptibility tensor of the CeIII-substituted
protein is known,[9, 12] the program FANTASIAN[11] can be used to
predict the expected pseudocontact shifts of all signals.


The experimental hyperfine shifts arising from the presence of
the CeIII ion, measured with respect to the shifts of the LaIII


derivative, are reported in Table 1 (column 8). Such shifts are the
sum of a pseudocontact and a contact contribution, the former
being predictable in principle from the structural model and by
FANTASIAN calculations. However, as it appears from Table 1
(column 9), the predicted pseudocontact shifts for the carbox-
ylate groups, except one, span too large a range to be useful.
This is expected, due to the essential lack of constraints for these
groups, which leads to a large root-mean-square deviation. On
the other hand, within the ensemble of conformers of the
solution structure, the ranges of pseudocontact values for the
backbone C�O signals are far narrower, and therefore they can
be used to estimate the contact contributions (Table 1, col-
umn 10). Contact values in the range of d�0 to 0.5, 9.7 to 12.3,
ÿ1.7 to ÿ2.0 were found for Gly 59, Glu 60, and Val 61,
respectively. The above findings strongly suggest that only the
backbone C�O group of Glu 60 is directly bound to the CeIII ion.
Indeed, it is quite unlikely (and unprecedented) that two
backbone C�O groups from amino acids that are adjacent in
primary sequence form two direct bonds with the same metal
ion, and the results of FANTASIAN calculations are therefore
consistent with expectations. Based on the above considera-
tions, the residues coordinating the CeIII ion are identified and
summarized in Table 1 (column 11).


Comparison between X-ray and solution structures


The NMR solution structure does not provide direct information
about the coordination number of the CeIII ion. The possibility to
unambiguously identify binding residues from NMR data allows
us, by solution structure calculations, to link the metal ion to its
ligands and to impose oxygen-to-metal distances according to
the evidence of a chemical bond. The available NMR solution
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structures of calcium-loaded calbindin D9k ,[40] as well as other
NMR structures of calcium-binding proteins,[41±45] do not include
the CaII ion in the structure calculations, and no experimental
structural constraints involving the metal ion are included.
Another strategy that has been used is the incorporation of
distance restraints from CaII to oxygen carboxylate ligands,
based on a coordination model or obtained from other indirect
spectroscopic techniques.[46] The proposed approach allows us
now to have experimental, NMR-derived evidence of chemical
bonds between CeIII and oxygen ligands. Although previous
studies already proposed methods to assess, by means of NMR
spectroscopy, whether or not a metal ion is coordinated to
backbone carbonyl oxygen atoms within an EF-hand motif,[47]


this is the first time that all coordinating groups could be
identified by NMR spectroscopy. This allows the use of much
more reliable and restrictive constraints between the metal ion
and its ligands.


The five residues that have been found to coordinate the CeIII


ion are those residues that have been found to bind the CaII ion
in the X-ray crystal structure of calbindin D9k.[37, 38] This is, in a
way, an expected finding, because no dramatic changes are
expected in the chromophore. Given the high affinity of CaII and
LnIII for oxygen-containing ligands,[48] a possible structural
change, when passing from CaII to CeIII, could be a variation in
the number of water molecules bound to the metal center. Such
a change in the coordination number cannot be addressed by a
high-field NMR spectroscopic study, and should be investigated
by relaxometry techniques.[49] However, our aim here was the
direct identification of metal-bound residues without any
structural assumption. This is an important finding when dealing
with calcium-binding proteins, in the light of the increasing
popularity of the use of lanthanides as a tool to induce self-
orientation.[10, 12, 50±52] It is crucial to have tools to characterize
coordination number and coordination properties of lanthanide
ions to be able to reliably exploit any structural information
arising from their presence. Within this frame, the loss of detailed
structural information in the proximity of the metal center could
be a reasonable price to pay for exploiting long-range con-
straints arising from the paramagnet. On the other hand, it is
important to assess the location of the metal ion and the number
and position of metal-binding groups to properly place the
metal center within the protein structure.


A comment on the observed shifts


One of the questions that are always associated with the use of
pseudocontact shifts is the reliability of the diamagnetic
reference used to evaluate the hyperfine contributions.[29, 53]


The difference in charge between CaII and LaIII gives rise to
nonnegligible changes in chemical shift values for at least some
of the signals of residues that are bound to the metal center, as
shown in Figures 3 B and C. With the only exception of signal A,
for which a small change of d�0.4 is observed, the other four
C�O signals of the chromophore experience changes from d�
1.5 to 3.0. Noticeably, these effects are also nonnegligible for
those carbonyl groups that are not directly coordinated to the
metal ion such as Val 61, which experiences a change of d� 1.4


without being directly coordinated to the metal ion. It seems,
therefore, that the effects on the observed shifts are due to a
combination of electrostatic factors (which are observed also in
the absence of direct MeÿOÿC bonds) and deshielding effects
arising from charge polarization induced by changes in the
MeÿO bond strength. Changes in p polarization of the peptide
bond upon formation of the bond between metal ion and
backbone carbonyl oxygen atom in EF-hand proteins have been
pointed out from 15N chemical shift differences between the apo
and the holo forms of several calcium-binding proteins.[47]


Therefore, the replacement of CaII with LaIII is of little utility in
identifying metal ligands. On the other hand, substitution with a
paramagnetic metal is much more informative, thanks to the
presence of contributions to both shift and relaxation. Moreover,
the occurrence of nonnegligible contact shifts, which can be
assessed whenever reliable estimates of the pseudocontact
shifts are possible, further contributes to the identification of
those signals belonging to metal-bound residues.


The comparison of chemical shift values of the CeIII derivative
extrapolated at infinite temperature with those obtained for the
CaII and LaIII derivatives basically supports the idea that LaIII is a
better diamagnetic reference for CeIII than is CaII, although in the
case of Glu 60, the extrapolated value of CeIII is closer to that of
CaII than to that of LaIII (see Table 1). The agreement is only
qualitative, due to the fact that, even under the assumption that
pseudocontact shifts obey a Tÿ2 temperature dependence,
contact contributions, which depend on Tÿ1, are expected to
occur for signals of metal-coordinated residues. Due to the
limited temperature range available, the estimate of the effective
Tÿn order of the temperature dependence cannot be performed
on experimental grounds.


Finally, the separation of the observed hyperfine shifts into
contact and pseudocontact contributions, which has been
attempted (see Table 1, columns 9, 10) on the basis of FANTA-
SIAN[11, 54] calculations over the available solution structure,[39]


deserves a comment. The behavior of backbone C�O groups has
already been commented upon. The separation turned out to be
helpful to unambiguously identify Glu 60 as the only metal-
coordinated backbone carbonyl group. Its contact contribution
to hyperfine shifting was found to be around d��10. A similar
result is obtained in the case of Asp 54, whose contact shift is
estimated to be around d��17. It is possible that a positive
value of the contact shift of about d�10 ± 20 should also be
expected for the other coordinated C�O groups. If this were true,
estimated contact shifts of this order of magnitude could be
subtracted from the hyperfine shifts, and the resulting pseudo-
contact shift values could be used to further refine the position
of the coordinated side chains around the metal ion. This could
be attempted in the future, as more data on contact shifts of
CeIII-coordinated carboxylates will become available.


Conclusions


Combination of direct 13C detection and paramagnetic versions
of classic double- and triple-resonance experiments permits the
full signal assignment for the C�O groups around the para-
magnetic ion in CaCeCb, together with the identification of the
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coordinated ones. An extension of side-chain CH2 assignment is
also performed. This enables the characterization of the
chromophore of calcium-binding proteins by the simple tool
of lanthanide substitution. Of course, the investigation can be
extended to the other calcium-binding site by using a CeCeCb
sample.


Such information can be used to obtain structure refinement
through molecular dynamics simulations by exploiting further
structural constraints in the proximity of the paramagnetic
center. This method can be applied to solve structures far more
complicated than that of CaCeCb and can contribute to
mapping the spin distribution over the first coordination sphere
of the paramagnetic ions.


Experimental Section


Sample preparation: Protein expression[55] and purification[56] of
both the CaII and the apo form of the bovine Pro 43!Met 43 (P43M)
mutant[57, 58] of calbindin D9k was performed as previously reported.
The expression system was a generous gift from Prof. S. ForseÂn.
Uniformly [13C,15N]-labeled overexpressed P43M was obtained from
M9 minimal medium containing (15NH4)2SO4 as the sole nitrogen
source and [13C6]D-glucose as the sole carbon source. The cerium
substitution procedure has been described elsewhere.[9] The pH was
adjusted to 6.0 with 0.1 M NaOH or 0.1 M HCl. The samples were kept
at 4 8C between measurements.


NMR spectroscopy: All NMR experiments were performed at 300 K,
except when otherwise specified, on 1.5 ± 2.0 mM samples on Bruker
Avance 400, 600, and 700 spectrometers. One-dimensional 13C NMR
experiments were performed on Bruker Avance 600 or Bruker
Avance 400 spectrometers. To identify fast-relaxing resonances,
typical 13C NMR spectra were collected with about 190 000 scans,
using an overall recycle delay of 110 ms. Weft experiments[23] were
collected using a recycle delay of 1.5 s and an interpulse delay of
500 ms. To measure T1 of 13C resonances, inversion recovery data
were collected, each with 8096 scans, using a recycle delay of 2.3 s
and interpulse delays of 7, 15, 30, 60, 120, 250, 500, and 1000 ms,
respectively. To obtain the assignment the following set of experi-
ments was performed on Bruker Avance 600 and 700 spectrometers :
HNCA,[32] HNCO,[32] HCACO,[32] 2D (H)CCH-TOCSY,[28] 13C ± 13C COSY,
1H ± 13C HSQC, 1H ± 15N HSQC.[59] For most of these pulse sequences,
experiments were performed by using established parameters for
the investigation of biomolecules. (H)CCH-TOCSY, 13C ± 13C COSY, and
HSQC experiments were also tailored to the identification of fast-
relaxing signals. In the case of 13C ± 13C COSY, the acquired experi-
ments were processed by using different combination of the
effective number of data points. These parameters have been
chosen in such a way as to optimize, in the final 2D spectra, the
signal-to-noise ratio of the signals of interest.[27] The usual delays
required to ensure the evolution of 13C ± 1H and 15N ± 1H couplings
(typically 1�2J� 3.33 ms for CH couplings and 5.5 ms for NH
couplings) have been shortened to 1.4 and 1.0 ms, respectively.
The 13C ± 13C transfer during the isotropic mixing in (H)CCH-TOCSY
has been shortened to 2 ms. The same series of experiments used to
assign signals not affected by the hyperfine interaction in the
CaCeCb derivative was used to assign signals of interest in the native
form containing two CaII ions (CaCaCb) and in the derivative in which
CaII has been replaced by LaIII at site II (CaLaCb). All NMR spectro-
scopic data were processed with the Bruker XWINNMR software
package.
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Novel Dications with Unfused Aromatic Systems:
Trithiophene and Trifuran Derivatives
of Furimidazoline
Petr Bilik,[b] Farial Tanious,[b] Arvind Kumar,[b] W. David Wilson,[b] David W. Boykin,[b]


Pierre Colson,[c] Claude Houssier,[c] Michael FacompreÂ ,[a] Christelle Tardy,[a] and
Christian Bailly*[a]


We report the synthesis, interaction with DNA, topoisomerase II
inhibition, and cytotoxicity of two novel unfused aromatic
dications derived from the antimicrobial agent furimidazoline.
The central diphenylfuran core of furimidazoline has been replaced
with a trithiophene (DB358) or a trifuran (DB669) unit and the
terminal imidazoline groups were preserved. The strength and
mode of binding of the drugs to nucleic acids were investigated by
complementary spectroscopic techniques including spectrophoto-
metric, surface plasmon resonance, circular and linear dichroism
measurements. The trifuran derivative forms intercalation com-
plexes with double-stranded DNA, whereas the mode of binding of
the trithiophene derivative varies depending on the drug/DNA
ratio, as independently confirmed by NMR spectroscopic studies
performed with (A-T)7 and (G-C)7 oligomers. Two-dimensional NMR
data provided a molecular model for the binding of DB358 within
the minor groove of the AATT sequence of the decanucleotide
d(GCGAATTCGC)2 . DNase I footprinting experiments confirmed the
sequence-dependent binding of DB358 to DNA. The trithiophene


derivative interacts preferentially with AT-rich sequences at low
concentrations, but can accomodate GC sites at higher concen-
trations. DNA relaxation assays revealed that DB358 stimulated
DNA cleavage by topoisomerase II, in contrast to DB669. The
substitution of N-alkylamidines for the imidazoline terminal groups
abolished the capacity of the drug to poison topoisomerase II. At
the cellular level, flow cytometry analysis indicated that DB358,
which is about six times more cytotoxic than the trifuran analogue,
induced a significant accumulation of HL-60 human leukemia cells
in the G2/M phase. The incorporation of thiophene heterocycles
appears as a convenient procedure to limit the strict AT selectivity
of dications containing an extended unfused aromatic system and
to design cytotoxic DNA intercalating agents acting as poisons for
human topoisomerase II.


KEYWORDS:


DNA recognition ´ drug research ´ heterocycles ´
surface plasmon resonance ´ topoisomerase II


Introduction


The diphenylfuran derivative furimidazoline (DB60) was initially
designed as an antimicrobial agent derived from furamidine
(DB75) (Scheme 1). Diphenylfurans hold promise to treat Pneu-
mocystis carinii pneumonia (PCP) and other opportunistic
infections which often afflict immune-compromised popula-
tions, in particular patients with acquired immune deficiency
syndrome (AIDS).[1±5] But in addition to their antimicrobial
properties, DB60 and related compounds have shown significant
antiproliferative activities against various tumor cell lines,
including cells resistant to cisplatinum.[6]


The pharmacological activities of diphenylfurans and related
dications have been linked to their capacity to interact with
DNA.[7, 8] These drugs bind to the minor groove of DNA and
engage contacts with the edges of A ´ T base pairs. A pronounced
selectivity for AT-rich sequences has been clearly demonstrated
by footprinting studies and complementary spectroscopic
measurements. But the situation is slightly different with DB60.
We have shown that the substitution of the terminal imidazoline
moieties of DB60 for the amidine moieties of DB75 markedly
affects the sequence recognition process. Unlike other related


compounds possessing N-alkylamidines, DB60 can form inter-
calation complexes at GC sites, in addition to forming minor-
groove complexes at AT sites.[9] As a result, DB60 forms stable
complexes with AT sites at low concentrations, but at higher
concentrations the binding becomes totally nonspecific due to
additional intercalation of drug molecules into GC-rich sequen-
ces.[10]
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In addition, we discovered that DB60 was a poison for human
topoisomerase II and this effect correlated with its ability to
intercalate into DNA.[10] Thus DB60 bears unusual sequence-
dependent recognition properties and as such it represents a
useful template for the development of analogues endowed
with different sequence recognition properties and perhaps with
superior cytotoxic potential. In this context, here we report the
design of two novel analogues, DB358 and DB669 containing
three adjacent thiophene or furan heterocycles (Scheme 1). The
replacement of the central diphenylfuran core of DB60 with a
trithiophene or a trifuran unit preserves the overall crescent-
shape geometry of the molecules, but the substitution of the
extended unfused aromatic system may
alter the hydrogen-bonding capabilities
of the system. The central aromatic
system of these dications is a key element
for DNA sequence recognition. For exam-
ple, in the amidine series, the replace-
ment of the diphenylfuran moiety with a
phenyl-furan-benzimidazole structure af-
fords a compound capable of forming
tight complexes with GC-containing se-
quences through the formation of dimer-
ic motifs.[11] But here we kept the terminal
imidazoline groups, which facilitate the
intercalation process.[9]


Results


Chemical syntheses


The trithiophene DB358 was prepared in
five steps starting from 4-bromothio-
phene-2-carboxaldehyde (1) (Scheme 2).


The 1,4-diketone 2 was obtained by using Stetter chem-
istry.[12] Lawesson's reagent was employed to convert 1,4-
diketone into the corresponding dibromotrithiophene 3.[13]


The corresponding bisnitrile 4 was obtained by the action
of copper(I) cyanide in quinoline under reflux by using a
standard procedure.[1] The bisnitrile 4 was converted into
the bisimidazoline DB358 in a two-step process which
involves a Pinner-type formation of the bisimidate ester
salt followed by heating with ethylenediamine.[1] The
overall yield for formation of DB358 was 9.5 %.


The trifuran DB669 was prepared in three steps starting
from 2,5-bis(tri-n-butylstannyl)furan and 2-bromo-4-cyano-
furan (Scheme 3). The trifuran dinitrile 5 was obtained in
76 % yield from a Stille coupling reaction.[14] The dinitrile
was converted into the corresponding bisimidazoline by
using the same two-step process described for the
trithiophene analogue. The overall yield for formation of
DB669 was 47 %.


Interaction with DNA


A panel of complementary biophysical and biochemical
approaches was deployed to examine successively the


affinity, mode of binding to DNA, and sequence preference of
DB358 and DB669. These three aspects are presented in the
following sections.


DNA affinity : Thermal melting studies for DB358 and DB669
were done with poly(dA) ´ (dT), poly(dA-dT)2 , and calf thymus
DNA. The DTm (Tm of the drug ± DNA complex minus Tm of the
DNA alone) values collated in Table 1 show interesting differ-
ences between the thiophene and furan compounds. With the
AT polymers and DB358 the melting temperature is significantly
higher than with the furan derivative. In contrast, the measure-
ment with calf thymus DNA shows very similar results for the two


Scheme 1. Structures of the drugs mentioned in this study (furamidine (DB75),
furimidazoline (DB60), DB358, DB669, DB357, DB657). Hydrogen atoms of DB358 are
labeled for discussion of the NMR spectroscopy experimental results.


Scheme 2. Synthesis of the trithiophene DB358. a) Divinyl sulfone, 3-benzyl-5-hydroxyethyl-4-methylthiazo-
lium chloride, NaOAc, EtOH ; b) Lawesson's reagent; c) CuCN; d) HCl, EtOH; e) NH2CH2CH2NH2 , EtOH.


Scheme 3. Synthesis of the trifuran DB669. a) [Pd(PPh3)4] , dioxane ; b) HCl, EtOH ; c) NH2CH2CH2NH2 , EtOH.
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compounds. To obtain additional information about the inter-
action of the strong-binding trithiophene compound with
different DNA sequences, its interaction with three hairpin
oligomers was determined by surface plasmon resonance (SPR)
methods (Figure 1). All binding curves were fit by nonlinear least
squares to a model that assumed three approximately equal
binding sites on the oligomers. Three sites are required by the
magnitude of the SPR signal at high compound concentration.
More complex fitting models did not result in any significant


Figure 1. Determination of the affinity constants by SPR for DB358 complexed
with AATT (~), AT (*), and GC (&) sites. The experiment was conducted in MES
buffer containing 0.1 M NaCl at 25 8C. The r values were determined by using
Equation (1) and the RU values from the steady-state region of the sensor-
grams.[21] The r values are plotted versus the concentration of unbound DB358.
The results were fit by nonlinear least-squares methods to a three-site model
[Eq. (1)] . The hairpin DNA sequences are as follows: AATT� 5'-biotin-
CGAATTCGCTCTCGAATTCG-3'; AT� 5'-biotin-CATATATATCCCCATATATATG-3';
GC� 5'-biotin-CGCGCGCGTTTTCGCGCGCG-3'. The hairpin loop sequences are
underlined.


improvement in the quality of the fit. The binding constants
obtained for DB358 were 1.7�106 Mÿ1 for the alternating AT
oligomer, 1.4�106 Mÿ1 for the AATT sequence, and 0.6�106 Mÿ1


for the alternating GC sequence. The compounds thus exhibit a
slight AT specificity.


Mode of binding : The different behaviors of DB358 and DB669
were also evident from the spectrophotometric analysis per-
formed with the alternating polynucleotides poly(dA-dT)2 and
poly(dG-dC)2 . Both compounds have strong absorption bands in
the 300 ± 400-nm spectral region and the absorption spectra are
strongly perturbed when the drugs form complexes with DNA.
Titration of DB358 with poly(dA-dT)2 (Figure 2 a) shows changes
that suggest more than one type of binding mode. Up to a ratio
of [drug]/[DNA]� 0.5 there is a decrease in compound absorb-
ance and one isosbestic point, but when the concentration of
the DNA increases there is an increase in absorbance and a shift
of the absorption maximum from 351 to 363 nm. The spectral
changes are much larger on titration with the GC sequence
(Figure 2 b), but there is still no isosbestic point. Up to the ratio of
[drug]/[DNA]�0.5, there is a decrease in compound absorbance
and one isosbestic point. Above this ratio a strong shift of the
absorption maximum (from 351 to 369 nm) is observed with no
significant increase in compound absorption. Titration of DB669
shows decreases in absorbance and isosbestics points over the
whole range of concentrations for both polymers. The decrease
in absorbance is slightly larger during the titration with the GC
polynucleotide than with the AT sequence (Figures 2 c and 2 d).


The compounds have no circular dichroism (CD) spectrum
when free in solution, but have induced CD spectra in their
nucleic acid complexes. Titration of poly(d(A-T)2) with DB358
(Figure 3 a) shows significant increases in ellipticity both in the
DNA 260-nm band and in the drug absorption regions. The
negative band at 230 ± 240 nm became more negative in the
drug complex. There are two induced peaks in the drug
absorption region with peaks at 315 and 375 nm. There is no
induced CD on titration with poly(d(G-C)2) under the same
conditions. At low salt concentration and high ratios of
compound to DNA, a weak induced peak with maximum at
390 nm was seen (data not shown). CD titrations of poly(d(G-C)2)
with DB669 also indicated no changes of ellipticity in the whole
studied range of ratios in MES buffer. Titration of poly(d(A-T)2)
with DB669 shows practically no changes of the CD spectrum in
the DNA region but a small broad induced peak at 330 nm in the
compound absorption region (Figure 3 b).


The electric linear dichroism (ELD) spectra of DB358 and
DB669 bound to calf thymus DNA are presented in Figure 4 a. In
both cases, the reduced dichroism DA/A is negative in the drug
absorption band. In contrast to conventional minor-groove
binders such as furamidine, no positive signal was obtained. For
DB669, the 310 ± 350-nm negative band reflects the orientation
of the drug chromophore along the electric field. The fact that
DA/A depends almost similary upon the field strength for the
DB669 ± DNA complex at 340 nm and the DNA bases at 260 nm
in the absence of ligand (Figure 4 b) suggests that the drug
chromophore is oriented parallel to the DNA base pairs, as
expected for an intercalative binding. The situation is more


Table 1. Results of thermal melting studies with free and complexed DNA
probes.[a]


DNA Ligand
free DNA
(Tm)


DB358
(DTm)


DB669
(DTm)


DB60
(DTm)


poly(dA) ´ (dT)[b] 66.9 24.0 6.5 25
poly(dA-dT)2


[b] 59.3 16.5 8.0 24.5
calf thymus DNA[c] 57.8 26.0 24.0 28.2


[a] Tm and DTm (Tm of the drug ± DNA complex minus Tm of the free DNA)
values are given in 8C. [b] Tm measurements were performed in MES (2-(N-
morpholino)ethanesulfonic acid) buffer (0.01 M MES and 1 mM EDTA)
containing 0.1 M NaCl. [c] Tm measurements were performed in MES buffer
without NaCl.
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complex with DB358, which only gives weakly negative reduced
dichroism signals. Similar spectra with DA/A values of about
ÿ0.12 were obtained when using AT or GC polynucleotides (data
not shown). For DB358, it is likely that two populations coexist,
one bound to the minor groove and the other intercalated into
the double helix. Similar complicated ELD data were previously
obtained with DB60 bound to calf thymus DNA.[9]


NMR studies were conducted with DB358 in order to further
evaluate the interaction mode. Basic 1D-NMR studies have been
done with (A-T)7 and (G-C)7 oligomers. Titration with the (A-T)7


oligomer was studied at ratios of [DNA]/[drug]� 0, 0.5, 1, 2, 3, 4,
and 5 at 50 8C, which offered the best resolution. Within the ratio
range 0 ± 2 large upfield shifts (lower d) of the thiophene peaks
were observed (7.255!6.715 (a) ; 7.513!7.135 (b); 8.201!7.975
(c) ; see Scheme 1 for hydrogen atom labeling), consistent with
intercalation. With the higher ratio range slight downfield shifts
were observed (6.762 (a) ; 7.161 (b); 8.000 (c)), consistent with
groove binding. The chemical shift of the imidazoline methylene
groups remained constant in the whole range of the ratios. NMR
spectra with the (G-C)7 oligomer were obtained at three different
ratios, [DNA]/[drug]�0, 1, and 3 at 70 8C (precipitation occurred


at higher ratios). Larger upfield
shifts of thiophene peaks
(7.255!6.529 (a) ; 7.513!7.052
(b); 8.201!7.862 (c)) were ob-
tained than during titration with
the (A-T)7 oligomer. The imidazoline
methylene group signals shifted
slightly upfield from d� 4.007 to
d�3.979.


1D-NMR studies with
d(GCGAATTCGC)2, which has been
used in the study of a number of
similar dications, were done as a
function of temperature in order to
find appropriate conditions for 2D-
NMR studies with this sequence.
The best resolution was obtained at
35 8C, and a 1D-NMR titration is
shown in Figure 5. Large down-
field shifts of thiophene peaks
(7.255!7.535 (a) ; 7.513!7.661 (b);
8.201!8.393 (c)) are observed,
whereas the position of the meth-
ylene proton signals of the imida-
zoline moieties remained almost
the same. 2D-NOESY NMR spectra
in D2O (Figure 6 a) showed a cross
peak between the b-hydrogen
atoms of DB358 and the T6-H1'
hydrogen atom of DNA. A cross
peak between the b-hydrogen
atoms of the drug and the A5-H2
hydrogen atom was observed in
the aromatic region (Figure 6 b). All
of these cross peaks are consistent
with minor-groove binding of the


compound in the AATT sequence at ratios of 1:1 and below.
DB358 was visually docked into the minor groove of the AATT
sequence of the d(GCGAATTCGC)2 decamer (Figure 7). Prior to
docking it was necessary to rotate the thiophene rings into
suitable positions. The compound fits into the minor groove and
can form hydrogen bonds between imidazoline hydrogen atoms
and thymine O2 atoms as shown in Figure 7. It was also clearly
possible to see that all hydrogen atoms involved in observed
NOESY interactions are within distances to explain the observed
cross peaks.


Sequence selectivity : Footprinting studies were performed
using the endonuclease DNase I, which is a sensitive enzyme for
mapping DNA-binding sites of small molecules.[15] Two 3'-end-
labeled DNA restriction fragments of 117 and 265 base pairs, cut
out from the plasmid pBS, were used as substrates. A typical
autoradiograph of a sequencing gel used to fractionate the
products of partial digestion of the 117-mer complexed with
DB358 and DB669 is presented in Figure 8 a. With DB669 there
was relatively little inhibition of DNase I cutting, whereas DB358
affected the cleavage of the fragment by the nuclease more


Figure 2. Spectrophotometric titration of DB358 with poly(d(A-T)2) (A) and poly(d(G-C)2) (B). a) Concentrations used:
1.3�10ÿ5 M of DB358 and poly(d(A-T)2) concentrations (in base pairs) of 0, 2.19�10ÿ6, 4.79�10ÿ6, 8.63�10ÿ6,
1.28�10ÿ5, 1.69�10ÿ5, 2.10�10ÿ5, 2.49�10ÿ5, 3.26�10ÿ5, 4.00�10ÿ5, 4.72�10ÿ5, 5.41�10ÿ5, 6.08�10ÿ5,
and 6.72�10ÿ5, respectively, from the top to the bottom curves at 351 nm. b) Concentrations used : 1.3�10ÿ5 M of
DB358 and poly(d(G-C)2) concentrations (in base pairs) of 0, 1.28�10ÿ6, 3.81�10ÿ6, 6.31�10ÿ6, 9.37�10ÿ6,
1.30�10ÿ5, 1.53�10ÿ5, 1.99�10ÿ5, 2.71�10ÿ5, 3.24�10ÿ5, 3.76�10ÿ5, 4.25�10ÿ5, 4.73�10ÿ5, and
5.19�10ÿ5, respectively, from the top to the bottom curves at 351 nm. c) and d) Spectrophotometric titration of
DB669 with poly(d(A-T)2) and poly(d(G-C)2), respectively. The concentrations used were the same for both titrations :
1.3�10ÿ5 M of DB669 and DNA concentrations (in base pairs) of 0, 8.63�10ÿ6, 1.69�10ÿ5, 2.49�10ÿ5, 3.26�10ÿ5,
4.00�10ÿ5, 4.72�10ÿ5, 5.41�10ÿ5, 6.08�10ÿ5, and 6.72�10ÿ5, respectively, from the top to the bottom curves at
327 nm.
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Figure 3. CD spectra of DB358 (a) and DB669 (b) with poly(d(A-T)2). Experiments
were conducted in a 1-cm cell in MES buffer with 0.1 M NaCl added at 25 8C at a
DNA concentration of 2.5� 10ÿ5 M (in base pairs). The ratios of compound/
poly(d(A-T)2) (in base pairs) are 0 (&), 0.05 (^), 0.10(&), 0.15 (*), 0.20 (*), and 0.25
(^) (a) and 0 (&), 0.10 (^), 0.20(&), 0.30 (*), 0.40 (*), and 0.50 (^) (b).


Figure 4. Dependence of the reduced dichroism DA/A on a) the wavelength and
b) the electric field strength for DB669 (*) and DB358 (*) bound to calf thymus
DNA, at a DNA/drug ratio of 25 (250 mM DNA, 10 mM drug ; &�DNA alone).
Conditions: a) 13.6 kV cmÿ1, b) 360 nm for DB358, 340 nm for DB669, and 260 nm
for DNA alone, in 1 mM sodium cacodylate buffer, pH 7.0.


efficiently. A densitometric analysis of the 0.5-mM lanes is
presented in Figure 9 a. In the presence of DB358, four regions
of attenuated DNA cleavage can be discerned around positions
25, 44, 64, and 84, corresponding to the sequences 5'-TTGTAA,
5'-TAAA, 5'-TTTCC, and 5'-TAAGT, respectively. DB669 showed no
such protection of AT-rich sequences. For concentrations �1 mM,
DB358 protects AT sites from cutting by DNase I, but at higher
concentrations (�2 mM), the drug inhibits DNA cleavage all along
the fragment. A similar effect was seen with 5 mM DB669 and was


Figure 5. 1D-NMR titration of the d(GCGAATTCGC)2 decamer duplex with DB358
at 35 8C (only the aromatic region is shown). The concentration of duplex DNA
was 0.5 mM. R refers to the [drug]/[DNA] ratio. Peaks corresponding to the
thiophene hydrogen atoms are labeled according to Scheme 1.


Figure 6. a) Expanded aromatic proton 300-ms NOESY NMR spectrum at 35 8C
showing cross peak Hb/T6H1' between DB358 and the AATT decamer. b) Expanded
phase-sensitive 300-ms NOESY NMR aromatic proton spectrum at 25 8C showing
cross peak Hb/A5H2 between DB358 and the AATT decamer.
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Figure 7. Molecular model of the trithiophene DB358 docked into the AATT site in
the minor groove of the d(GCGAATTCGC)2 decamer. Atoms for DB358 are colored
according to atom types : carbon�white, hydrogen� cyan, nitrogen�blue, and
sulfur� yellow. The two DNA strands are shown in purple and green for
visualization.


previously reported with DB60. This effect is connected with the
ability of the imidazoline compounds to form intercalation
complexes.[10]


Similar results were obtained with the 265-mer fragment.
DB669 poorly inhibited DNase I cleavage, whereas low concen-
trations of DB358 produced footprints mainly at AT sites. But we
noted that with DB358 different footprinting patterns were
generated depending on the drug concentration. The sequence
recognition properties of DB358 are manifestly concentration-
dependent. This can be clearly seen in the gel in Figure 8 b and
the corresponding differential cleav-
age plots in Figure 9 b.


At 0.4 mM DB358 protects cleavage
of the 265-mer by DNase I at two sites
around positions 53 and 76. Both
regions correspond to AT-rich sites
(5'-AAAA and 5'-ATTAA). But as the
drug concentration increases, the
magnitude of the footprints at these
AT tracts decreases and new binding
sites appeared around positions 28,
40, 50, and 71. These new sites are
composed of both A ´ T and G ´ C base
pairs. The 5'-TCTAG site around posi-
tion 28 provides a favored receptor
for DB358 at 1.6 mM (Figure 9 b).
Therefore, the results of the foot-
printing experiments indicate clearly
that DB358 interacts preferentially
with AT sites at low concentrations
but can accommodate GC sites at
higher concentrations. This is in per-
fect agreement with the spectroscop-
ic data showing that this trithiophene
derivative displays different modes of
binding to AT and GC sequences. It is
interesting to note also that the


Figure 8. DNA footprinting gels showing sequence-selective binding of the drugs
to a) the 117-mer and b) the 265-mer PvuII ± EcoRI restriction fragments cut from
the plasmid pBS. The drug concentrations (in mM) are indicated at the top of each
lane. The products of DNase I digestion were resolved on 8 % (w/v) polyacryla-
mide gels containing 8 M urea. Control tracks (Ct) contained no drug. Guanine-
specific sequence markers obtained by treatment of the DNA with dimethylsulfate
followed by piperidine were run in the lanes marked G. Numbers on the side of the
gel refer to the standard numbering scheme for the nucleotide sequence of the
DNA fragment, as indicated in Figure 9. For the gel in Figure b, bars indicate the
sites of reduced cleavage by DNase I in the presence of DB358 bound to the 265-
mer fragment.


Figure 9. Differential cleavage plots comparing the susceptibility of a) the 117-bp and b) the 265-bp fragments to
DNase I cutting in the presence of DB358 or DB669. The plots in a) compare the effects of the two drugs at 0.5 mM


concentration. The plots in b) show the different effects of DB358 at 0.4 mM or 1.6 mM concentration. Deviation of
points towards the lettered sequence (negative values) corresponds to a ligand-protected site and deviation away
from it (positive values) represents enhanced cleavage. Vertical scales are in units of ln(fa)ÿ ln(fc), where fa is the
fractional cleavage at any bond in the presence of the drug and fc is the fractional cleavage of the same bond in the
control, given a closely similar extent of digestion in each case.
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regions of enhanced cleavage by DNase I are more pronounced
when DB358 binds to GC-containing sequences (at 1.6 mM) than
when it binds primarily to AT sites (at 0.4 mM). Intercalation (at GC
sites) is expected to induce larger perturbations of the double-
helical structure of DNA than minor-groove binding (at AT sites).


Topoisomerases inhibition


A DNA relaxation assay was used to investigate the effects of the
drugs on the catalytic activities of purified human topoisomer-
ases I and II. In both cases, closed circular DNA was treated with
the enzyme in the presence of increasing concentrations of the
drugs and the DNA relaxation and cleavage products were
analyzed by agarose gel electrophoresis. Neither DB358 nor
DB669 act as poisons for topoisomerase I. In contrast to
camptothecin used as a positive control, the band intensity of
nicked DNA was not enhanced in the presence of the drugs (data
not shown). On the contrary, a marked effect was observed with
topoisomerase II. As shown in Figure 10, an intense band


Figure 10. Effect of increasing concentrations of a) DB357 and DB358, and
b) DB657 and DB669 on the relaxation of plasmid DNA by human top-
oisomerases II. Native supercoiled pKMp27 DNA (0.5 mg) (lane ªDNAº) was
incubated with four units of topoisomerase II in the absence (lane ªTopoIIº) or
presence of the drugs at the indicated concentration (in mM). Etoposide (lane
ªetop.º) were used at 20 mM. Reactions were stopped with sodium dodecylsulfate
and treatment with proteinase K. DNA samples were separated by electrophoresis
on an agarose gel containing ethidium bromide (1 mg mLÿ1). The gel was
photographed under UV light. Nck�nicked, Lin� linear, Rel� relaxed,
Sc� supercoiled.


corresponding to linear DNA is produced in the presence of
DB358. This reflects either the drug-induced stimulation of DNA
cleavage by topoisomerase II or the inhibition of DNA religation.
In the presence of DB358, the enzyme may stay longer on the
DNA, thereby producing more double-strand breaks. The
amount of double-strand breaks produced by topoisomerase II
in the presence of DB358 is even superior to that obtained with
the antitumor drug etoposide, which was used as a positive
control. At 5 ± 10 mM DB358 massively promotes DNA cleavage.
Yet at higher concentrations (20 and 50 mM), a marked inhibition


of cleavage is observed. This is a typical effect for an intercalating
agent. Under the same conditions, DB669 did not enhance DNA
cleavage. At high concentrations, DB669 inhibits DNA relaxation
by topoisomerase II but failed to stimulate DNA cleavage. The
strong inhibition of DNA relaxation observed with DB669 (and to
a lower extent with DB358) is nonspecific and is without doubt a
consequence of its intercalative binding to DNA.


Two related compounds were tested in the DNA relaxation
assay (Figure 10). DB357 is an analogue of DB358 bearing
dimethylaminopropylamidine side chains in place of the imida-
zoline groups. DB657 is a regioisomer of DB669 having the two
imidazoline moieties at position 2 on the furan rings (Scheme 1).
Interestingly, the substitution of N-alkylamidines for the imidazo-
lines of DB358 prevented the poisoning of topoisomerase II.
Conversely, relocation of the imidazolines of DB669 from the 1-
to the 2-position restored a weak but noticeable capacity for the
trifuran drug to stabilize covalent DNA ± topoisomerase II com-
plexes. The effect of DB657 is comparable to that seen previously
with furimidazoline.[10] The strong stimulation of topoisomera-
se II-mediated DNA cleavage by DB358 is directly attributable to
the presence of the terminal imidazoline groups, which are the
only substituents that distinguish compounds DB357 and
DB358. DB669 apparently does not act as a poison for top-
oisomerase II, but, however, it can inhibit the relaxation enzyme
due to its strong interaction with DNA. The position of the
imidazoline rings on the five-membered heterocycle must play a
decisive role in the stabilization of the topoisomerase II ± DNA
complex.


Cytotoxicity and cell cycle effects


Treatment of human leukemia HL-60 cells with increasing
concentrations of DB358, but not with DB669, for 24 hours led
to profound changes of the cell cycle profiles (Figure 11). The


Figure 11. Cell cycle analysis of HL-60 human leukemia cells treated with graded
concentrations of DB669 (top) and DB358 (bottom) for 24 h. Cells were analyzed
with the FACScan flow cytometer as described in the Experimental Section.
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flow cytometric analysis of propidium iodide labeled cells
indicates that the treatment with 10 mM DB358 induces a
significant accumulation of cells in the G2/M phase. The G2-
cell population increases from 16 % in the control to 92 % in the
presence of 20 mM DB358. Concomitantly, the G1-phase cell
populations gradually decrease, and at a high concentration
(50 mM) we started to detect cells with a DNA content less than
that found in G1. Sub-G1 cells are usually considered as
apoptotic cells.[16] No such effects were observed with DB669.
With the trifuran compound, the cell cycle profiles remained
unchanged, even when using a high drug concentration.


A conventional tetrazolium-based MTS assay was applied to
determine the drug concentration required to inhibit cell growth
by 50 % after incubation in the culture medium for 72 hours. The
calculated IC50 values with the HL-60 human leukemia cell line
are 8.2�0.7 mM and 51�4 mM for DB358 and DB669, respectively.
The trithiophene derivative is thus about seven times more
cytotoxic than the trifuran analogue, but the cytotoxicity
remains very modest compared to conventional anticancer
drugs. For example, the same test performed with etoposide
gave an IC50 value of 0.07 mM. Furimidazoline is slightly less toxic
to HL-60 cells than DB358 (IC50�11� 1.2 mM).


Discussion


The study shows that the substitution of a trithiophene or a
trifuran unit for the unfused aromatic diphenylfuran system of
furimidazoline (DB60) modifies significantly the DNA-binding
properties of the dications thereby affecting their topoisomer-
ase II inhibition and cytotoxic properties. We have previously
demonstrated that DB60 displays two mechanisms of interaction
with DNA depending on the target sequence. The bisimidazoline
diphenylfuran compound forms minor-groove complexes with
AT-rich sequences. In addition, DB60 can form intercalation
complexes at GC sites.[9] However, the drug exhibits a marked
minor groove/AT preference. The binding constant for DB60 to
poly(d(A-T)2) is 305 times higher than the binding constant to
poly(d(G-C)2).


Both the dual binding mode and sequence preference are
considerably altered upon replacement of the phenyl rings of
DB60 with furan rings. In sharp contrast to furimidazoline, DB669
appears to exhibit a single mode of interaction with DNA by
intercalation. This change of the binding mechanism abolishes
the capacity of the drug to recognize preferentially AT-rich
sequences, as is the case with the vast majority of dications
containing an unfused aromatic system. The ELD and NMR
spectroscopic data concur that DB669 behaves as a typical DNA-
intercalating agent and binds equally well to AT and GC sites. It is
somewhat surprising that DB669 fails to form minor-groove
complexes with AT sites. The reason for that remains unclear at
present; perhaps the radius of curvature of the molecule is not
appropriate to allow the molecule to fit into the groove. This
parameter is known to be important for the recognition of AT-
containing sequences.[17, 18]


The situation is markedly different with the trithiophene
compound, which has multiple binding modes. At low DNA/


drug ratios, DB358 primarily binds to the minor groove of AT
sequences in DNA. At high ratios DB358 appears to form
intercalation complexes as suggested by upfield shifts in DB358
proton signals in NMR experiments at these ratios (data not
shown). Thus, the sequence-dependent dual binding mode of
DB60 is preserved. The use of complementary biophysical and
footprinting techniques provides direct evidence that the AT and
GC selectivity observed at low and high ratios are associated
with minor-groove and intercalative binding, respectively. The
substitution of the diphenylfuran moiety of DB60 with a
trithiophene unit has reinforced significantly the capacity of
the drug to engage in contacts with GC-containing sequences.
DB358 only exhibits a mild preference for AT sequences. The SPR
analysis indicates that the binding constant for DB358 to the
alternating AT oligomer is only twofold higher than that for the
alternating GC oligomer. The interaction of DB358 with sequen-
ces containing both A ´ T and G ´ C pairs is clearly evident from the
footprinting studies. No such preferential interaction with GC-
containing sites was observed with DB60.[10] The incorporation of
thiophene heterocycles thus appears as a convenient procedure
to limit the strict AT selectivity of dications containing an
extended unfused aromatic system and to direct these imidazo-
line dications to GC-containing sites.


The study also shows that the replacement of the diphenyl-
furan core of DB60 with another aromatic system affects the
capacity of the drug to interfere with the catalytic activity of
human topoisomerase II. In our previous study, we detected a
modest inhibition of topoisomerase II with DB60 but not
with related AT-selective diphenylfurans containing amidine
moieties. For this reason, we attributed the property of DB60 to
stimulate DNA cleavage by topoisomerase II to its capacity to
intercalate into GC sequences. The present data provide
additional information which support the idea that topoisomer-
ase II inhibition by aromatic dications is associated with GC
binding. Indeed, the enhanced GC preference of DB358
compared to DB60 leads to a higher potency to inhibit
topoisomerase II. In the relaxation assay, DB358 produces more
double-strand breaks than the antitumor drug etoposide, which
is a well-established poison for topoisomerase II. In the same
assay, DB60 proved much less efficient than etoposide.[10] The
fact that DB669 does not inhibit topoisomerase II was expected
from its complete lack of GC preference, despite its intercalative
binding. The terminal side chain plays a determinant role in the
drug-induced stabilization of covalent DNA ± topoisomerase II
complexes.


Finally, the data suggest a relationship between topoisomer-
ase II inhibition and cytotoxicity. Although DB358 may exert its
cytotoxic effects by many different mechanisms, the increased
capacity of DB358 to interact with GC-containing sequences and
to inhibit topoisomerase II may account for the enhanced
toxicity of the trithiophene towards leukemia cells compared
to its trifuran counterpart. The search for GC binders targeted
against topoisomerase II may thus represent a valid approach to
the discovery of new antitumor agents. In this context, it is worth
mentioning that recently Nieves-Neira et al.[19] discovered a
topoisomerase-targeted drug active against human renal cancer
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cells. This compound bears an unfused thiophen-furan-thiophen
aromatic system that resembles a composite of DB358 and
DB669.


Experimental Section


Chemical Syntheses


General: Melting points were recorded by using a Thomas Hoover
(Uni-Melt) capillary melting point apparatus or a Fisher-Johns
apparatus and are uncorrected. 1H NMR and 13C NMR spectra were
recorded employing a Varian GX400 spectrometer and chemical
shifts (d) are given in ppm relative to TMS and coupling constants (J)
are reported in Hertz. Mass spectra were recorded on a VG Instru-
ments 70-SE spectrometer (Georgia Institute of Technology, Atlanta,
GA). IR spectra were recorded using a Michelson 100 (Bomem, Inc.)
instrument. Elemental analyses were obtained from Atlantic Microlab
Inc. (Norcross, GA) and are within �0.4 of the theoretical values. All
chemicals and solvents were purchased from Aldrich Chemical Co. or
Fisher Scientific. 5'-Biotin-substituted hairpin DNA oligomers for SPR
studies and DNA oligomer duplexes for NMR spectroscopy were
obtained as HPLC-purified products from Midland Certified Reagent
Co.


1,4-Di(4-bromo-2-thienyl)butadione (2): Divinyl sulfone (5.9 g,
0.05 mol) was added over a 2-h period to a stirred, refluxing mixture,
under nitrogen, of 4-bromothiophene-2-carboxaldehyde (19.1 g,
0.01 mol), sodium acetate (1.86 g, 0.03 mol), 3-benzyl-5-hydroxyeth-
yl-4-methylthiazolium chloride (2.69 g, 0.01 mol) in dry ethanol
(75 mL). The mixture was heated under reflux for an additional
10 h. The mixture was cooled, the resultant solid was isolated by
filtration and washed with cold ethanol. The light brown solid was
dissolved in 500 mL of chloroform and chromatographed over silica
gel to yield, after recrystallization from diethyl ether/chloroform
(9:1), 6.9 g (33 %) of an off-white solid. M.p. 142 ± 143 8C; MS: m/z :
408 [M�] ; 1H NMR ([D6]DMSO): d�8.11 (d, 2 H, J�1.2 Hz), 8.08 (d, 2 H,
J�1.2 Hz), 3.5 (s, 4 H); 13C NMR ([D6]DMSO): d� 190.8, 143.7, 134.8,
131.9, 109.8, 32.5.


2,5-Bis[2-(4-bromothienyl)]thiophene (3): A mixture of the 1,4-
diketone 2 (4.08 g, 0.01 mol) and Lawesson's regent (4.04 g, 0.01 mol)
in dry toluene (40 mL) was heated under reflux and under nitrogen
for 4 h. The solvent was removed by distillation and the residue was
suspended in water and extracted with warm chloroform (3� 75 mL)
and dried over Na2SO4 . The organic phase was chromatographed
over silica gel using chloroform as the eluant to yield 2.95 g (72 %) of
a yellow solid. M.p. 238 ± 240 8C; MS: m/z : 406 [M�] ; 1H NMR
([D6]DMSO): d� 7.54 (d, 2 H, J� 1.5 Hz), 7.28 (d, 2 H, J� 1.5 Hz), 7.26
(s, 2 H); 13C NMR ([D6]DMSO): d� 137.0, 134.5, 125.9, 125.5, 122.7,
109.4.


2,5-Bis[2-(4-cyanothienyl)]thiophene (4): A mixture of the dibromo
compound 3 (2.03 g, 0.005 mol) and CuCN (1.99 g, 0.02 mol) in 10 mL
of freshly distilled quinoline was heated, under reflux and under
nitrogen, for 2 h. The mixture was cooled and 150 mL of chloroform
was added. The chloroform solution was extracted with 2 M HCl
(200 mL), and the organic layer was washed with water, dried, and
passed through a neutral alumina column, using additional chloro-
form for elution to yield 0.9 g (60 %) of a yellow solid. M.p. 174 ±
176 8C; MS: m/z : 298 [M�] ; 1H NMR ([D6]DMSO): d� 8.49 (d, 2 H, J�
1.2 Hz), 7.73 (d, 2 H, J� 1.2 Hz), 7.43 (s, 2 H); 13C NMR ([D6]DMSO): d�
137.4, 136.3, 134.2, 126.5, 124.8, 114.3, 110.1; elemental analysis (%):
calcd for C14H6N2S3 : C 56.34, H 2.02, N 9.39; found: C 56.21, H 2.11, N
9.28.


2,5-Bis{2-[4-(imidazolin-2-yl)thienyl]}thiophene (DB358): A mix-
ture of the biscyano compound 4 (1.49 g, 0.005 mol) in 30 mL of dry
ethanol was saturated with dry HCl gas at 0 ± 5 8C. The mixture was
stirred for 4 days at room temperature. Consumption of starting
material was judged by disappearance of the nitrile band in the IR
spectrum. The mixture was treated with dry diethyl ether and the
imidate ester salt precipitated (2.15 g, 93 %). The solid was isolated
by filtration and dried under vacuum at 35 8C for 5 h. The imidate
ester salt was used directly without characterization.


A suspension of the imidate ester salt (0.463 g, 0.001 mol) in 20 mL of
dry ethanol and ethylenediamine (0.12 g, 0.002 mol) was heated
under reflux for 12 h. The solvent was removed under reduced
pressure, and the residue was washed with diethyl ether, dried, and
dissolved in dry methanol and treated with dry HCl gas. The mixture
was stirred for 3 h and diethyl ether was added. The resultant solid
was washed with diethyl ether and dried under vacuum at 50 8C for
12 h to yield 0.33 g (71 %). M.p. >350 8C (decomp); MS (FAB): m/z :
385 [M��1]; 1H NMR ([D6]DMSO/D2O): d� 8.4 (s, 2 H), 7.73 (s, 2 H),
7.33 (s, 2 H), 3.95 (s, 8 H); 13C NMR ([D6]DMSO/D2O): d�160.1, 138.8,
135.3, 133.9, 127.3, 124.6, 123.1, 44.8; elemental analysis (%): calcd for
C18H16N4S3 ´ 2 HCl ´ 0.5 H2O: C 46.34, H 4.10, N 12.01; found: C 46.32, H
4.39, N 11.95.


2,5-Bis[2-(4-cyanofuranyl)]furan (5):[14] A mixture of 2,5-bis(tri-n-
butylstannyl)furan (3.23 g, 0.055 mol), 2-bromo-4-cyanofuran[20]


(1.72 g, 0.01 mol), and [Pd(PPh3)4] (0.28 g, 2.5 mol %) in 60 mL of dry
dioxane was heated, under reflux and under nitrogen, for 12 h. The
solvent was removed under reduced pressure. The residue was
dissolved in n-hexane and chromatographed over neutral alumina,
first by eluting with n-hexane to remove butyltin compounds and
finally with benzene/n-hexane (1:9) to yield 0.85 g (69 %) of a yellow
solid. M.p. 212 ± 213; MS: m/z : 250 [M�] ; 1H NMR ([D6]DMSO): d�
8.70 (d, 2 H, J�0.8 Hz), 7.24 (d, 2 H, J� 0.8 Hz), 7.03 (s, 2 H); 13C NMR
([D6]DMSO): d�151.4, 145.9, 143.7, 112.7, 109.9, 106.7, 98.6; elemen-
tal analysis (%): calcd for C14H6N2O3: C 67.20, H 2.41, N 11.19; found: C
66.98, H 2.50, N 10.92.


2,5-Bis{2-[4-(imidazolin-2-yl)furanyl]}furan (DB669): A mixture of
the biscyano compound 5 (0.7 g, 0.0028 mol) in 25 mL of dry ethanol
was saturated with dry HCl gas at 0 ± 5 8C. The mixture was stirred for
6 days at room temperature. Consumption of starting material was
judged by the disappearance of the nitrile band in the IR spectrum.
The mixture was treated with dry diethyl ether and the imidate ester
salt precipitated. The solid was isolated by filtration and dried under
vacuum at 40 8C for 8 h to yield 1.0 g (86 %). The imidate ester salt
was used directly without characterization.


A suspension of the imidate ester salt (0.415 g, 0.001 mol) in 15 mL of
dry ethanol and ethylenediamine (0.12 g, 0.002 mol) was heated
under reflux for 12 h. The solvent was removed under reduced
pressure and the residue was washed with ether, dried, and dissolved
in dry methanol and treated with dry HCl gas. The mixture was stirred
for 3 h and diethyl ether was added. The resultant solid was washed
with diethyl ether and dried under vacuum at 50 8C for 12 h to yield
0.33 g (79 %). M.p. >330 8C (decomp); MS (FAB): m/z : 337 [M��1];
1H NMR ([D6]DMSO/D2O): d� 8.62 (d, 2 H, J� 0.4 Hz), 7.28 (d, 2 H, J�
0.4 Hz), 7.01 (s, 2 H), 3.9 (s, 8 H); 13C NMR ([D6]DMSO/D2O): d�159.0,
148.4, 147.0, 144.4, 112.7, 110.7, 104.6, 44.6; elemental analysis (%):
calcd for C18H16N4O3 ´ 2 HCl ´ 0.5 H2O: C 51.66, H 4.58, N 13.39; found: C
51.64, H 4.67, N 13.45.


Chemicals and biochemicals: Etoposide and camptothecin were
purchased from Sigma Chemical Co. Calf thymus DNA and the
double-stranded polymers poly(d(AT)) ´ poly(d(AT)) and poly(d(GC)) ´
poly(d(GC)) were obtained from Pharmacia. Calf thymus DNA was
deproteinized with sodium dodecylsulfate (SDS; protein content







C. Bailly et al.


568 CHEMBIOCHEM 2001, 2, 559 ± 569


< 0.2 %). The nucleoside triphosphate labeled with [a-32P]dATP was
obtained from Amersham (3000 Ci mmolÿ1). Restriction endonu-
cleases and avian myeloblastosis virus (AMV) reverse transcriptase
were purchased from Boehringer and used according to the
supplier's recommended protocol in the activity buffer provided.
All other chemicals were analytical-grade reagents.


Absorption spectroscopy and DNA thermal melting studies: UV/
Vis scans and Tm values were obtained with Cary 3 and 4
spectrometers in 2-(N-morpholino)ethanesulfonic acid (MES) buffer
(0.01 M MES and 10ÿ3 M ethylenediaminetetraacetic acid (EDTA)) with
0.1 M NaCl added. A thermistor fixed into a reference cuvette was
used to monitor the temperature. In Tm experiments DNA was added
to the buffer in 1-cm path length reduced-volume quartz cells, and
the concentration was determined by measuring the absorbance at
260 nm. The experiments were generally conducted at a concen-
tration of 5� 10ÿ5 M base pairs for all DNAs and a compound/DNA
base pair ratio of 0.6. In spectrophotometric titrations the compound
was added to the buffer in a 1-cm cell and DNA was titrated in at a
variety of ratios with rescanning at each ratio.


Biosensor surface plasmon resonance (SPR) studies: SPR measure-
ments were performed with a four-channel BIAcore 2000 system and
streptavidin-coated sensor chips. 5'-Biotinylated hairpin DNAs
(25 nM) of the desired sequence in MES buffer with 0.1 M NaCl were
immobilized on the surface by noncovalent capture. Three flow cells
were used to immobilize DNA samples and the fourth flow cell was
left as a blank control. Samples of the drug were prepared in filtered
and degassed buffer and were injected from 7-mm plastic vials with
pierceable plastic crimp caps at a flow rate of 20 mL minÿ1 by using
the KINJECT command. For the DNA complexes in this work buffer
flow alone is sufficient to dissociate the compounds from the DNA
for surface regeneration. A range of compound concentrations was
used in each experiment and the results were analyzed according to
Equation (1):


r � (n K Cfree/(1�K Cfree) (1)


where r (moles of compound bound per mole of hairpin)�RU/RUmax ,
RU (resonance units) represents the instrument response at any
compound concentration, n� 3 for a three-site model, and RUmax is
the maximum response per site.[21] The K values are equilibrium
constants for a three-site binding model, and Cfree is the concen-
tration of unbound compound that is fixed by the concentration in
the flow solution. For models with fewer binding sites, n can be set to
lower values.


Circular dichroism (CD) spectroscopy: CD spectra were obtained on
a Jasco J-710 spectrometer with software supplied by Jasco for
instrument control and data acquisition. A solution of the desired
DNA was scanned, the compound added, and the sample rescanned
at all desired ratios. Studies with poly(d(A-T)2) and calf thymus DNA
were done in MES with 0.1 M NaCl, and studies with poly(d(G-C)2)
were done in MES buffer with no added salt.


Electric linear dichroism (ELD) spectroscopy: Measurements were
performed with a computerized optical measurement system using
the procedures previously outlined.[22] All experiments were con-
ducted with a 10-mm pathlength Kerr cell having 1.5 mm electrode
separation. The samples were oriented under an electric field
strength varying from 1 to 13 kV cmÿ1. The drug tested was present
at 10 mM concentration together with the DNA at 200 mM concen-
tration unless otherwise stated. This electro-optical method has
proved most useful to determine the orientation of the drugs bound
to DNA. It has the additional advantage that it senses only the


orientation of the polymer-bound ligand: Free ligand is isotropic and
does not contribute to the signal.[23]


NMR spectroscopy of DB358: A 1D NMR study of DB358 with the
oligomers (A-T)7 and (G-C)7 was done with 0.5 mM DB358 in 0.6 mL of
phosphate buffer (7.5 mM sodium phosphate, 100 mM NaCl, and
0.01 mM EDTA, pH 7.0). After addition of an appropriate volume of
oligomer stock solution (to achieve the desired DNA/drug ratio), the
solvent was removed under N2 and 0.4 mL of 99.96 % D2O (Isotec)
was added. Solvent was removed twice in order to minimize the
amount of HDO and a final volume of 0.6 mL of 99.96 % D2O was
added. Studies were done on Varian Unity� 500- and 600-MHz NMR
instruments and data were processed using the Felix software
package running on a Silicon Graphics workstation. The two-
dimensional experiments were obtained with a spectral width of
6000 Hz in both dimensions with 2048 complex data points in the t2


dimension and 512 points in the t1 dimension. Phase-sensitive
NOESY spectra were obtained with a mixing time of 300 ms by using
the method of States et al.[24]


Molecular modeling: Preoptimization of all compounds was done
using the Spartan software package (version 5.0, Wavefunction, Inc.).
The minimized models were docked with DNA and minimized with
the SYBYL software package (version 6, Tripos). The DNA model was
obtained from a previously determined crystal structure for furami-
dine with the compound used as a docking guide and then
deleted.[25] Several distances were monitored in real time in the
SYBYL software during visual docking: hydrogen bond lengths from
DB358 amidines to the same DNA positions as in the furamidine
structure, and DB358 proton to DNA proton distances that give NOE
cross peaks in NOESY 2D spectra. A model was selected that gave
optimum values for all of these distances prior to energy minimi-
zation. No constraints were used in the energy minimization of the
model shown in Figure 7, but all of the above distances remained
close to the initial values in the minimization.


DNA purification and radiolabeling: The 117-mer and 265-mer
fragments were rendered radioactive by [32P]-3'-end labeling of the
EcoRI ± PvuII double digest of the plasmid pBS (Stratagene, La Jolla,
CA) using [a-32P]dATP (3000 Ci mmolÿ1) and AVM reverse transcrip-
tase. The labeled digestion products were separated on a 6 % (w/v)
polyacrylamide gel under nondenaturing conditions in TBE buffer
(89 mM Tris-borate, pH 8.3, 1 mM EDTA). After autoradiography, the
requisite band of DNA was excised, crushed, and soaked in elution
buffer (500 mM ammonium acetate, 10 mM magnesium acetate)
overnight at 37 8C. This suspension was filtered through a Millipore
0.22-mm filter and the DNA was precipitated with ethanol. Following
washing with 70 % ethanol and vacuum drying of the precipitate, the
labeled DNA was resuspended in 10 mM Tris adjusted to pH 7.0
containing 10 mM NaCl.


DNase I footprinting : Experiments were performed essentially as
previously described.[15] Briefly, reactions were conducted in a total
volume of 10 mL. Samples (3 mL) of the labeled DNA fragments were
incubated with 5 mL of the buffered solution containing the ligand at
appropriate concentration. After 30 min incubation at 37 8C to
ensure equilibration of the binding reaction, the digestion was
initiated by the addition of 2 mL of a DNase I solution whose
concentration was adjusted to yield a final enzyme concentration of
about 0.01 U mLÿ1 in the reaction mixture. After 3 min, the reaction
was stopped by freeze drying. Samples were lyophilized and
resuspended in 5 mL of an 80 % formamide solution containing
tracking dyes. The DNA samples were then heated at 90 8C for 4 min
and chilled on ice for 4 min prior to electrophoresis.


Electrophoresis and quantitation by storage phosphor imaging :
DNA cleavage products were resolved by polyacrylamide gel
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electrophoresis under denaturating conditions (0.3 mm thick, 8 %
(w/v) acrylamide containing 8 M urea). After electrophoresis (about
2.5 h at 60 W, 1600 V in Tris/borate/EDTA-buffered solution, BRL
sequencer model S2), gels were soaked in 10 % acetic acid for 10 min,
transferred to Whatman 3MM paper, and dried under vacuum at
80 8C. A Molecular Dynamics 425E PhosphorImager was used to
collect data from the storage screens exposed to dried gels
overnight at room temperature. Base-line-corrected scans were
analyzed by integrating all the densities between two selected
boundaries using ImageQuant version 3.3 software. Each resolved
band was assigned to a particular bond within the DNA fragments by
comparison of its position relative to sequencing standards gen-
erated by treatment of the DNA with dimethylsulfate followed by
piperidine-induced cleavage at the modified guanine bases in DNA
(G track).


DNA relaxation experiments : Supercoiled pKMp27 DNA (0.5 mg)
was incubated with 4 units of human topoisomerase I or II (TopoGen,
Inc.) at 37 8C for 1 h in relaxation buffer (50 mM Tris, pH 7.8, 50 mM KCl,
10 mM MgCl2 , 1 mM dithiothreitol, 1 mM EDTA, 1 mM ATP) in the
presence of varying concentrations of the drug under study.
Reactions were terminated by adding SDS to 0.25 % (w/v) and
proteinase K to 250 mg mLÿ1. DNA samples were then added to the
electrophoresis dye mixture (3 mL) and electrophoresed in an
ethidium-containing 1 % agarose gel at room temperature for 2 h
at 120 V (10 V cmÿ1). Gels were washed and photographed under UV
light.


Cell cultures and survival assay: Human HL-60 promyelocytic
leukemia cells were obtained from the American Tissue Culture
Collection (Manassas, VA). Cells were grown at 37 8C in a humidified
atmosphere containing 5 % CO2 in RPMI 1664 medium, supplement-
ed with 10 % fetal bovine serum, glutamine (2 mM), penicillin
(100 IU mLÿ1), and streptomycin (100 mg mlÿ1). The cytotoxicity of
the drugs was assessed by using a cell proliferation assay developed
by Promega (CellTiter 96 AQueous one solution cell proliferation assay).
Briefly, 2� 104 exponentially growing cells were seeded in 96-well
microculture plates with various drug concentrations in a volume of
100 mL. After 72 h incubation at 37 8C, 20 mL of MTS (3-(4,5-
dimethylthiazol-2-yl)-5-(3-carboxymethoxyphenyl)-2-(4-sulfophen-
yl)-2H-tetrazolium, inner salt) were added to each well and the
samples were incubated for a further 3 h at 37 8C. Plates were
analyzed on a Labsystems Multiskan MS (type 352) reader at 492 nm.


Cell cycle analysis : For flow cytometric analysis of DNA content, 106


HL-60 cells in exponential growth were treated with graded
concentrations of the test drug for 24 h and then washed three
times with citrate buffer. The cell pellet was incubated with 250 mL of
trypsin-containing citrate buffer for 10 min at room temperature and
then with 200 mL of citrate buffer containing a trypsin inhibitor and
RNase (10 min) prior to adding 200 mL of propidium iodide (PI) at
125 mg mLÿ1. Samples were analyzed on a Becton Dickinson FACScan
flow cytometer using the LYSYS II software, which was also used to
determine the percentage of cells in the different phases of the cell
cycle. PI was excited at 488 nm, and fluorescence analyzed at 620 nm
(using channel Fl-3).
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Ras-Mediated Cleavage of a GTP Analogue
by a Novel Mechanism
Robert Gail,[a] Burkhard Costisella,[b] M. Reza Ahmadian,[a] and
Alfred Wittinghofer*[a]


The small guanosine triphosphate (GTP) binding protein Ras is
involved in many cellular signal transduction processes leading to
cell growth, differentiation and apoptosis. Mutations in ras genes
are found in a large number of human tumours. GTP hydrolysis, the
process that normally leads to the transition of the Ras protein
from the active (GTP-bound) form to the inactive (GDP-bound)
form is impaired due to these oncogenic mutations. In contrast, the
GTP analogue 3,4-diaminobenzophenone(DABP)-phosphorami-
date-GTP, a substrate for GTP-binding proteins, enables switching
to the inactive GDP form in both wild-type and oncogenic Ras. Here
we show by HPLC, mass spectrometry and NMR spectroscopy that


the mechanism of this DABP-GTPase reaction is different from the
physiological GTPase reaction. The g-phosphate group is not
attacked by a nucleophilic water molecule, but rather by the
aromatic amino group of the analogue, which leads to the
generation of a stable cyclic diamidate product. These findings
have potential implications for the development of anti-Ras drugs.


KEYWORDS:


antitumor agents ´ hydrolases ´ Ras proteins ´
substrate-assisted catalysis


Introduction


Small guanosine triphosphate (GTP) binding proteins, of which
Ras is the prototype, and heterotrimeric G-proteins cycle in a
tightly regulated way between a GTP-bound conformation, in
which they are active in a multitude of cellular signal trans-
duction and other pathways, and an inactive, GDP-bound
conformation. In the case of small GTP-binding proteins, the
exchange of GDP for GTP is regulated by guanine nucleotide
exchange factors (GEFs), and the hydrolysis of the bound GTP to
GDP is promoted by GTPase-activating proteins (GAPs).[1]


Ras itself is a major regulator of many signal transduction
processes such as cell growth, differentiation and apoptosis. It
activates downstream targets such as the protein kinase Raf,[2]


GEFs for the small GTP-binding protein Ral such as RalGEF[3] and
the lipid kinase PI(3)-kinase.[4] Mutations in ras genes have been
found in about 30 % of human tumours, being particular
prevalent in malignancies of the pancreas and the colon.[5]


Oncogenic Ras proteins carry amino acid substitutions at one
of the positions 61, 12 or (more rarely) 13, the biochemical
consequence of which is a block in both the intrinsic and GAP-
stimulated GTPase reaction. This results in a permanent ªONº
signal of the Ras switch and thus contributes to tumour
formation. Due to its importance in this process, the Ras protein
is also widely recognised as an important anti-tumour target.


The GTP analogue 3,4-diaminobenzophenone-phosphorami-
date of GTP (DABP-GTP, I ; Figure 1) has been found to be cleaved
by the a subunit of the heterotrimeric G-protein Gs (Gsa)[7] and
Ras[8] with a rate similar to or faster than GTP. Studies with an
oncogenic variant of Gsa showed that cleavage of the analogue,
in contrast to the physiological GTPase reaction, does not
require the catalytic glutamine at position 227 (corresponding to


Gln 61 in Ras). More detailed studies with Ras showed that DABP-
GTP is also efficiently cleaved by all oncogenic Ras proteins, with
a rate acceleration of up to 1000-fold as compared to GTP
hydrolysis. As in the case of the GTPase reaction, the inactive
Ras ´ GDP complex is formed. The DABP-GTP reaction thus
constitutes an attractive drug discovery pathway aimed at
interfering with oncogenic Ras.


The deuterium isotope effect observed for the DABP-GTPase
reaction[8] suggested that the mechanism is different from that
of the GTPase reaction. The products are GDP[7, 8] and a
phosphate group linked to the DABP moiety (DABP-Pi) of up
to now unknown chemical structure. It was shown that the
aromatic amino group of DABP-GTP is crucial for cleavage. For
the reaction pathway, it has been proposed[9] that: a) The free
amino group could act as a general base to activate a
nucleophilic water molecule, b) the amino group itself could
act as a nucleophile or c) it could enable the phosphoramidate
nitrogen to act as a general base for an attacking water
molecule, d) the transition state could be stabilised by a
hydrogen bond between the free amino group and an attacking
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water molecule. The mechanisms a), c) and d) involving a
nucleophilic water molecule would yield a DABP-Pi molecule in
which oxygen from solvent water is incorporated and which has
only one covalent PÿN bond (II in Figure 1). On the other hand, a
nucleophilic attack of the amino group would lead, at least


transiently, to a product with two
PÿN bonds (III in Figure 1). Here, we
have analysed the mechanism of
DABP-GTP cleavage. It is concluded
that, contrary to the models favoured
so far,[7±9] the cleavage of DABP-GTP
differs fundamentally from GTP hy-
drolysis because it occurs through
direct attack of the aromatic amino
group rather than hydrolysis and
because a stable cyclic reaction prod-
uct is formed.


Experimental Section


Proteins and nucleotides: Recombi-
nant H-Ras variants were expressed in
and isolated from Escherichia coli as
described previously.[6] Nucleotide-free
protein was prepared essentially as
published by John et al.[10] DABP-GTP


was synthesised as described previously[7] and the reaction product
was purified by ion-exchange chromatography on Q-sepharose
(Pharmacia) using elution with a concentration gradient of
100!1000 mM triethylammonium hydrogen carbonate buffer. The
pooled fractions of DABP-GTP were lyophilised.


Kinetics of DABP-GTP cleavage: The reaction buffer was 30 mM Tris/
HCl (pH 7.5), 3 mM dithioerythritol, 5 mM KH2PO4/K2HPO4 (KPi ; pH 7.5),
with either 5 mM MgCl2 or 5 mM ethylenediaminetetraacetic acid
(EDTA), in normal water or [18O]H2O. The DABP-GTP concentration
was typically 100 mM. For the Ras-catalysed reactions, nucleotide-free
protein was added in an excess of ca. 20 %. The samples were
incubated at 30 8C. Aliquots taken at different time points were
shock-frozen in liquid nitrogen to stop the reaction. The samples
were then quickly thawed and analysed by HPLC on an RP-C18
column under isocratic conditions (100 mM KPi (pH 6.5), 10 mM


tetrabutylammonium bromide, 25 % acetonitrile). From the peak
areas, the DABP-GTP/(DABP-GTP � DABP-Pi) ratio was calculated and
fitted to a single-exponential curve. The DABP-Pi peak rather than the
GDP peak was chosen for quantification due to overlap of the latter
with buffer peaks.


NMR spectroscopy: For NMR spectroscopic measurements, DABP-
GTP was cleaved either in 50 mM Tris/HCl (pH 7.5) buffer containing a
three- to fivefold excess of MgCl2 or in a protein-catalysed reaction as
described above. DABP-Pi was purified either on a Resource Q ion-
exchange column (Pharmacia) with a triethylammonium acetate
gradient (50!1000 mM) or on a Q sepharose column using a
triethylammonium hydrogen carbonate gradient (500!1500 mM).
Pooled fractions of the product were lyophilised and dissolved in a
buffer containing 50 mM Tris/HCl (pH 7.5) and 50 % D2O. NMR spectra
were recorded on Bruker DRX500 and Varian Inova 600 spectrom-
eters. To shift the pH to 8.5, NaOH was carefully added. Phosphoric
acid and tetramethylsilane were added as standards in the 31P and
13C NMR spectroscopic measurements, respectively.


Mass spectrometry: Negative-mode ESI spectra were measured on a
Finnigan MAT LCQ mass spectrometer coupled to a Hewlett ± Pack-
ard 1100 unit. For one spectrum, 10 mL of a solution containing ca.
100 mM DABP-Pi were used.
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Figure 1. The structure of DABP-GTP (I) and two possible structures for the DABP-Pi reaction product, a mono-
amidate (II) obtained through hydrolysis or a cyclic phosphodiamidate (III) obtained through direct attack of the
aromatic amino group on the g-phosphate group.
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Results and Discussion


DABP-GTP cleavage


The time course of the reaction of Ras ´ DABP-GTP can conven-
iently be followed by reverse-phase HPLC as described previ-
ously.[8, 11] Elution profiles of DABP-GTP and the reaction products
after complete RasQ61A-mediated cleavage are shown in
Figures 2 a, b. Two reaction products can be identified, one of
which is GDP, as demonstrated by a GDP control sample,
whereas the other is tentatively labelled as DABP-Pi . The
compound can be purified by ion-exchange chromatography
(Figure 2 c). To analyse its nature by NMR spectroscopy we
needed to conveniently prepare large amounts of DABP-Pi . We
thus tested whether the DABP-GTPase reaction is absolutely
dependent on the presence of protein.


Figure 2. Reverse-phase HPLC analysis of the starting material and the reaction
products. Elution profiles of a) the DABP-GTP educt, indicating the position of the
corresponding compound ; b) the products of DABP-GTP cleavage with RasQ61A ;
c) purified DABP-Pi produced with RasG12V; d) purified DABP-Pi produced without
Ras. e) Co-elution of the two products. Note that in c) ± d) a different column was
used than in a) and b).


The DABP-GTPase rates of several Ras oncoproteins in the
presence of Mg2� have been determined by HPLC.[8] In the
absence of both Ras and metal ions, DABP-GTP is very stable and
cleaved only at very low rates, with a half-life of 46 h (Figure 3,
Table 1). In the presence of 5 mM Mg2� the reaction becomes 38-
fold faster, with a half-life of 74 min, which is still much slower
than in the presence of Ras. This suggests that the electron-
withdrawing potential of the metal ion polarises the g-phos-
phate group so that a nucleophilic attack on the electron-
deficient phosphorus atom is facilitated and/or the metal ion
stabilises the negative charge on the g-phosphate group in the


Figure 3. Time course of different DABP-GTP cleavage reactions. DABP-GTP
cleavage was measured in the absence of both protein and Mg2� (&), without
protein in the presence of Mg2� (~), and in the presence of RasG12V without Mg2�


(*). The rate was followed by taking aliquots of the reaction mixture at the
indicated time points and analysing them by HPLC. Concentrations of educt and
products were obtained from a quantitative analysis of the elution peaks, and the
rates were calculated as described in the Experimental Section.


ground and/or transition state. Figure 2 d shows the elution
profile of the purified DABP-Pi produced without protein. The
protein-free reaction rate is independent of the DABP-GTP
concentration in the range of 5 ± 100 mM (data not shown),
indicating first-order kinetics. The presence of Ras leads to an
additional increase in the reaction rate ranging from 14-fold
(RasG13A, data taken from Ahmadian et al.[8] ) to 181-fold
(RasG12V), but the protein-induced reaction is also dependent
on the presence of Mg2� (Table 1). The large rate increase on
binding of DABP-GTP to Ras suggests that fixation and
orientation of the nucleotide analogue on the protein surface
is favourable for the cleavage reaction. The rate enhancement is
strongly dependent on the nature of the Ras protein, oncogenic
mutants with large hydrophobic residues in the 12-position
showing the strongest effect. We postulate that this is due to the
differences in the conformation of the DABP moiety of the
substrate on the protein surface. In X-ray crystal structures of
RasG12V and RasG12P complexed to the non-cleavable DABP-
GTP analogue DABP-GPPNHP, differences in the structure around
the GTP analogue were indeed observed.[8]


Nature of the metal ion


Mg2� is complexed to nucleotide-loaded Ras in a stoichiometric
ratio. The intrinsic GTPase activity of wild-type Ras was analysed


Table 1. Cleavage rates and corresponding half-lives of DABP-GTP.


RasG12V Mg2� Mn2� rate [minÿ1] relative rate[a] half-life [min]


� � ÿ 1.7 1 0.41
� ÿ � 1.0 0.59 0.69
� ÿ ÿ 5.5�10ÿ2 0.032 13
ÿ � ÿ 9.4�10ÿ3 0.0055 74
ÿ ÿ � 9.1�10ÿ2 0.054 7.6
ÿ ÿ ÿ 2.5�10ÿ4 0.00015 2800


[a] The rates are compared to the rate obtained with RasG12V in the
presence of Mg2�.
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by Schweins et al.[12] with a linear free energy relationship
approach. The rate is accelerated 4.4-fold if the Mg2� ion is
replaced by the transition metal ion Mn2�. This is due to an
increase in the pKa of the g-phosphate group of GTP, which
serves as the general base in the hydrolysis reaction. Mn2� also
accelerates the GTP hydrolysis of RasG12V (data not shown).
However, in the case of the DABP-GTPase of RasG12V, one does
not observe a rate acceleration by Mn2� ions. In contrast, the
protein-free DABP-GTP cleavage in the presence of Mn2� is ten
times faster than with Mg2�, for reasons that are not obvious at
the present moment, but may be related to the different
stabilities of metal ion ± nucleotide complexes.


Identification of DABP-Pi


To further clarify whether the presence of Ras has an influence on
the products formed, DABP-GTP cleavage was performed with
Mg2� in the presence or absence of RasG12V. The purified DABP-
Pi products (ca. 95 % purity) in both cases eluted with an identical
retention time in reverse-phase HPLC, and coeluted when
injected together (Figures 2 c ± e). The elution time of the side
product in DABP-GTP preparations is also identical (Figure 2 a),
indicating that no apparent modification took place during the
purification. This, together with 31P NMR spectroscopic data (see
below), suggested that the products were identical.


We then used electrospray ionisation mass spectrometry for
the analysis of DABP-Pi produced in the presence of Mg2�. One
would expect an m/z value of 291.2 for the monoamidate form
of DABP-Pi (compound II, Figure 1), whereas it would be 273.2
for the cyclic diamidate form (compound III). Both the reaction
products in the presence or absence of Ras showed the same
major peak with a mass of m/z� 273.3� 0.1 (Figure 4 a). To make
sure that the same product is obtaineed in the absence of Gln 61,
which is essential for GTP hydrolysis, the same analysis was
performed with RasQ61A as a representative of the other class of
oncogenic mutants. Mass spectrometry showed the same result
(data not shown), indicating that cleavage does indeed occur by
an intramolecular attack of the amino group on the g-phosphate
group. An identical mass was also found in the presence of Mn2�.
In these experiments, no peak corresponding to the monoami-
date form was detected.


To exclude the possibility that the cyclic product is not formed
by aminolysis but through cyclisation of a hypothetical mono-
amidate intermediate arising through hydrolysis, experiments in
buffer containing [18O]H2O instead of normal water were
performed. Once again, the same mass indicative of a cyclic
product was found (Figure 4). A transiently formed monoami-
date would contain one 18O atom, so that in 2�3 of the cases one
would expect a diamidate with an m/z value higher by 2 units. A
second population was not observed. The identical mass when
using 18O-labelled and normal water shows that no atoms from
the solvent are incorporated into the product. The mass
spectrometric analysis thus constitutes a major argument in
favour of a 5-ring product formation due to nucleophilic attack
of the amino group on the g-phosphorus atom.


Figure 4. Electrospray ionisation mass spectrometric analysis (negative mode) of
the DABP-GTP cleavage product DABP-Pi obtained from the reaction in a) normal
or b) 18O-labelled water.


NMR analysis of DABP-Pi


Analysis by 31P NMR spectroscopy shows singulets at d�20.4 for
DABP-Pi obtained with and without Ras (Figure 5). This lies
within the expected range for diamidates of phosphoric acid
such as N,N,N',N'-tetramethylphosphorodiamidic acid O-methyl
ester (d�19),[17] and is an additional indication that both
products are identical.


To further characterise the product of the reaction, 1H and 13C
1D and 2D NMR experiments were performed. As no difference
in the product formed with different Ras variants and without
protein was detectable by HPLC, mass spectrometry and
31P NMR, purified DABP-Pi produced in the absence of protein
was used. 1H/13C direct and long-range correlation, and 1H and
13C 1D NMR spectra were recorded at pH 7.5 in order to verify the
cyclic structure of DABP-Pi (Figure 6 a). In a symmetrical molecule
like the cyclic product, the two carbon atoms Cf and Cc (see
Figure 6 c) are expected to have a more similar chemical
environment than in an asymmetrical structure like the mono-
amidate. The chemical shifts of these two nuclei are indeed
similar (d� 108.1 and 110.1, respectively). Due to phosphorus
coupling, the Cf peak is a doublet (3JPNCC� 11.8 Hz) like the Cc


peak, which has a similar coupling constant (3JPNCC� 12.5 Hz). In
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Figure 5. 31P NMR spectrum of DABP-Pi produced a) with RasG12V and b) in the
absence of Ras.


the postulated 5-ring structure of DABP-Pi , either of these atoms
and the phosphorus atom are separated by three covalent
bonds. In contrast, the signals for the two carbon atoms one
additional bond away from the phosphorus atom, Ce and Cd, are
observed as singulets. If DABP-Pi was a monoamidate and thus
had only one PÿN bond, the distance P ± Cf would be four bonds.
In the case of Cd , a four-bond distance does not lead to a split of
the signal into a doublet. At pH 7.5, no more than nine 13C peaks
are readily observed for the DABP-Pi molecule in the region of
d�108 ± 140 (the carbonyl Cg signal appears at d�199.8),
although there are ten different spin systems. However, the long-
range correlation at 500 MHz (pH 7.5) indicates an overlay of two
signals at d� 132.3 (Cb and Cl), as no coupling between Hf and a


C atom in the other aromatic ring is possible. We assumed that
the Cb peak is a doublet like that of Ca . A long-range correlation
spectrum was obtained at 600 MHz and pH 8.5 (Figure 6 b). The
separation of the Cb and Cl peaks was improved, but not
complete. An additional correlation to Hc was observed as a
further indication that the Cb peak is partially masked by the Cl


peak. Assuming a partial overlay of a Cb doublet, the coupling
constant 2JPNC would be about 9 Hz. For the adjacent carbon Ca


one finds 2JPNC� 11.8 Hz. Due to the increased sensitivity at
600 MHz, additional correlation signals of the unsubstituted
phenyl ring were detected. The small 1H peaks marked with an
asterisk most probably appeared through decomposition of
DABP-Pi at ÿ20 8C, as the 600-MHz spectra were recorded after
storage of the NMR sample for several months at pH 8.5. Taken
together, the NMR spectroscopic data support a cyclic structure
of DABP-Pi arising from a direct nucleophilic attack of the amino
group on the g-phosphorus atom.


Stability of DABP-Pi


At pH 7.5, no substantial degradation of DABP-Pi was detectable
in 2D NMR experiments after six days at room temperature, and
at pH 8.5 it appeared stable enough for recording several NMR
spectra. It was anticipated that in acidic or basic solution the
5-ring is broken. Acid- and base-catalysed hydrolysis of DABP-Pi


did not lead to the monoamidate form, however. A product was
formed that had the same mass and HPLC elution properties as
diaminobenzophenone (data not shown). Thus, it appears that,
under these conditions, once the ring is opened, hydrolysis
rapidly proceeds to completion.


Implications for anti-Ras drugs


To switch off GTP-binding proteins, bound GTP has to be
hydrolysed to GDP. If GTP hydrolysis is impaired, these proteins
are permanently switched on. Mutated forms of Ras, Gsa and


Figure 6. Long-range 13C/1H correlation spectrum at a) pH 7.5, 500 MHz, b) pH 8.5, 600 MHz. c) Structure of cyclic DABP-Pi .
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Gia act as oncogenes in human tumours,[13] and activated forms
of Rho/Rac and Cdc42 have also been shown to contribute to
transformation of rodent fibroblast cell lines.[14] GTP hydrolysis
on Ras occurs through a direct in-line nucleophilic attack of
water,[15] where GTP serves as the general base necessary for
activation of the attacking water molecule,[11] and the same
mechanism has also been proposed for other GTP-binding
proteins. The inability of oncogenic Ras proteins to hydrolyse
GTP is either due to the missing catalytic Gln residue or to steric
interference of P-loop mutants with the transition-state geom-
etry.[16] The GTP analogue DABP-GTP bypasses such defects and
allows inactivation of oncogenic GTP-binding proteins.[7, 8] This
has stimulated the idea of generating a small anticancer drug
capable of entering the active site of oncogenic GTP-bound
Ras and effecting the transition to the GDP form. It was
proposed[8] that the chemistry of DABP-GTP as well as knowl-
edge of the intrinsic and the GAP-catalysed GTP hydrolysis
mechanisms[11, 16] could serve as guidelines in the search for such
compounds.


Here we show that, contrary to previous assumptions,[7±9] the
DABP-GTPase mechanism is not related to the intrinsic and GAP-
accelerated GTP hydrolysis by Ras, and does not involve
hydrolysis, but rather an aminolysis reaction. The deuterium
isotope effect of DABP-GTP cleavage[8] might be explained by a
slow deprotonation after ring formation, although we cannot
exclude other possibilites. The direct nucleophilic attack of the
aromatic amino group on the g-phosphate group leads to
formation of GDP and of a cyclic phosphodiamidate whose
identity has been verified by mass spectrometry. The NMR
measurements also confirmed a cyclic structure of DABP-Pi , as
the 13C NMR spectra cannot be easily reconciled with a non-
cyclic product. HPLC, 31P NMR spectroscopy and mass spectrom-
etry indicated that an identical product is formed with and
without Ras. Thus, the roles of the catalytic glutamine residue in
GTP-binding proteins and the aromatic amino group in DABP-
GTP are different, and conclusions on the GTPase mechanism
cannot be drawn from findings obtained with DABP-GTP or vice
versa. The different mechanism may have fundamental implica-
tions in the search for an anti-Ras drug based on the idea of
stimulating the GTPase reaction of oncogenic Ras: It shows that
oncogenic Ras is not per se resistant to transition to its inactive
GDP-bound form and that suitably located chemically reactive
groups on the surface of the protein might allow to turn off the
molecular switch locked in its ªONº position. From the evidence


presented here and in our previous report[8] such a chemically
active group would in principle be independent of which type of
oncogenic mutation is present in the tumour.
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Cloning, Functional Expression,
and Characterization
of Recombinant Pig Liver Esterase
Stefan Lange,[b] Anna Musidlowska,[a] Claudia Schmidt-Dannert,[c] Jutta Schmitt,[b]


and Uwe T. Bornscheuer*[a]


The N-terminal amino acid sequence of pig liver esterase (PLE) from
a commercial sample was determined and shown to match closely
to a published sequence encoding a proline-b-naphthylamidase
from pig liver. Next, mRNA isolated from pig liver was transcribed
into cDNA and primers deduced from the N-terminal sequence
were used to clone the 1698 base pairs of PLE cDNA. Initial
attempts to express the cDNA in Escherichia coli and Pichia
pastoris with different expression vectors and secretion signal
sequences failed. Only after deletion of the putative C-terminal
sequence His-Ala-Glu-Leu, usually considered as an endoplasmic
reticulum retention signal, could heterologous expression of PLE be
readily achieved in the methylotrophic yeast P. pastoris. Recombi-
nant PLE (rPLE) was secreted into the medium and exhibited a
specific activity of approximately 600 U mgÿ1 and a Vmax/Km value
of 139 mmol minÿ1 mMÿ1 with p-nitrophenyl acetate as a substrate.
Activity staining of renatured sodium dodecylsulfate ± poly-
acrylamide gels gave a single band with esterolytic activity for
rPLE, whereas several bands are visible in crude commercial PLE


preparations. This was confirmed by native gels, which also show
that rPLE is active as a trimer. Biochemical characterization of the
recombinant enzyme and comparison with properties of commer-
cial PLE preparations as well as with published data confirmed that
we expressed a single PLE isoenzyme which showed a high
preference for proline-b-naphthylamide. This is a substrate specif-
icity for the so-called g subunit of PLE. The optimum pH value and
temperature for the recombinant PLE were 8.0 and 60 8C,
respectively. The determined molecular weight of the secreted
enzyme was approximately 61 ± 62 kDa, which closely matches the
calculated value of 62.419 kDa. The active site residues are located
at Ser203 , His448 , and Asp97, and the typical consensus sequence
motif for hydrolases was found around the active site serine (Gly-
Glu-Ser-Ala-Gly).


KEYWORDS:


enzyme catalysis ´ gene expression ´ hydrolases ´
Pichia pastoris ´ pig liver esterase


Introduction


Pig liver esterase (PLE, also named porcine liver carboxylesterase,
EC 3.1.1.1) is a serine-type esterase. Its physiological role is
believed to be the hydrolysis of various esters occurring in the
pig diet, which might explain its wide substrate tolerance.
Besides this possible natural function, PLE represents the most
useful esterase for organic synthesis and numerous reports have
shown the efficient application of this enzyme in kinetic
resolutions and desymmetrizations of a wide range of organic
compounds.[1] So far, PLE can only be obtained by the extraction
of pig liver with organic solvents and, as a consequence, an ill-
defined preparation is provided. Detailed studies revealed that
PLE preparations consist of various PLE isoenzymes with
considerably different substrate specificities.[2] Some fractions
separated by isoelectric focusing preferred methyl butyrate or
butanilicain (N-butylglycyl-2-chloro-6-methylanilide hydrochlor-
ide), whereas others hydrolyzed butyrylcholine and proline-b-
naphthylamide with high activity. The three major isoenzyme
fractions of nonrecombinant PLE preparations had apparent
molecular weights of 58.2 kDa (a subunit), 59.7 kDa (b subunit),
and 61.4 kDa (g subunit) as determined by sodium dodecylsul-
fate ± polyacrylamide gel electrophoresis (SDS-PAGE). PLE can


consist of all three isoenzymes (a, b, g subunits) and aaa, aag,
agg, and ggg trimers are believed to be major components.
Amino acid analysis showed a lower content of aspartic acid and
a higher content of arginine in the a subunit compared to the g


subunit.[2, 3]


So far, the cloning and expression of PLE has not been
reported. However, evidence seems to exist that a proline-b-
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naphthylamidaseÐwhich was cloned from pig liver but not
functionally expressedÐis identical with pig liver esterase.[4] This
was further underscored by Heymann and Peter,[5] who found
that isoenzyme fraction IÐthe trimeric g subunitÐof a native
PLE preparation is able to hydrolyze proline-b-naphthylamide.
Another group purified and cloned a porcine intestinal glycerol
ester hydrolase, but also did not report functional expression.[6]


This hydrolase was found to share as much as 97 % amino acid
sequence identity with that reported by Matsushima et al.[4]


We now describe for the first time the cloning and functional
expression of a PLE subunit ± -which represents the major
esterase in commercial PLE preparationsÐin the methylotrophic
yeast Pichia pastoris. Recombinant PLE secreted into the medium
was biochemically characterized and its properties were inves-
tigated in comparison to commercial samples of nonrecombi-
nant esterase extracts from pig liver.


Results


Cloning and sequencing of the pig liver esterase


After electrophoretic separation of a commercial PLE sample
obtained from Aldrich (data not shown) followed by blotting of
the major protein band exhibiting esterase activity (ca. 60 kDa)
on a polyvinylidene fluoride (PVDF) membrane, the N-terminal
sequence was determined to be NH2-GTPASPLVVDTAQGRVLG-
KYVS. A BLAST search in the SWISSPROT database using this
sequence revealed an almost perfect match (20 out of 22 amino
acids were identical, the mismatched residues are highlighted in
the sequence above) to the mature protein of a proline-b-
naphthylamidase (accession number: Q29550).[4] Assuming from
these results that the major protein fraction of the commercial
pig liver PLE preparations represents proline-b-naphthylamidase,
polymerase chain reaction (PCR) primers were derived from
the deposited nucleotide sequence for cloning of the PLE cDNA
from pig liver. Following isola-
tion of mRNA from fresh pig
liver and transcription into
cDNA by a reverse transcrip-
tase PCR (RT-PCR), the PLE
cDNA was amplified and the
obtained PCR fragment was
cloned into pUC19. As expect-
ed, the determined nucleotide
sequence of the isolated PLE
cDNA (1698 base pairs (bps))
was identical to the published
gene sequence.[4] The deduced
amino acid sequence of PLE
consists of 566 residues includ-
ing an 18 amino acid N-termi-
nal signal peptide which after
cleavage produces the 548 res-
idue (60.073 kDa) mature PLE
(mPLE). The tetrapeptide His-
Ala-Glu-Leu located at the C
terminus shows homology to


known endoplasmic reticulum (ER) retention signal peptides,[7]


suggesting that native PLE is a resident of the ER. Five Cys
residues in mature PLE are present at positions 70, 71, 99, 256,
and 267. One potential N-glycosylation site (Asn-Xxx-Ser/Thr[8] )
has been identified at positions 62 ± 64.


Expression of recombinant PLE


In a first attempt to express PLE functionally in Escherichia coli,
the complete PLE gene including its N-terminal signal sequence
was cloned into the temperature-inducible expression vector
pCYTEXP1 to give pCYTEX ± PLE. Similarly, expression vector
pCYTEX ± ompA ± mPLE was generated by replacing the native
signal sequence of PLE with the E. coli ompA leader sequence to
facilitate efficient secretion of the expressed protein into the
periplasmic space of E. coli.[9, 10] However, expression of PLE in
E. coli failed and no formation of protein having the expected
molecular weight was observed regardless of the constructs
(Figure 1, 1 ± 3) used. This was confirmed by SDS-PAGE analysis
and esterase activity assays (data not shown).


Due to the eucaryotic origin of PLE, we then considered
expression of PLE in the methylotrophic yeast Pichia pastoris. The
mPLE gene was therefore subcloned in-frame with the N-termi-
nal a-factor signal sequence of the yeast expression vector
pPICZaA to give pPICZa ± mPLE (Figure 1, 4). As the identified
putative C-terminal ER retention signal His-Ala-Glu-Leu of the
mammalian PLE[7] might function in yeasts too and, thus,
interfere with the a-factor-mediated secretion of the protein in
P. pastoris, a truncated variant (mPLE*) lacking this tetrapeptide
was created and cloned into pPICZaA (Figure 1, pPICZa ± mPLE*,
5). To facilitate detection and purification of the expressed
recombinant protein, a third construct (pPICZa ± mPLE* ± tag)
was generated, where mPLE* is fused to a C-terminal His and
myc tag provided by the vector (Figure 1, 6).


Figure 1. Construction of different expression vectors derived from pUC19, pT ± BTL2, pT ± ompA ± BTL2, pPICZaA.
Expression cassettes containing the promotor, the leader sequence, the PLE gene, and the C-terminal tags are given. Vectors
1 ± 3 were used for expression in E. coli, vectors 4 ± 6 for expression in P. pastoris. P-lac: IPTG-inducible lac promotor;
P-lambda: heat-inducible promotor from phage l ; AOX1: methanol-inducible alcohol oxidase 1 promotor; NLS: native
leader sequence; ompA: outer membrane protein A secretion signal; Alpha : a-factor secretion signal from Saccharomyces
cerevisiae; ER: C-terminal endoplasmatic reticulum retention signal ; myc: myc tag ; His: sixfold His tag.
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The resulting three linearized expression vectors (Figure 1, 4 ±
6) were transformed into P. pastoris X33, 30 transformants of
each vector were randomly selected, and the culture super-
natants were analyzed for secretion of active PLE using the rapid
p-nitrophenyl acetate (pNPA) assay. While none of the tested
transformants harboring the complete mature PLE gene on
pPICZa ± mPLE showed esterase activity, all of the tested trans-
formants expressing the PLE gene with the truncated C terminus
produced esterase activity in various amounts in the super-
natant. Among these, two transformants, one of each construct
with and without the C-terminal tag, showed the highest
esterase activities with similar values. The transformant express-
ing the truncated PLE fused to the His and myc tag was chosen
for further studies.


Characterization of recombinant mPLE


After cultivation for 96 h, 0.5 U mLÿ1 (based on the pNPA assay) of
recombinant PLE were secreted into the supernatant. Concen-
tration of the supernatant resulted in an enzyme preparation
with 10 U mLÿ1, which corresponds to a specific activity of
approximately 600 U mgÿ1 protein; this was employed in
subsequent characterizations. SDS-PAGE analysis (Figure 2, left)


Figure 2. SDS-PAGE analysis (left) and activity staining (right) of recombinant
and commercial PLEs. Mw: molecular weight standard (66 kDa, bovine serum
albumin; 45 kDa, chicken egg ovalbumin; 36 kDa, rabbit muscle glyceraldehyde-3
standard; phosphate dehydrogenase ; 29 kDa, Bovine erthrocytes carbonic
anhydrase); lane 1: 0.4 U recombinant PLE ; lane 2: 4 U Fluka PLE ; lane 3: 4 U
Chirazyme E2; comm: commercial. Units are based on the pNPA assay.


of the recombinant PLE preparation showed one major protein
band with a molecular weight of approximately 61 ± 62 kDa,
together with some high molecular weight proteins. However,
only the 61 ± 62 kDa band showed esterase activity upon activity
staining of renatured polyacrylamide gels with a-naphthyl
acetate/Fast Red (Figure 2, right). This agrees closely with the
calculated value of 62.419 kDa (for the mature truncated PLE
fused to a His6 and myc tag), as well as the 61.4 kDa reported for
the PLE g-subunit isoenzyme.[2, 3]


The commercial PLE preparations on the other hand appear to
be much more inhomogeneous due to the presence of various


protein bands, many of them exhibiting esterolytic activity
(Figure 2). Activity staining of a native gel (Figure 3) confirms the
presence of various isoenzymes of PLE in crude commercial
extracts (especially the preparation from Fluka, lane 1) and


Figure 3. Native PAGE analysis of recombinant and commercial PLEs. Gels were
first activity stained followed by staining with Coomassie Brilliant Blue. Mw:
molecular weight standard (272 kDa, Jack bean urease trimer standard ; 132 kDa
dimer and 66 kDa monomer, bovine serum albumin; 45 kDa, chicken egg
albumin); lane 1: 0.1 U Fluka PLE; lane 2: 0.07 U Chirazyme E2 ; lane 3 ± 6: 0.1,
0.045, 0.09, and 0.045 U recombinant PLE from different cultivations. Units are
based on the pNPA assay.


considerably higher purity of rPLE (Figure 3, lanes 3 ± 6). More-
over, the native PLEs all have a molecular weight of approx-
imately 180 kDa, which suggests the formation of trimers.
Isoelectric focusing gave a pI of 4.78 for rPLE (data not shown),
which closely matches the value reported for the g subunit.


The Vmax/Km value of recombinant PLE was 139 mmol minÿ1 mMÿ1


with pNPA as the substrate, which is lower than the correspond-
ing value for commercial PLE from Fluka (Table 1). Recombinant
PLE cleaves ethyl caprylate and tributyrin with equal activity
(47.3 U mgÿ1) and ethyl acetate with moderate activity


(16.4 U mgÿ1). As expected for an esterase, triolein is not
accepted as substrate. However, we found that commercial
preparations from Fluka and Roche Diagnostics (Chirazyme E2)
do hydrolyze triolein,[11] suggesting the presence of lipases in
these preparations.


Activity measurements of recombinant PLE and commercial
PLE (Fluka) at different temperatures showed an almost identical
behavior of the two enzyme preparations in the hydrolysis of
ethyl caprylate. The highest activity was observed at 60 8C
(Figure 4) but, in contrast to the commercial PLE, recombinant
PLE was completely inactivated at 70 8C. Only minor deviations
were found between the pH profiles of recombinant PLE and the


Table 1. Kinetic data (per milligram of protein) as determined by hydrolysis of
pNPA with recombinant (rPLE) and commercial (Fluka PLE) enzymes.


Esterase Vmax [U] Km [mM] Vmax/Km [mmol minÿ1 mMÿ1]


rPLE 0.74� 103 5.32 139 (�2.7)
Fluka PLE 1.58� 103 1.82 868 (�17.3)
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Figure 4. Temperature profiles for recombinant PLE (*) and the PLE preparation
from Fluka (~), as determined with ethyl caprylate in the pH-stat assay. 100 %
activity refers to 512 U mgÿ1 (rPLE) and 1323 U mgÿ1 (Fluka PLE), respectively.


commercial PLE from Sigma as determined with the pNPA assay
(Figure 5). However, pH 9.0 was best for the PLE preparation
from Fluka, which can be related to a different pattern of subunit
ªmixturesº or the presence of other hydrolases.


To clarify which isoenzyme was cloned, the substrate specific-
ities of recombinant and commercial PLEs towards proline-b-
naphthylamide and methyl butyrate were investigated. Figure 6


Figure 5. pH profile of recombinant PLE (*) and the PLE preparations from Fluka
(~) and Sigma (&), as determined using the pNPA assay. 100 % activity refers to
595 U mgÿ1 (rPLE), 296 U mgÿ1 (Fluka PLE) and 218 U mgÿ1 (Sigma PLE),
respectively.


Figure 6. Relative activity of recombinant and commercial PLE preparations
towards proline-b-naphthylamide (grey columns) and methyl butyrate (white
columns). Activity of rPLE towards proline-b-naphthylamide and of Fluka PLE
towards methyl butyrate was set to 100 %, and the activity of the other PLEs was
calculated accordingly. Specific activities in U mgÿ1 are shown above the columns.


clearly shows that recombinant PLE highly prefers PNA and
exhibits very low activity towards methyl butyrate, in strong
contrast to commercial PLE from Fluka and Chirazyme E2.


Discussion


As already outlined in the introduction, two groups reported the
cloning of putative pig liver[4] or intestinal[6, 12] esterase genes,
but they did not report the functional expression of active
enzymes. Initially, we also failed in functional expression of PLE in
either E. coli or P. pastoris, despite the use of various plasmid
constructs and replacement of the 18 amino acid N-terminal
leader sequence of PLE with the ompA signal sequence or the a-
factor leader sequence, respectively. However, the key to
successful functional expression of PLE in P. pastoris cells was
the deletion of the tetrapeptide His-Ala-Glu-Leu at the C-
terminus of the PLE gene, which seems to be an ER retention
signal sequence, similar to those previously reported within the
carboxylesterase family.[7] In particular, the three (out of four)
tetrapeptides His-Val-Glu-Leu, His-Asn-Glu-Leu, and His-Thr-Glu-
Leu identified in rat liver carboxylesterase were shown to be
involved in retention, as secretion of active protein in COS-1 cells
required their deletion. Thus, the existence of similar retention
signal sequences in an esterase from pig liver appeared likely.


In order to identify, which PLE isoenzyme was produced by
P. pastoris, we first subjected the protein to SDS-PAGE, from
which the molecular weight was determined to be approx-
imately 61 ± 62 kDa (calculated: 62.419 kDa). Without the tags
and including the C-terminal His-Ala-Glu-Leu, the molecular
weight would be 60.098 kDa, which seems to be closer to the
molecular weight reported for the b subunit (59.7 kDa) than to
the g subunit (61.4 kDa).[2, 3] However, this difference could be
due to a different glycosylation pattern of pig liver produced
esterase compared to that produced in P. pastoris. To provide
further evidence that it was indeed the g subunit that was cloned
and expressed, recombinant PLE was subjected to hydrolysis
reactions with methyl butyrate and proline-b-naphthylamide as
substrates. According to the literature,[5] the g subunit isoenzyme
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should exhibit high activity towards proline-b-naphthylamide
but little activity towards methyl butyrate. Indeed, we found that
the recombinant enzyme highly prefers proline-b-naphthyl-
amide in comparison with commercial PLE preparations (Fig-
ure 6), which contain a mixture of different isoenzymes. Native
PAGE confirmed that mature PLE (recombinant and the crude
extract from pig liver) is active as a trimer, which is in accordance
to the observations reported for a proline-b-naphthylamidase.[13]


The active site of lipases and esterases consists of a catalytic
triad containing the amino acids Ser-His-Asp. In addition, the
consensus sequence motif Gly-Xxx-Ser-Xxx-Gly around the active
site serine is found in all of these hydrolases.[1a] Sequence
comparison with the data reported by David et al.[6] identified
Ser203 , His448 , and Asp97, as the active site residues of mature rPLE;
the consensus sequence motif is Gly-Glu-Ser-Ala-Gly.


The functional expression of the pig liver esterase g subunit
isoenzyme also has a strong impact on biocatalysis. As pig liver
esterase represents an enzyme widely used for the synthesis of
optically pure products, it is of upmost importance, that the
substrate selectivity and, especially, the stereoselectivity of the
biocatalyst preparation is related to only one protein. Otherwise,
one hydrolase (or isoenzyme) might show lower or even
opposite stereoselectivity to others, which in turn will lead to
lower overall selectivity. Furthermore, the (iso)enzyme compo-
sition of the pig liver extract may vary from batch to batch. It is
obvious from the activity stainings in Figures 2 and 3 that crude
commercial PLE preparations indeed contain various enzymes
capable of cleaving a-naphthyl acetate. Besides the PLE
isoenzymes (a ± g subunits), other hydrolasesÐpresumably
lipasesÐare also present. This is further supported by the
observation that commercial PLE samples but not rPLE act on
triolein,[11] which is a true lipase substrate. Thus, the functional
expression of rPLE will also offer new opportunities for a
reproducible application of this hydrolase in organic synthesis.
First results have already shown that recombinant PLE exhibits
substantially higher enantioselectivity in the kinetic resolution of
acetates of secondary alcohols : In one case inversed stereo-
preference compared to commercial PLE preparations was also
observed.[11]


Our studies might also encourage the cloning and functional
expression of other PLE isoenzymes. Special focus should be
given to whether similar or related tetrapeptides functioning as
retention sequences can be also identified in these proteins.


Experimental Section


Materials: All chemicals were purchased from Fluka (Buchs, Switzer-
land), Sigma (Steinheim, USA), and Merck (Darmstadt, Germany)
unless stated otherwise, at the highest purity available. Oligonucleo-
tides were purchased from Interactiva (Ulm, Germany). Commercial
PLE samples were obtained from Fluka, Aldrich, Sigma, and Roche
Diagnostics (Chirazyme E1 and Chirazyme E2; Penzberg, Germany).


Microorganisms, plasmids, and growth conditions: E. coli DH5a [Fÿ


endA1 hsdR17(rkÿ, mk�) supE44 thi-1 lÿ gyrA96 relA1 D(argF-
laczya)U169] was used for the cloning and expression of PLE. Cells
were cultivated in low salt Luria Bertani (LB) medium (yeast extract
(10 g Lÿ1), peptone (10 g Lÿ1), NaCl (5 g Lÿ1)) supplemented with


nalidixic acid (50 mg Lÿ1) and, if required, with ampicillin (100 mg Lÿ1)
or zeocin (25 mg Lÿ1) (Invitrogen, Carlsbad, CA, USA) at 37 8C.


Pichia pastoris X33 (Invitrogen) was used for expression of recombi-
nant PLE. The following media were employed in the cultivation of
Pichia cells under different conditions: YPD medium (yeast extract
(1 %), peptone (2 %), and glucose (2 %)) ; YPDS medium (YPD medium
supplemented with 1 M sorbitol) ; BMGY medium (yeast extract (1 %),
peptone (2 %), potassium phosphate buffer (pH 6.0, 100 mM), and
glycerol (1 %)); BMMY medium (BMGY, but using filter-sterilized
methanol (0.5 %) instead of glycerol). The media were supplemented
with zeocin (100 mg Lÿ1).


The E. coli cloning vector pUC19[14] was used for initial cloning of the
PLE cDNA. The E. coli vectors pT ± BTL2 and pT ± ompA ± BTL2[15] were
used for expression of the PLE gene under the control of the strong,
temperature-inducible l PL promoter. The E. coli/P. pastoris shuttle
vector pPICZaA (Invitrogen) was used for expression of PLE under
the control of the alcohol oxidase (AOX1) promoter in P. pastoris.


Recombinant DNA technologies: Unless stated otherwise, standard
DNA technologies were used.[16] The QIAprep Spin Miniprep kit, the
Plasmid Midi kit, and the QIAquick Gel Extraction kit (Qiagen, Hilden,
Germany) were used for plasmid DNA and DNA gel extractions,
respectively. Restriction enzymes and other DNA modifying enzymes
were used as specified from the suppliers (New England BioLabs,
Beverly, MA, USA; Roche Diagnostics, Penzberg, Germany; GIBCO-
BRL Life Technologies, Eggenstein, Germany; MBI Fermentas,
St. Leon-Rot, Germany).


DNA-sequencing reactions were carried out on both strands of
double-stranded templates using the Taq Ready Reaction Dye Deoxy
Terminator Cycle Sequencing kit (Applied Biosystems, Weiterstadt,
Germany). The sequencing products were analyzed on a 373 DNA
sequencer (Applied Biosystems).


Standard protocols were used for the preparation and transforma-
tion of competent E. coli cells.[17] Plasmids were transformed into
P. pastoris by electroporation according to the supplier's instructions.


mRNA isolation, cDNA synthesis and cloning of PLE cDNA: Tissue
from fresh pig liver (0.8 g) was homogenized (Polytron PT 3000,
Kinematica AG, Littau, Switzerland) and poly(A) RNA was isolated
using the Fast Track 2.0 kit (Invitrogen) according to the procedure
given in the manual.


First-strand cDNA synthesis by RT-PCR was performed using the
cDNA Cycle kit (Invitrogen) with an oligo(dT) primer following the
protocol of the kit. RT-PCR products were used as templates for the
amplification of the complete PLE cDNA using two gene-specific
primers (primer 1: 5'-gatatcccgggcatatgtggcttctcccgctggt-3', with
italicized restriction sites SmaI, and NdeI ; primer 2: 5'-gcatcccgg-
gaattctcacagctcagcatgcttta-3', italicized restriction sites SmaI and
EcoRI; underlined sections are start and stop codons. Both primers
were designed based on the cDNA sequence of porcine liver proline-
b-naphthylamidase[4] and contained restriction sites for subsequent
cloning of the PCR product. PCR was performed in a thermocycler
(Robocycle Gradient 40, Stratagene, La Jolla, CA, USA). After an initial
denaturation step (95 8C for 5 min), the following temperature
program was used: 95 8C for 1 min, 55 8C for 2 min, and 72 8C for
3 min, for a total of 28 cycles.


The purified PCR products were initially cloned into the SmaI site of
the pUC19 vector. The resulting plasmid pUC19 ± PLE (Figure 1, 1)
was used for sequence verification and subsequent subcloning of
the isolated PLE gene.


Construction of expression vectors: E. coli : Plasmid pUC19 ± PLE
was cleaved with NdeI and EcoRI, and the resulting 1705 bp fragment
encoding the complete PLE sequence, including the native leader
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sequence, was inserted into the respective NdeI/EcoRI site of pT1 ±
BTL2,[9] resulting in pCYTEX ± PLE (6652 bps) (Figure 1, 2). In a second
construct, pCYTEX ± ompA ± mPLE (6682 bps), the native leader
sequence of PLE was replaced with the E. coli ompA leader sequence
to facilitate efficient periplasmic protein secretion in E. coli. There-
fore, the mature PLE gene without N-terminal leader sequence was
amplified and ligated blunt-end into the vector backbone pCYTEX ±
ompA obtained after PCR amplification of the vector pT ± ompA ±
BTL2 (Figure 1, 3).


P. pastoris : For expression in P. pastoris, the sequence encoding the
mature PLE was cloned in-frame downstream of the yeast a-factor
secretion signal sequence in the E. coli/P. pastoris shuttle vector
pPICZaA. For this, the gene was amplified with two primers
introducing an EcoRI site (5'-aagctgaattcgggcagccagcctcgccgcct-3')
and an XbaI site (5'-gtcagtctagatcacagctcagcatgctttatc-3', stop
codon underlined) at its 5'-end and 3'-end, respectively. EcoRI and
XbaI digestion of the resulting amplification product and ligation
into the likewise-cut plasmid pPICZaA obtained expression vector
pPICZa ± mPLE (5183 bps) (Figure 1, 4). Expression vectors pPICZa ±
mPLE* (5171 bps) and pPICZa ± mPLE* ± tag (5171 bps) (Figure 1,
5, 6) containing a truncated mature PLE gene lacking the four
C-terminal amino acids His-Ala-Glu-Leu were created in essentially
the same manner as pPICZa ± mPLE. The deletion was introduced
with accordingly modified 3'-primers which either introduced a stop
codon (primer: 5'-acctctagatcactttatcttgggtggcttc-3', stop codon
underlined) to generate pPICZa ± mPLE* or allowed C-terminal
fusion of the truncated gene in-frame to the His and myc tag
sequences provided by pPICZaA (primer: 5'-acctctagatactt-
tatcttgggtggcttc-3') to give pPICZa ± mPLE* ± tag.


The created expression vectors were linearized with PmeI and
transformed into P. pastoris using the Invitrogen electroporation
method.


Expression of recombinant PLE in E. coli DH5a : Recombinant
E. coli DH5a harboring pCYTEX ± PLE or pCYTEX ± ompA ± mPLE were
grown at 37 8C and 200 rpm in LB medium until an OD578 value of
0.8 ± 1.0 was reached. Recombinant protein expression was induced
by an increase of temperature to 42 8C. Samples were taken every
hour. After 3 ± 4 hours of induction, cells were harvested and stored
at ÿ20 8C or used immediately for SDS-PAGE or activity assays.


Shaking-flask cultivation of P. pastoris and secreted expression of the
pig liver esterase: Recombinant clones selected on zeocin plates
were picked and grown in YPDS medium at 30 8C and 200 rpm until
the OD600 value was approximately 15. This preculture (200 mL) was
used to inoculate BMGY medium (25 mL), which was then incubated
overnight at 30 8C. The yeast cells were collected by centrifugation
(5 min, 3000 g, 4 8C) and transferred to the BMMY induction medium
until an OD600 value of 1.0 was reached. Induction was performed by
daily addition of methanol (0.5 % (v/v)). After a 96-hour induction,
cells were harvested by centrifugation. Supernatants containing
recombinant enzyme were concentrated using Centricons (20 mL,
NMWL 30 000, Ultracel-PL membrane, Millipore) for 15 min at 4000 g
and 4 8C. Activity during cultivation, after cell harvesting and in
concentrated enzyme solution was determined by the pNPA assay
(see below). Proteins were then analyzed by gel electrophoresis (see
below). Due to the presence of disturbing peptides in the media
(from yeast extract and peptone), protein concentrations were
determined by densitometry using known concentrations of bovine
serum albumin as a reference protein. For this, the National Institutes
of Health (NIH) imager (available at: http://rsb.info.nih.gov/nih-
image/download.html) in combination with a special macro (Mac-
intosh version, available from Dr. T. Seebacher, email : thomas.see-
bacher@uni-tuebingen.de) for molecular mass and protein content


determination was used. For better comparison, the protein
concentration of commercial PLEs was determined in a similar
manner.


Sodium dodecylsulfate ± polyacrylamide gel electrophoresis (SDS-
PAGE): Commercial pig liver esterase solution (20 mL, 100 U mLÿ1,
based on the pNPA assay) or tenfold-concentrated P. pastoris culture
supernatants (20 mL) were mixed with SDS ± sample (10 mL) buffer.
After heating to 95 8C for 5 min, samples were separated on
polyacrylamide gels (12.5 %) with a stacking gel (4 %). Gels were
stained for protein detection with Coomassie Brilliant Blue. For
esterase-activity staining, proteins were first renaturated by a 12 h
incubation in a Triton X-100 solution (0.5 % in 0.1 M tris(hydroxyme-
thyl)aminomethane (Tris)/HCl (pH 7.5)). Next, the gel was incubated
in a mixture of freshly prepared solutions A and B (1:1) for 2 h (A: a-
naphthyl acetate (20 mg) dissolved in acetone (5 mL), followed by
addition of Tris/HCl (50 mL, 0.1 M; pH 7.5); B: Fast Red TR salt (50 mg)
dissolved in Tris/HCl (50 mL, 0.1 M; pH 7.5)). In the presence of
hydrolytic (lipase or esterase) activity, released a-naphthol forms a
red complex with Fast Red.[18]


Native polyacrylamide gel electrophoresis: Commercial pig liver
esterase solution (10 mL, �0.1 U) and concentrated P. pastoris culture
supernatants (5 ± 10 mL, �0.05 ± 0.1 U) were mixed with sample
buffer (10 mL). Samples were separated on polyacrylamide gels
(7.5 %) with a stacking gel (4.5 %). Gels were activity stained as
described above, followed by staining with Coomassie Brilliant Blue.


Isoelectric focussing: Concentrated P. pastoris culture supernatants
(1 ± 5 mL, �0.02 ± 0.1 U) were mixed with sample buffer (10 mL).
Samples were separated on polyacrylamide gels (5 %) containing
carrier ampholyte (2.4 %; pH 3 ± 10; Serva). Gels were activity stained
as described above, then the bands were fixed with trichloroacetic
acid solution (10 % (w/v) for 10 min, then 1 % (w/v) overnight)
followed by staining with Coomassie Brilliant Blue.


N-terminal protein sequencing: Prior to N-terminal sequence
analysis, the commercial PLE preparation from AldrichÐwhich was
the purest product availableÐwas separated on SDS-PAGE as
described above. The band at approximately 60 kDa was electro-
blotted onto a PVDF membrane according to Matsudeira.[19]


Sequencing was carried out with a gas-phase sequencer (491 Protein
sequencer, Applied Biosystems, Weiterstadt, Germany).


Esterase activity: Esterase activity was determined photometrically
in sodium phosphate buffer (50 mM) with p-nitrophenyl acetate
(10 mM dissolved in dimethyl sulfoxide) as the substrate. The amount
of p-nitrophenol released was routinely determined at 410 nm (e�
12.36� 103 Mÿ1 cmÿ1) at room temperature and pH 7.5. In addition,
activity measurements were performed at different pH values for pH-
optima determination. One unit (U) of esterase activity was defined
as the amount of enzyme releasing 1 mmol p-nitrophenol per min
under the assay conditions. Substrate specificity of PLE was
measured by means of a pH-stat assay. A known amount of esterase
was added to an emulsion (30 mL) containing ester (5 % (v/v); methyl
butyrate, ethyl caprylate, ethyl acetate, triolein, or tributyrin) and
gum arabic (2 % (w/v)) at 37 8C. Liberated acid was titrated
automatically in a pH-stat (Schott, Mainz, Germany) with 0.01 N


NaOH in order to maintain a constant pH value of 7.5. One unit of
activity was defined as the amount of enzyme releasing 1 mmol acid
per min under assay conditions. Activity measurements at different
temperatures were performed using ethyl caprylate as substrate at
pH 7.5.


Proline-b-naphthylamidase activity: Proline-b-naphthylamidase ac-
tivity was determined photometrically with proline-b-naphthylamide
(0.2 mM in dimethyl sulfoxide) as the substrate. The reaction mixture
(500 mL) containing Tris/HCl (0.1 M; pH 8.0), substrate solution (50 mL),
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and recombinant or commercial PLE preparations (0.4 U (based on
the pNPA assay)) was incubated at 37 8C for 30 min. The reaction was
terminated by addition of the coupling reagent FastGarnet (Sigma;
1.5 mL) prepared according to Barret.[20] The amount of b-naphthyl-
amine released was determined at 520 nm (e� 24.03� 103 Mÿ1 cmÿ1).
One unit (U) of amidase activity was defined as the amount of
enzyme releasing 1 mmol b-naphthylamine per min under the assay
conditions.


We thank the Konrad-Adenauer Stiftung (St. Augustin, Germany)
for a stipend to A.M. and Prof. R. D. Schmid (Institute for Technical
Biochemistry, Stuttgart, Germany) for encouraging this work and
for useful discussions.
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Dioxygen, which became abundant in the earth's atmosphere
approximately 2 ± 3 billion years ago,[1] is a molecule with a very
high oxidising power. Since dioxygen has a poor reactivityÐdue
to unfavourable thermodynamic and kinetic factorsÐliving
organisms could only take advantage of the oxic atmosphere
by developing appropriate enzymes that can efficiently utilise it,
that is, developing safe high-energy-yielding processes. At the
present time, a large variety of proteins that are capable of
utilising either dioxygen or its reduced species is known,[2] and
their evolution, as well as that of the metabolic pathways they
integrate, is a challenging issue. The present work raises the
hypothesis that a four-helix-bundle diiron-containing protein
may have been an early oxygen reductase operating in the first
stages of the transition between the anoxic and the present oxic
atmosphere. This protein would have the required features to
perform dioxygen chemistry, namely the potential to harbour a
binuclear transition metal site. Such a system allows the
complete reduction of dioxygen to water and would play an
important role in oxygen defence mechanisms in primordial
anaerobes. This hypothesis is based on data here reported
concerning the oxygen reductase activity of the diiron protein
rubrerythrin, together with sequence- and structure-based data
of protein phylogeny between this and other diiron proteins.
Interestingly, analysis of the available data depicts an evolu-
tionary relationship between such an early system and the
alternative oxidases present in extant eukaryotes.


Our knowledge about the diiron carboxylate protein family
has expanded considerably in the last years, with an increase in
both sequence and structure data.[3, 4] This family comprises the


R2 subunit of ribonucleotide reductase (RNR R2), the hydroxylase
subunit of the soluble methane monooxygenase (MMOH),
(bacterio)ferritin ((B)FR), rubrerythrin (RR), stearoyl-acyl carrier
D9 desaturase (D9 desaturase) and hemerythrin (HR). In all cases,
carboxylates and oxide or hydroxide ions bridge the diiron site,
surrounded by a four-helix-bundle protein fold. These enzymes
have quite a large functional diversity, but they have an oxygen-
activating step in common that, with the exception of heme-
rythrin, drives subsequent redox reactions. Plant alternative
oxidase (AOX) is a non-energy-transducing terminal oxygen
reductase operating in mitochondria and chloroplasts, which is
reduced by ubiquinol and catalyses the four-electron reduction
of dioxygen to water.[5, 6] Despite numerous efforts, a pure
preparation of this protein could never be obtained, thus
preventing the elucidation of the chemical properties of its
catalytic site. On the basis of sequence comparisons of several
alternative oxidases, it has been suggested that they contain a
diiron site as a reactive centre in a four-helix-bundle conforma-
tion.[7] This hypothesis was recently further analysed by Anders-
son and Nordlund[8] who revised the initially proposed structural
model. These authors, considering additional sequences from
alternative oxidases, presented a new model for this protein
which likens it even more to the diiron carboxylate proteins.


The amino acid sequence identity between the diiron
carboxylate proteins is in general too low to allow the use of a
conventional phylogenetic analysis. However, structure-oriented
local sequence alignments, comprising only the regions of the
four helices aligned according to homologous residues in the
metal-binding site, can successfully be used to infer general
phylogenetic relationships between these proteins. This ap-
proach was followed and the study of more than 50 sequences
from diiron carboxylate proteins was undertaken, combining
sequence and structure data for the structurally conserved
region of the four-helix bundle (Figure 1). These structure-


Figure 1. Superposition of diiron four-helix-bundle protein structures. The
structures of rubrerythrin (1RYT, red trace), D9 desaturase (1AFR, grey trace) and
methane monooxygenase hydroxylase (1MHY, blue trace) were superimposed
using the program Swiss-Pdb Viewer[26] and represented as Ca-wire plots (left).
A schematic representation of a typical four-helix bundle is shown on the right.
The images were prepared using the program WebLab;[27] the Protein Data Bank
(PDB) accession codes are given in brackets.
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oriented alignments (Figure 2) allow to derive a phylogenetic
relation among these proteins (Figure 3). This is confirmed by
the high values of the bootstrap analysis which show the
robustness of the data and indicate that its inherent variability is
within acceptable limits for the definition of groups.[9] Indeed,
the fact that these proteins are evolutionarily related is
substantiated by structural classifications of protein domains,
which gather these proteins under identical fold groups.[25] Taken
together, these data suggest that the diiron proteins analysed
here are homologous, in the sense of originating by divergence
from an unidentified common ancestor : i) Their key catalytic
residues are conserved, such as those involved in metal binding;
ii) they have a common catalytic function, that is, the activation
of molecular oxygen and iii) they share a common fold, involving
a four-helix bundle.


The widespread reactivity of the family members towards
dioxygen suggests that this may be an ancestral reminiscent
feature, which is still conserved in extant proteins but evolving
to new specificities through variation and adaptation. Indeed,
the diiron site has the ability to perform the required chemistry :
breaking of the OÿO bond, stabilisation of the intermediate
species, and its safe stepwise reduction inside the four-helix
bundle. Such a function was conserved through evolution and is
still present in the plant alternative oxidase, which reduces
oxygen to water.[5] A role for the ancestor protein as an oxygen
reductase is suggested on the basis of an essential early oxygen-
scavenging mechanism, thus playing an important role during
the transition from the anaerobic to the aerobic world.


Rubrerythrin was selected as a model to investigate this
activity since it is the simplest available protein of this family. It
was first discovered in the sulfate reducer Desulfovibrio vulgaris[9]


(Dv), but rubrerythrins, or rubrerythrin-like proteins, are found in
all life kingdoms, including all genomes of anaerobic organisms
so far sequenced. The protein is composed of two structural
domains: a four-helix bundle which contains a binuclear metal
centre, and a rubredoxin-like domain containing a mononuclear


iron site. In the particular case of Dv, although the ªas preparedº
(native) protein contains an iron ± zinc centre,[10] it has been
shown that the overexpressed, iron-reconstituted protein in-
stead accommodates a diiron site.[11] The function of this protein
is unknown, although its involvement in oxygen defence
processes has been suggested.[12, 13] We investigated the oxygen
reduction ability of Desulfovibrio desulfuricans ATCC 27774 (Dd)
rubrerythrin, which, in contrast to the Dv protein, contains a
diiron site. This protein is indeed capable of the full reduction of
oxygen to water. Oxygen uptake by rubrerythrin was measured
in two distinct sets of experiments by using two different
reductants: i) ascorbate and ii) NADH plus Dd soluble extract
(Figure 4). Ascorbate can drive oxygen uptake by rubrerythrin
(Figure 4, trace a), at a rate of 0.5 ± 0.7 minÿ1. A control experi-
ment shows that oxygen uptake before addition of rubrerythrin
is negligible (Figure 4, trace a). The oxygen consumption rate is
unaffected by the external addition of catalase and/or super-
oxide dismutase (Figure 4, trace b), indicating that neither
hydrogen peroxide nor the superoxide anion are intermediates
of the reaction. Thus, ascorbate-reduced rubrerythrin fully
reduces oxygen to water. The second set of experiments, using
NADH plus Dd soluble extract to reduce rubrerythrin, aims to
investigate if cytoplasmatic NADH oxidation can be linked to
oxygen reduction by rubrerythrin. Indeed this is the case: Under
the conditions used, oxygen uptake by Dd soluble extract and
NADH, attributable to spurious oxygen consumption by en-
zymes present in the extract, is about 30 times slower than that
observed after addition of rubrerythrin (Figure 4, trace b). Thus,
the soluble extract mediates electron transfer from NADH to
rubrerythrin, and rubrerythrin consumes oxygen at a rate of
2 minÿ1. Once again, catalase and/or superoxide dismutase have
no effect on the rates (Figure 4, trace d), confirming that oxygen
is reduced to water. In both sets of experiments, the amount of
oxygen consumed is greater than the amount of rubrerythrin
present in the assay solution, showing that the observed rate is
not due to a stoichiometric reaction of the reduced protein with


Figure 2. Structure-oriented multiple sequence alignment of diiron proteins. Details of 7 aligned sequences out of a total alignment comprising 56 sequences are
shown, representing members of the family of diiron carboxylate proteins : rubrerythrin�Desulfovibrius vulgaris rubrerythrin (P24931), MMO�Methylococcus
capsulatus (Bath) methane monooxygenase hydroxylase a subunit (P22868), D-9 desaturase�Ricinus communis stearoyl-acyl carrier protein (P22337), RNR�
Escherichia coli ribonucleotide reductase (P39452), bacterioferritin� E. coli bacterioferritin (P11056), ferritin� E. coli ferritin (P23887), alternative oxidase� Sauro-
matum guttatum alternative oxidase (P22185). Black background corresponds to residues involved in diiron site ligation and grey shaded areas indicate conservative
amino acid replacements. Sequences were extracted from databanks using NCBI query resources, SWISS-PROT accession numbers are given in brackets. Alignments were
made with ClustalW,[23] following recent recommendations,[24] using structural information to select helical regions, followed by manual correction. The shown
alignments share 16 ± 31 % amino acid similarities.
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Figure 4. Oxygen consumption by Dd rubrerythrin in the presence of different
electron donors. In all traces, the arrow denotes addition of 2.6 nmol of Dd
rubrerythrin. Trace a: oxygen consumption by rubrerythrin using ascorbate (6 mM)
as reductant. The unspecific rate of oxygen consumption prior to addition of
rubrerythrin is ten times slower than the one measured afterwards. Trace b: same
as trace a, but in the presence of commercial catalase and superoxide dismutase
(5 mM each). Trace c : oxygen consumption by rubrerythrin using NADH (1mM) and
Dd soluble extract (50 mg protein) as reductants. The unspecific rate of oxygen
consumption prior to addition of rubrerythrin is ca. 30 times slower than the one
measured afterwards. Trace d: same as trace c, but in the presence of commercial
catalase and superoxide dismutase (5 mM each). Experiments were performed on
an YSI-Clark-type oxygen electrode equipped with a thermally stabilised microcell
at 37 8C in 10 mM Tris/HCl (pH 7.6).


oxygen. The low activity of oxygen uptake measured for
rubrerythrin is not surprising as none of the reductants used is
the physiological one (which is so far unknown), and thus a
maximal rate could not be determined. Further, the enzyme is
capable of reducing oxygen to water, but it is not implied that
this is its physiological functionÐfor the present argumentation,
it shows that the simplest diiron carboxylate protein known
retains catalytic features which are suggested to have been
present in an early diiron carboxylate protein. Altogether,
these results demonstrate that Dd rubrerythrin is able to
reduce oxygen to water, and that a redox chain is operating in
Dd, linking NADH oxidation to O2 reduction by rubrerythrin with
the involvement of a rubrerythrin reductase, possibly the
flavoprotein described in ref. [14] . Interestingly, the conserved
tyrosine residue in rubrerythrin (Tyr 102 in helix III) which is
hydrogen-bonded to a glutamate diiron ligand and may be
involved in forming intermediate tyrosine radicals important
for the catalytic process, finds an equivalent in the alter-
native oxidase (Tyr 274 in Sauromatum guttatum AOX helix III,
Figure 2).[25]


Figure 3. Unrooted dendrogram of diiron-containing four-helix-bundle proteins. The dendrogram was obtained from an alignment of 56 sequences (performed as
described in the legend of Figure 2) and it was calculated using the neighbour-joining method, removing all alignment positions that contained a gap in any of the
analysed sequences and correcting for multiple substitutions (valid for >97 % of the data set). The confidence intervals were calculated using the bootstrap procedure.
All calculations were performed using ClustalW.[23, 24] Ncr�Neurospora crassa, Han�Hansenula anomala, Tryb� Trypanosoma brucei brucei, Soybn� soybean,
Saugu� Sauromatum guttatum, Tobac�Nicotiana tabacum, Manin�Mangifera indica, Arth�Arabidopsis thaliana, Ec� Escherichia coli, Helpil�Helicobacter
pylorii, Porphgi�Porphiromonas gingivalis, Tm�Thermotoga maritima, Hsap�Homo sapiens, Cpar�Cyanophora paradoxa, Sermar� Serratia marcescens, Azv�
Azotobacter vinelandii, Syn� Synechocystis sp., Pput�Pseudomonas putida, Rhc�Rhodobacter capsulatus, Sesind� Sesamum indicum, GossHi�Gossypium
hirsutum, Cast�Ricinus communis, Strepg� Streptomyces griseus, Myt�Myxococcus xanthus, Mt�Methanobacterium thermoautotrophicum, Mtcap�Methy-
lococcus capsulatus, Dv�Desulfovibrio vulgaris, Af�Archaeoglobus fulgidus, Clope�Clostridium perfingiens, Cac�Clostridium aceticum, Pab�Pyrococcus
abyssii, Spvol� Spirilum volutans, Mou�mouse, Sch� Schizosaccharomyces pombe, Sal� Salmonella typhimurium, Myc�Mycoplasma genitalium.
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The ability to reduce dioxygen to water has also been
reported for other four-helix-bundle diiron proteins, namely
MMO[15] RNR and D9 desaturase.[16] Soluble MMO (sMMO)
functions as a hydroxylase, oxidase or peroxidase, depending
on the availability of the appropriate substrates and on their
relative concentrations:[15] i) In the presence of NADH and the
reductase component, but in the absence of the hydrocarbon
substrate (the so-called uncoupled system), sMMO catalyses the
complete reduction of dioxygen to water; ii) MMO may operate
as an NADH peroxidase, and it was suggested that this function
could be physiologically relevant in the removal of hydrogen
peroxide from the cytosol of the aerobe Methyloccocus capsu-
latus (Bath). Also, the homodimeric D9 desaturase, which con-
tains two oxo-bridged diiron sites, was shown to catalyse the
reduction of dioxygen to water, possibly by intramolecular
electron transfer between diferrous (FeII) and peroxodiferric (FeIII)
centres from different subunits.[16] Since rubrerythrin is also a
homodimer, a similar mechanism for complete reduction of
dioxygen can possibly occur.


Anaerobic organisms live in reducing environments, so one of
the initial consequences of the introduction of oxygen into their
habitats is the generation of reactive oxygen species (ROS), as a
result of unspecific reactions with existing proteins, metal ions,
and metabolites, capable of overcoming the kinetic and
thermodynamic barriers for dioxygen reactivity. These reduced
molecules are immensely hazardous to the cell[2] and one of the
first adaptations to the increase in atmospheric oxygen levels,
which were initially very low, must have been the modification
and/or utilisation of existing proteins in a way that they could
safely and efficiently scavenge these species.


Altogether, the data presented here support our hypothesis
that dioxygen reductase activity was a feature present in the
common ancestor of the four-helix-bundle diiron proteins, an
advantage for early anaerobic organisms thriving in an increas-
ingly aerobic atmosphere. In fact, since oxygen is known to
inhibit key enzymes of the anaerobic metabolism, it is justified to
propose that processes that remove oxygen itself have arisen as
defence mechanisms. Indeed, such a mechanism is much more
efficient and safe since it avoids the production of toxic oxygen
intermediates, and it is still present in present-day anaerobic
organisms. Initially, rubrerythrin-like proteins might have had a
dual function, that is, to operate in their original function under
anaerobic conditions, but to use oxygen as the electron acceptor
when it is present. Indeed, the oxygen reductase activity of
rubrerythrin is reminiscent of such a case. Ultimately, a more
refined system for oxygen removal would involve regeneration
of a cellular substrate, such as NADH, thus preventing metabolic
arrest under aerobic conditions and resulting in an indirect
energy gain, such as the one described for the anaerobe
D. gigas.[17±19] The initial adaptation to an oxic atmosphere may
not have immediately involved heme-copper oxidases, as CuI is
very poorly soluble under anaerobic conditions. However, in a
latter stage and in aerobic organisms, these primordial oxygen-
scavenging proteins would be outclassed in efficiency by those
enzymes.


Thus, at an early stage in evolution, a diiron site could catalyse
this reaction and allow oxygen scavenging. Evolution led to the


diversification of catalytic functions from this original module.
Nowadays, rubrerythrins from anaerobes may still play this
original role in protecting the organisms upon their exposure to
oxic conditions, which could be considered as the refined
version of such an early system. In this respect, it is particularly
interesting to find a putative rubrerythrin-like protein encoded
in the Cyanophora paradoxa cyanelle genome.[20] The cyanelle is
a cyanobacterium-like structure, considered as a descendant of
an ingested cyanobacterium that is an endosymbiont in C. para-
doxa, and is considered as a possible link to chloroplast
evolution.[21, 22] This protein may be the link to the alternative
oxidase found in eukaryotes.


The presence of rubrerythrin in all genomes from anaerobic
organisms so far sequenced, namely those at the earliest
branches of the evolutionary tree, strongly suggests that a
rubrerythrin-like protein may have been the ancestor of four-
helix-bundle diiron proteins catalysing the reduction of dioxy-
gen to water. Extant proteins may still be crucial in oxygen
detoxification by anaerobic organisms.
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Annexins are a family of structurally related eukaryotic proteins
that reversibly bind membranes containing anionic phospholi-
pids in a calcium-dependent manner.[1] More than 160 different
isoforms have been found in many organisms ranging from
mammals to molds.[2] The protein family is defined by its
characteristic structure comprising a conserved core made up of
four or eight domains of a 70-amino-acid sequence forming five
a helices and a variable N-terminal region varying in length and
amino acid sequence. The core domains harbor multiple
calcium-binding sites, which are all located on the convex side


of the molecule.[3] X-ray crystallographic analyses[4±8] and muta-
genesis studies[9±13] have shown that the convex site is respon-
sible for initial membrane binding. Calcium ions bound to these
sites act as bridges connecting the protein with anionic lipid
headgroups. The N-terminal region is thought to be involved in
the regulation of different functions of annexins. Although exact
physiological functions of annexins have not been identified yet,
it has been shown that they participate in a variety of in vitro
activities. In particular, some annexins such as annexins I, II, IV
and VII can promote membrane aggregation and may thus be
involved in cellular endo- and exocytotic pathways. It was shown
that annexin I, the protein of interest in our study, is capable of
aggregating and even fusing membrane vesicles.[14±16] However,
the mechanism of membrane aggregation is still discussed
controversially. One model postulates that membrane-bound
annexin I molecules form axial dimers prior to interacting with a
second membrane, while another model hypothesizes that
monomeric bound annexin I interacts with the second mem-
brane.


We utilized scanning force microscopy (SFM) on solid-
supported Langmuir ± Blodgett (LB) bilayers composed of 1,2-
dipalmitoyl-sn-glycero-3-phosphocholine (DPPC) and 1,2-dipal-
mitoyl-sn-glycero-3-phosphoserine (DPPS) immobilized on mica
(serving as an atomically flat substrate) to directly visualize
annexin I binding with high lateral and vertical resolution, thus
enabling us to distinguish between the two different models.
With this technique height differences in the aÊngström region as
well as morphological changes of the membrane structure and
domain formation can be observed in a physiological environ-
ment.


Topographic images of an LB bilayer composed of DPPC as the
first leaflet and DPPC/DPPS (4:1) representing the uppermost
layer pointing to the aqueous phase are mostly featureless, with
some defects occurring as dark spots in the SFM images.
Addition of a 1 mM annexin I solution in 50 mM Tris (pH 7.4), 1 mM


CaCl2 to the bilayer results in the appearance of circular domains
with sizes of 3 ± 10 mm (Figures 1 a and b) that are attributed to
specifically adsorbed annexin I. These protein domains occupy
(35�3) % of the overall area, exhibit an average height of (3.2�
0.3) nm as obtained from a height analysis (Figure 1 c), and are
stable in a calcium-containing buffer for several hours. The
thickness of the annexin layer compares well with the molecular
dimension of annexin I as determined by X-ray crystallography,
indicating that the protein binds in a monomeric fashion.[4, 17]


Recently, Bitto et al. , employing X-ray specular reflectivity
measurements, also found that annexin I binds as a monomer
or monolayer to 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoser-
ine (POPS)/1-palmitoyl-2-oleoyl-sn-glycero-3-phosphoethanol-
amine (POPE)/1-palmitoly-2-oleoyl-sn-glycero-3-phosphocholine
(POPC) (2:5:2) monolayers at the air ± water interface. They
determined a protein thickness of (3.1�0.2) nm.[18] Remarkably,
lateral movement of the protein domains was not observed in
the Ca2�-containing buffer within three hours indicating that the
lateral mobility of the lipids is low, as is expected for gel-phase
lipids at room temperature. Crystallization of the protein,
however, did not occur as it was reported for annexin V on a
DOPC/DOPS (4:1) membrane immobilized on mica.[19, 20] In
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Figure 1. a: Scanning force microscopy image (topography) of a Langmuir ±
Blodgett bilayer composed of DPPC as a first monolayer and a second DPPC/DPPS
(4:1) monolayer deposited onto mica from a water subphase after addition of
1 mM annexin I in 50 mM Tris (pH 7.4), 1 mM CaCl2 . The image size is 40� 40 mm2.
b: Topographic image of one domain with adsorbed annexin I. Image size :
3� 3 mm2. c: Height analysis of a topographic image of annexin I domains
adsorbed onto a DPPC/DPPS lipid layer. The histogram displays a Gaussian-
filtered version of a depth analysis. Two well-separated height distributions
attributed to the protein and the lipid layer, respectively, are decomposed by
fitting mixed Lorentzian/Gaussian functions to the data (shown as a solid line).
The height difference between the two peaks is 3.2 nm.


contrast to our experiments, Reviakine et al.[19, 21] used lipids that
were in the fluid state at room temperature, resulting in a larger
lateral lipid mobility on the surface. This may facilitate the
crystallization process due to possible rearrangement of the
protein molecules on the surface. However, it is also conceivable
that the proper conditions for crystallization have not been
found yet or that annexin I does not tend to form two-
dimensional crystals in general. From the densely packed
protein domains on the lipid bilayer it is evident that bound
annexin I molecules are capable of laterally aggregating on the
membrane surface. Increasing the annexin I concentration did
not alter the protein domains; protein adsorption remained
solely restricted to the circularly shaped domains and a larger
occupancy of the surface or multilayer formation was not
observed. At concentrations below 1 mM, annexin I adsorbs on
the surface with submonolayer coverage and imaging in contact
mode becomes cumbersome due to the high lateral force
exerted on the individual proteins. However, full coverage of the
DPPS-enriched domains with tightly packed annexin I reduces
the lateral force on individual proteins considerably, which
results in images of good quality (Figure 1).


We hypothesized that DPPS-enriched domains are formed
within the LB monolayer due to the presence of calcium ions in


the subphase. This was confirmed by employing time-of-flight
secondary-ion mass spectrometry (TOF-SIMS) imaging of LB
monolayers and lateral force microscopy of LB bilayers in
aqueous solution. TOF-SIMS imaging provides a means to
visualize chemical and physical properties of lipid domains after
transfer from the air ± water interface to a solid support, with a
practical lateral resolution of 1 mm.[22, 23] We utilized this techni-
que to image the chemical composition of DPPC/DPPS mono-
layers transferred onto gold surfaces at a surface pressure of
30 mN mÿ1 in dependence of different subphase conditions.
Figures 2 a and b display a mass map of secondary ion fragments


Figure 2. a, b: Secondary-ion mass spectrometry images of positive secondary
ions (SI) from a DPPC/DPPS monolayer (4:1 molar ratio) deposited at a surface
pressure of 30 mN mÿ1 on gold from a water subphase. a: Positive SI (C5H12N�,
Mr� 86) specific for DPPC ; b: a calcium (Mr� 40) map. The size of the images is
30� 30 mm2. c, d: Lateral force microscopy images of a lipid bilayer obtained in
water. First, a DPPC monolayer was deposited onto mica at a surface pressure of
45 mN mÿ1 by Langmuir ± Blodgett transfer followed by a second transfer of a
DPPC/DPPS monolayer (4:1 molar ratio) at a surface pressure of 30 mN mÿ1.
c: forward scan; d: backward scan. The size of the images is 30� 30 mm2.


representative of DPPC (C5H12N�, Mr� 86) and a Ca� map (Mr�
40) of a Langmuir monolayer of DPPC/DPPS (4:1) transferred
from a pure water subphase, respectively. From TOF-SIMS
imaging it is evident that the circular domains, which are visible
in the Ca2� map due to the preferential binding of calcium ions
to DPPS, are surrounded by a DPPC-enriched phase. The size of
the DPPS-enriched domains is about 3 ± 10 mm occupying an
area of (35�3) % consistent with the annexin I coverage
observed in the SFM images. (For a more detailed TOF-SIMS
analysis the reader is referred to ref. [24] .) Similarly shaped
domains with similar sizes were found by means of lateral force
microscopy (LFM) of LB bilayers composed of DPPC and DPPC/
DPPS (4:1) (Figures 2 c, d). The brighter domains in the forward
scan (Figure 2 c) represent larger lateral forces between tip
(silicon nitride) and substrate and can be assigned to DPPS-
enriched domains. In general, contrast in lateral force images
originates from differences in adhesion, elasticity differences
causing variable contact areas, and the roughness of the
sample.[25±27] Lateral forces also occur due to topographic
features of the sample, which can be distinguished, however,
from those resulting from friction by changing the scan
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direction. While lateral forces originating from topography do
not depend on the scan direction, contrast based on material
differences is characterized by contrast inversion if the scanning
direction is reversed. The observed contrast inversion in the
forward (Figure 2 c) and backward scan direction (Figure 2 d)
confirms that the observed lateral contrast originates from
material differences. The higher friction on the DPPS-enriched
domains is probably due to a Ca2�-induced solidification of DPPS
giving rise to a higher critical shear modulus. From area analysis
we concluded that (32� 3) % of the overall area in the LFM
image is occupied by the circularly shaped DPPS-enriched
domains, which corresponds well to the values obtained from
TOF-SIMS imaging and protein domain coverage. Comparing the
protein coverage of (35�3) % with that of the DPPS-enriched
domains demonstrates that annexin I solely binds to the acidic
phospholipid domains and does not interact with zwitterionic
DPPC molecules. Calcium ions are essential for annexin I binding
at pH 7.4 as demonstrated in the experiment depicted in
Figure 3. Annexin I that is adsorbed to DPPS domains immedi-
ately desorbs from the surface upon addition of a buffer


Figure 3. Topographic images of a DPPC ± DPPC/DPPS Langmuir ± Blodgett
bilayer deposited on mica obtained in 50 mM Tris (pH 7.4), 1 mM CaCl2 before (a)
and after addition of 1 mM annexin I (b). c : Scanning force microscopy image after
rinsing the surface with 50 mM Tris (pH 7.4), 5 mM EGTA. All images are
10� 10 mm2 in size.


containing ethylene glycol-bis(b-aminoethyl ether)-N,N,N',N'-
tetraacetic acid (EGTA), which removes the calcium ions from
the bulk phase by complexation. Since calcium ions bound to
the convex side of annexin I act as bridges connecting the
protein with anionic lipid headgroups, the protein is released
upon removing Ca2�. By means of TOF-SIMS imaging and lateral
force microscopy it was demonstrated that the DPPS-enriched


domains do not form in the presence of EGTA.[24] However, as
protein desorption occurs within minutes, we rule out that the
DPPS-enriched domains have been dispersed within this time
period, and cause protein desorption. Binding and desorption of
the protein to the DDPS-enriched domains is fully reversible.
However, annexin I molecules that are bound to defects in the
lipid bilayer (small bright dots) remain adsorbed after the
addition of an EGTA-containing buffer probably due to a
preferentially hydrophobic interaction between the proteins
and lipids at the edges.


We conclude that annexin I specifically binds to the interface
of DPPS-enriched domains in a monomolecular fashion. More-
over, annexin I is capable of aggregating in the membrane-
bound state and calcium ions are essential for protein binding at
pH 7.4. It remains to be elucidated whether the role of calcium
ions lies in membrane organization, that is domain formation,
and if these domains are required for binding of the protein to
the phosphatidylserine headgroups.


Experimental Section


Materials: DPPC and DPPS were purchased from Avanti Polar Lipids
(Alabaster, AL, USA) and used without further purification. Recombi-
nant porcine annexin I was purified according to Rosengarth et al.[28]


Protein concentration was determined by UV absorption with e280�
0.6 cm2 mgÿ1. Protein purity was analyzed by SDS-PAGE.


Langmuir ± Blodgett (LB) mono- and bilayer preparation: LB films
were prepared on a Wilhelmy film balance equipped with a 25-mL
teflon trough (15.4 cm� 2.5 cm) and a dipper device. For TOF-SIMS
measurements LB films were deposited on precleaned gold-covered
glass slides. Lipid films compressed at a rate of 1.8 cm2 minÿ1 to a
surface pressure of 30 mN mÿ1 were transferred with a speed of
0.7 mm minÿ1 while maintaining the surface pressure at 30 mN mÿ1.
LB films for SFM measurements were deposited on freshly cleaned
mica plates dipped into a pure water subphase. First, a DPPC
monolayer compressed to a surface pressure of 45 mN mÿ1 was
transferred onto mica followed by the deposition of a second
monolayer composed of DPPC/DPPS (4:1) at 30 mN mÿ1.[24]


Time-of-flight secondary-ion mass spectrometry (TOF-SIMS): The
device and measurement procedure has been described else-
where.[22, 23] Lateral resolution of 0.5 ± 1 mm was obtained, corre-
sponding to scan areas of 30�30 mm2 in a 256�256-raster. A mass
spectrum (solely positive ions) was obtained by integrating SI
intensities over the entire scan area.


Scanning force microscopy (SFM): Surface images of solid-support-
ed membranes were obtained in an open fluid chamber using a
Nanoscope IIIa Bioscope scanning force microscope (Digital Instru-
ments, Santa Barbara, CA) operating in contact mode, equipped with
a 100� 100-mm2 G scanner. For topography and lateral force micro-
scopy images, microfabricated silicon nitride tips (NP-S, Digital
Instruments) with an approximate tip radius of 5 ± 20 nm and a
spring constant of 0.06 ± 0.1 N mÿ1 were used as purchased. Minimal
load force (200 ± 400 pN) was employed during contact mode
imaging, while the scan rate was set as high as possible (4 ± 7 Hz
for a 20� 20-mm2 image) to reduce the extent of bilayer deformation.
For lateral force images higher load forces were applied.
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This communication describes a dynamic substrate that can
selectively release immobilized ligands and hence can regulate,
in real-time, the ligand ± receptor interactions between a cell and
the substrate to which it is attached. The aim of this work is to
provide model substrates for mechanistic studies of cell
adhesion and migration. The adhesion of cells is mediated by
the binding of cell-surface receptorsÐoften, the integrin family
of receptorsÐto ligands of the insoluble protein matrix (also
known as the extracellular matrix).[1] In many cases, cells respond
to changes in the composition of ligands presented within the
matrix. Examples are found in the growth or differentiation of
cells,[2] and in tumor metastasis, where malignant cells migrate
through the endothelial barrier.[3] The development of dynamic
substrates which can modulate the composition of ligands that
interact with adherent cells would provide new opportunities for
studying many important cellular processes. In this paper, we
describe a chemical strategy to develop a dynamic substrate that
can selectively release immobilized ligands under electrochem-
ical control.


Our approach is based on a self-assembled monolayer (SAM)
of alkanethiolates on gold that presents peptide ligands
tethered to the monolayer through an electroactive quinone
ester moiety (Scheme 1 B). The quinone ester undergoes a two-
electron reduction on application of an electrical potential to the
underlying gold substrate to give the corresponding hydro-
quinone, which then rapidly cyclizes to give a lactone with
release of the peptide ligand.[4, 5] We use as a model system, a
monolayer that can release the tripeptide Arg-Gly-Asp (RGD).
This peptide is a ligand found within many extracellular matrix
proteins and which mediates cell adhesion through integrin
receptors.[1] With this system, the application of an electrical
potential results in the release of RGD and, therefore, of cells that
are attached to the monolayer. This model system has the
benefits that the dynamic property can be easily visualized, and
that it establishes the compatibility of the electroactive substrate
with the conditions of cell culture. The tri(ethylene glycol)
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groups are critical to the design because they make the
substrate inert to nonspecific protein adsorption and to non-
specific cell adhesionÐa strict requirement for biological studies
at interfaces.[6]


We prepared a substrate that was patterned into two regions
that each presented the RGD peptide, at a density of less than
0.1 %, mixed with tri(ethylene glycol) groups.[7] The two regions
differed only in the linkage used to tether the peptides to the
monolayer. In one region, the peptide was tethered by way of
the quinone ester and, therefore, could be released with
application of an electrical potential (Scheme 1 B).[8] In the
second region, the peptide was tethered with a linker that is
not electrically active (Scheme 1 A).[9] We used this patterned
substrate because it simultaneously allows characterization of
the selective release of cells, and it shows that the electrical
potential does not affect cells attached to the adjacent region.


This substrate was placed into cell-culture media and a
suspension of 3T3 Swiss fibroblast cells was added.[10] Figure 1 A
shows that cells efficiently attached to both regions of the
patterned monolayer. The cells were evenly distributed on the
surface and adopted a spread morphology over the entire
substrate. After cells were cultured at 37 8C for 30 minutes, an
electrical potential of ÿ700 mV (versus an Ag pseudo-reference)
was applied to the gold substrate for 4 minutes.[11] Immediately
after the electrochemical treatment, more than 70 % of the cells
on the electroactive region reverted to a rounded morphology
and rested unattached on the substrate. After the substrate was
incubated at 37 8C for 10 minutes, the media was replaced with
fresh media and the substrate was photographed. Figure 1 B
shows that no cells remained on the region of the electroactive
monolayer. Cells that were attached to the region of the


monolayer presenting the nonreleasable RGD, by contrast, were
not affected by application of the electrical potential.


As a final control experiment, we next replaced the cell media
with fresh media that contained the soluble peptide Gly-Arg-Gly-
Asp-Ser (GRGDS) at a concentration of 2 mM.[12] The substrates
were kept at 37 8C for 20 minutes and then removed from the
incubator and photographed. Figure 1 C shows that greater than
95 % of the cells were released from the surface. This final
experiment is important because it shows that the adhesion of
cells was mediated only by the RGD peptide, and that the
electrochemical treatment did not compromise the inert prop-
erty of the substrate.[13] A similar inhibition experiment for cells
attached to the patterned substrate prior to electrochemical
treatment also resulted in near complete detachment of cells
from both regions. Overall, these results show that cell adhesion
to monolayers presenting RGD tethered through electroactive
quinone groups is biospecific and that the RGD ligand can be
released from the substrate selectively, without consequence to
cells attached to other ligands.[14]


This work provides an early example of a dynamic substrate
that can regulate, in real-time, the ligand ± receptor interactions
between a cell and the substrate to which it is attached. The
most significant aspect of this method is that it provides control
at the molecular level and, therefore, can be used to modulate
specific receptor ± ligand interactions. Previous examples of
substrates that can release attached cells have relied on a
thermally responsive poly(N-isopropylacrylamide) film.[15] This
polymer is hydrophobic and therefore a good substrate for cell
adhesion, but at temperatures below the lower critical solution
temperature the polymer adopts a solvated structure which is a
poor substrate for cell adhesion. While this thermally responsive


Scheme 1. Structures of self-assembled monolayers of alkanethiolates on gold that were used to demonstrate the selective release of adherent cells. A) Monolayer
presenting the peptide RGD that supports cell adhesion but is not affected by electrical potentials because it does not contain the electroactive tether. B) Monolayer that
was designed to release RGD on application of an electrical potential to the underlying gold substrate. Upon electrochemical reduction of the quinone to the
corresponding hydroquinone, a cyclization reaction ensues to give a lactone with release of the RGD ligand. In both monolayers, RGD is present at a density of less than
0.1 % and is surrounded by tri(ethylene glycol) groups which impart resistance to nonspecific protein adsorption.
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Figure 1. Optical micrographs of 3T3 Swiss fibroblast cells interacting with a
patterned self-assembled monolayer. The left side of the pattern comprises the
monolayer shown in Scheme 1 A while the right side comprises the monolayer
shown in Scheme 1 B, which contains the electroactive quinone group and can
release the RGD peptide. A) Cells adhere and spread uniformly on both sides of the
substrate. B) After application of a potential of ÿ700 mV for 4 minutes, the
quinone groups were reduced to the hydroquinone with subsequent lactonization
and release of RGD. Only the cells attached to the region presenting RGD tethered
to the electroactive quinone groups were released from the substrate. C) Addition
of the peptide inhibitor GRGDS (2 mM) to the cell culture resulted in the
detachment of cells from the left side of the monolayer, which shows that the
properties of the monolayer were not affected by the electrochemical treatment.


gel is an important substrate for the harvesting of cells and
tissues, it does not offer the molecular-level control necessary for
studies of cell behavior. The method we describe in this
communication is significant because it can release specific
ligands and, hence, can be adopted to examine the pathways by
which cells respond to the loss of specific receptor ± ligand
interactions. The electrical potentials used are noninvasive,
selective, and compatible with the conditions of cell culture.
Furthermore, the use of patterned substrates or microelectrode
arrays can localize the ligand release to a designated region of
the substrate.


This work provides a new approach to investigate the
chemical biology of cell adhesion and migration. The prepara-
tion of dynamic substrates that can selectively release ligandsÐ
even when multiple ligands are presentedÐgives highly con-
trolled, well-defined model systems for investigating the re-
sponses of cells to changes in the composition of ligands of the
substrate. The strategy outlined here can be generalized to the
development of other classes of dynamic substrates, including
those that turn on the activity of immobilized ligands and that
modulate the affinities of immobilized ligands.[16] We believe that
this method will be useful for mechanistic studies in cell biology
and for applications in biotechnology.


We are grateful for support provided by the National Science
Foundation (Grant : BES-9980850) and the Materials Research
Science and Engineering Center (Grant: DMR-9808595). M.M. is a
Fellow of the A. P. Sloan Foundation and a Camille Dreyfus
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Successful imitation of the environmentally benign processes
mediated by natural biopolymers remains a difficult challenge
for future green-chemistry technologies. Among the most
important industrial and synthetic goals that rely on the
exploitation of sustainable resources are the controlled activa-
tion of atmospheric dioxygen[1, 2] and the ecological conversion
of alcohols into carbonyl compounds.[3] Several native enzymes
catalyze the transformation of primary alcohols under aerobic
conditions, producing aldehydes and hydrogen peroxide. To
mimic the regulation mechanisms and the selective chemistry of
enzymes in the absence of a protein environment, the novel
strategy of bionic photocatalysis tries to impose light-induced
electronic, energetic, and geometric changes on artificial
substrate recognition sites.[4] As an example of this bio-inspired
catalyst design leading to photocatalytic artificial enzymes
(photozymes), a robust synthetic oxidoreductase for the photo-
assisted two-electron oxidation of alcohols and the catalytic
accumulation of hydrogen peroxide is presented. It is concluded
that photochemical modeling of enzymatic key functions has
the potential to offer new pathways for a pollution-free
production of industrial chemicals driven by solar energy under
ambient conditions.


Free radicals are agressive species that tend to cause
irreversible degradation of biological tissue and synthetic
materials. Therefore, the survival of living cells and chemical
sytems with a dynamic function critically depends on the control
mechanisms for reactive radical intermediates. Nevertheless,
there is an increasing number of reports on biocatalytic trans-
formations involving protein radicals,[5] and there are substantial
efforts to understand and mimic these processes for synthetic
applications.[6±8] In many cases hydrogen atom abstraction from
the substrate (S) is considered as one of the mechanistic key
steps catalyzed by radical enzymes (E) as shown in Equation (1):


E .� SÿH ÿ! EÿH� S . (1)


Scheme 1 illustrates some of the design principles that have
been followed for the construction of a simple photon-driven
functional model of native oxidoreductase enzymes that are
capable of catalyzing H-atom transfer processes. The synthetic


Scheme 1. How are molecules activated for hydrogen atom transfer chemistry?
Different ways to induce the desired catalytic reactivity at a given site are shown.
The common link is a species with unpaired spin density at an oxygen atom
accessible to the substrate. a) Formation of the so-called compound I inter-
mediates[9] in heme-enzyme mechanisms (AO�oxygen atom donor).
b) Coordination of a protein-bound tyrosyl radical cofactor in the active form[10] of
the copper-containing enzyme galactose oxidase. c) The radical character of
n!p*-excited states of carbonyl compounds, which enables a photochemical
hydrogen abstraction[11, 12] without multiple turnovers. d) Photocatalytic enzyme
counterparts (photozymes) combine and modify the most efficient strategies
described.


photocatalyst SbO(tpp)OH reported here (Scheme 1 d) consists
of an antimony metal center with a terminal oxo group (SbV�O)
which can mediate hydrogen abstraction, a macrocyclic ligand
(tpp�meso-tetraphenylporphyrin) acting as the light-harvesting
and radical-stabilizing subunit, and a further axial ligand (OHÿ) to
form a coordinatively saturated compound. The monoproto-
nated catalyst precursors[13] of the type [Sb(tpp)(OH)2]� Xÿ are
rather stable coordination compounds that can be stored for
several years in the dark without decomposition.


As an example of a catalytic substrate transformation that is
considered to involve hydrogen abstraction as the rate-deter-
mining mechanistic step,[5, 10] the two-electron oxidation of
primary alcohols to aldehydes with dioxygen acting as the
electron acceptor was chosen [Eq. (2)]:


RCH2OH�O2 ÿ! RCHO�H2O2 (2)


[13] Electrical potentials greater than ÿ800 mV can damage the monolayer
and make the substrate susceptible to nonspecific adhesion, thereby
preventing detachment of cells when soluble peptide is added.


[14] To show that the electrical potential did not affect normal cell behavior, a
potential of ÿ700 mV was applied for 4 minutes to cells adhered to the
surface shown in Scheme 1 A. As expected, this short electrical pulse did
not affect cell morphology, and cells continued to grow and divide
normally.
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strategy of bionic photocatalysis tries to impose light-induced
electronic, energetic, and geometric changes on artificial
substrate recognition sites.[4] As an example of this bio-inspired
catalyst design leading to photocatalytic artificial enzymes
(photozymes), a robust synthetic oxidoreductase for the photo-
assisted two-electron oxidation of alcohols and the catalytic
accumulation of hydrogen peroxide is presented. It is concluded
that photochemical modeling of enzymatic key functions has
the potential to offer new pathways for a pollution-free
production of industrial chemicals driven by solar energy under
ambient conditions.


Free radicals are agressive species that tend to cause
irreversible degradation of biological tissue and synthetic
materials. Therefore, the survival of living cells and chemical
sytems with a dynamic function critically depends on the control
mechanisms for reactive radical intermediates. Nevertheless,
there is an increasing number of reports on biocatalytic trans-
formations involving protein radicals,[5] and there are substantial
efforts to understand and mimic these processes for synthetic
applications.[6±8] In many cases hydrogen atom abstraction from
the substrate (S) is considered as one of the mechanistic key
steps catalyzed by radical enzymes (E) as shown in Equation (1):


E .� SÿH ÿ! EÿH� S . (1)


Scheme 1 illustrates some of the design principles that have
been followed for the construction of a simple photon-driven
functional model of native oxidoreductase enzymes that are
capable of catalyzing H-atom transfer processes. The synthetic


Scheme 1. How are molecules activated for hydrogen atom transfer chemistry?
Different ways to induce the desired catalytic reactivity at a given site are shown.
The common link is a species with unpaired spin density at an oxygen atom
accessible to the substrate. a) Formation of the so-called compound I inter-
mediates[9] in heme-enzyme mechanisms (AO�oxygen atom donor).
b) Coordination of a protein-bound tyrosyl radical cofactor in the active form[10] of
the copper-containing enzyme galactose oxidase. c) The radical character of
n!p*-excited states of carbonyl compounds, which enables a photochemical
hydrogen abstraction[11, 12] without multiple turnovers. d) Photocatalytic enzyme
counterparts (photozymes) combine and modify the most efficient strategies
described.


photocatalyst SbO(tpp)OH reported here (Scheme 1 d) consists
of an antimony metal center with a terminal oxo group (SbV�O)
which can mediate hydrogen abstraction, a macrocyclic ligand
(tpp�meso-tetraphenylporphyrin) acting as the light-harvesting
and radical-stabilizing subunit, and a further axial ligand (OHÿ) to
form a coordinatively saturated compound. The monoproto-
nated catalyst precursors[13] of the type [Sb(tpp)(OH)2]� Xÿ are
rather stable coordination compounds that can be stored for
several years in the dark without decomposition.


As an example of a catalytic substrate transformation that is
considered to involve hydrogen abstraction as the rate-deter-
mining mechanistic step,[5, 10] the two-electron oxidation of
primary alcohols to aldehydes with dioxygen acting as the
electron acceptor was chosen [Eq. (2)]:


RCH2OH�O2 ÿ! RCHO�H2O2 (2)


[13] Electrical potentials greater than ÿ800 mV can damage the monolayer
and make the substrate susceptible to nonspecific adhesion, thereby
preventing detachment of cells when soluble peptide is added.


[14] To show that the electrical potential did not affect normal cell behavior, a
potential of ÿ700 mV was applied for 4 minutes to cells adhered to the
surface shown in Scheme 1 A. As expected, this short electrical pulse did
not affect cell morphology, and cells continued to grow and divide
normally.


[15] a) T. Okano, N. Yamata, J. Sakai, Y. Sakurai, Biomaterials 1995, 16, 297 ± 303;
b) Y. Ito, G. Chen, Y. Guan, Y. Imanishi, Langmuir 1997, 13, 2756 ± 2759.


[16] M. Yousaf, B. T. Houseman, M. Mrksich, Angew. Chem. 2001, 113, 1127 ±
1130; Angew. Chem. Int. Ed. 2001, 40, 1093 ± 1096.
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Antimony porphyrins with hydrogen-bond-forming axial
ligands are capable of binding alcohols in their secondary
coordination sphere,[14] which results in a favorable substrate
preorientation in the microenvironment of their active site
(Figure 1). Hydrogen bonds are known to modulate the elec-
tronic coupling between radicals and high-valent metal-oxo


Figure 1. A glance at the artificial enzyme ± substrate complex. Ethanol is
already preorganized in the second coordination sphere of the dark-adapted
catalyst by hydrogen bonding. Coordinates are taken from the X-ray crystal
structure of the antimony(V) octaethylporphyrin derivative,[14] substituents and
hydrogen atoms are omitted for clarity.


units,[15] and one might expect that the attachment to a
hydrogen-bond-accepting moiety should make an alcohol
substrate easier to oxidize. This kind of alcohol recognition
function also introduces some substrate selectivity to avoid a
competitive catalytic transformation of the desired aldehyde
reaction product, which should not form hydrogen bonds with a
terminal oxo fragment.


While no significant thermal reaction of the catalyst with
methanol or ethanol was observed in neutral aerated solution,
addition of base and irradiation with visible light were found to
be sufficient cofactors to activate the compound for immediate
substrate conversion (Figure 2). The process has a pH optimum
in alkaline solution, which clearly coincides with the formation of
the deprotonated SbO(tpp)OH form of the catalyst containing an
Sb�O metal-oxo functionality (Figure 2 a) according to Equa-
tion (3):


[Sb(tpp)(OH)2]��OHÿ ÿ! SbO(tpp)OH�H2O (3)


Obviously the oxyl-radical-type reactivity of the terminal oxo
ligand required for hydrogen atom transfer (Scheme 1) is only
present in the excited state of the catalyst molecule. Therefore,
both pH and light intensity variations (Figure 2 b) can be applied
as simple regulation mechanisms for the catalytic conversion of
alcohol substrates.


The formation of aldehydes as permanent oxidation products
is accompanied by the accumulation of equimolar amounts of
hydrogen peroxide according to Equation (2). The quantum yield
of product formation is determined as f� 0.02 for monochro-
matic irradiation with 546-nm light. At the same time, a
photocatalyst degradation quantum yield of f�3� 10ÿ5 can
be estimated from the degree of bleaching of the porphyrin
absorption bands. Assuming complete deactivation of the
catalytic system when more than 99 % of the porphyrin complex


Figure 2. Control and regulation of the catalytic activity. a) Spectrophotometric
titration curves in aqueous buffer solution demonstrate the interconversion of
[Sb(tpp)(OH)2]� (open circles) and the metal-oxo form SbO(tpp)OH, (filled squares)
with pKa� 9.7� 0.1 at 25 8C. Note that phenoles such as tyrosine show similar pKa


values. b) Accumulation of hydrogen peroxide during monochromatic irradiation
of 8.0� 10ÿ5 M SbO(tpp)OH at 546 nm (5.6 mW cmÿ2, 25 8C, 1 atm air pressure) in
a 2:1 mixture of ethanol and 0.1 M NaOH. Equimolar amounts of acetaldehyde
and H2O2 are detected after t� 50 min. The photoassisted substrate conversion is
completely switched off in dark periods, which corresponds to a convenient
reversible noncompetitive inhibition of the catalysis.


are destroyed, this value corresponds to an average turnover
number (TON) of �4000 cycles of each catalyst molecule before
degradation. Under typical reaction conditions (Figure 2 b) the
amount of products formed is proportional to the total number
of photons absorbed and the substrate transformation accord-
ing to Equation (2) also proceeds when polychromatic lamp light
or sunlight are applied as an irradiation source. Even diffuse
daylight is sufficient to maintain a slow catalytic reaction.


The efficiency of the photochemically driven substrate con-
version can be compared with other natural and artificial
systems that are capable of catalyzing the oxidation of alcohols
under mild conditions (Table 1). With the exception of alcohol
oxidase, a native flavoprotein specialized for ethanol and
methanol transformation, the specific activity of SbO(tpp)OH
can very well compete with that of other enzymes and the best
synthetic model systems known so far.


Scheme 2 illustrates a proposed mechanism for the homoge-
neous photocatalytic substrate conversion process according to
the overall stoichiometry given in Equation (2). The redox cycle
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Scheme 2. Proposed mechanism for the photocatalytic oxidation of primary
alcohols by dioxygen. Irradiation of the antimony(V) oxo species is followed by
hydrogen abstraction from the substrate, electron transfer, and subsequent
release of aldehyde and water. The reduced antimony(III) form of the catalyst is
photochemically reoxidized in the presence of dioxygen[16] to regenerate the
active antimony(V) species and hydrogen peroxide. During steady-state irradi-
ation, the photostationary mixture almost exclusively contains the oxidized form
of the catalyst, which suggests that hydrogen atom transfer is the rate-
determining step of the cycle.


consists of two coupled photochemical reactions. Upon visible
light irradiation the oxidized catalyst relaxes to an excited state
with partial charge transfer (CT) character (mixed ligand-to-
metal/ligand-to-ligand CT), in which an oxyl-radical-type axial
electron distribution is achieved and the second unpaired spin is
delocalized between the central atom and the stabilizing
porphyrin ligand (not shown). This species attacks the primary
alcohol substrate by a hydrogen abstraction step which is
followed by an electron transfer to release the aldehyde product
and the low-valent form of the catalyst. The antimony(III)


complex is photochemically reoxidized via a metal-
centered sp-excited state (s1p1 electronic configuration)
that undergoes spin pairing with dioxygen and release of
peroxide to regenerate the high-valent starting com-
pound. This second part of the catalytic cycle has been
investigated in more detail before.[16] At very high levels of
product accumulation a slow competing thermal oxida-
tion of the low-valent form of the catalyst by hydrogen
peroxide is possible,[16] which should lead to an increasing
self-inhibition of the system when the permanent prod-
ucts are not removed from the reaction mixture.


The present results demonstrate that bionic design
principles, together with the exploitation of light as a
source of information and thermodynamic driving force,
can lead to efficient catalysts with artificial enzymatic
function (photozymes). Convenient regulation and acti-
vation by photons under mild reaction conditions makes
this novel approach very attractive for the development of
benign solar chemical processes.


Experimental Section


The reduced antimony(III) and the oxidized antimony(V) forms
of the photocatalyst were prepared as described else-
where.[13, 16] The neutral metal-oxo species[23] SbO(tpp)OH
was generated in situ by deprotonation with aqueous sodium
hydroxide. The pKa value for this reaction was determined


spectrophotometrically in thermostated aqueous buffer solutions.
All other experiments were performed at 298 K under aerobic
conditions in the presence of large excess amounts of the
corresponding alcohols (methanol, ethanol) to ensure substrate
saturation conditions at various light intensities (typically alcohol/
water�2:1, 0.1 mM catalyst, pH 12.5).


Electronic spectra were recorded with an Uvikon 860 double-beam
spectrophotometer. Continuous monochromatic photolysis
(546 nm) was carried out with a Hanovia Xe/Hg 977 B-1 (1 kW) lamp
equipped with a Schoeffel GM 250-1 monochromator. Quantum
yields of product formation were determined with a calibrated
Polytec pyroelectric radiometer (RkP-345 detector). Polychromatic
irradiation experiments were performed by direct exposure of
samples to sunlight in Pyrex vessels. The accumulation of aldehydes
was followed by a specific colorimetric assay[24] in a commercially
available version (Merck). Hydrogen peroxide was determined
quantitatively by the peroxidase-catalyzed oxidation of 4-amino-
phenazone in the presence of chromotropic acid.[25]
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ªChemistry meets Biologyº was the title of
a recent editorial in ChemBioChem which
sketched the research landscape at the
interface between chemistry and biology
and thus pointed to a possible perspec-
tive for articles that may be in covered in
ChemBioChem. Briefly, it was outlined that
the marriage of chemistry and biology
takes place in an interfacial discipline
which is commonly regarded as bioor-
ganic chemistry. The field has been re-
named in some institutions, to be known
as ªchemical biologyº today. Creating
synthetic tools for the study of biological
phenomena at all levels of biological
organisation was envisioned as the major
focus of the field. The message to the
synthetic organic chemist was not to
concentrate too much on the synthesis
of intellectually challenging molecules
such as the complex natural products
seen as molecular summits, but to take a
closer look into the classes of problems
that are elaborated in the lab of his
collegue from the biology department,
or better yet, to learn biology and do the
biological studies himself.


Well, this direction of research is, of
course, a possible roadmap for synthetic
chemistry and I do fully appreciate advice
of the authors in terms of education
programs for chemistry students. In fact,
this has been done already in many
universities and for many years, and it is
rather easy to foresee that the trend will
become a stable one over the next few
years. However, there is much more to do
and the interface between chemistry and
biology is much broader than sketched by


the authors. First of all, there are three
major disciplines in chemistryÐnot only
organic chemistry, but also inorganic and
physical chemistryÐand all of them have
been stimulated and guided into new
directions by leading discoveries in biol-
ogy. For example, biophysical chemistry
became a well-established discipline in
many chemical departments, long before
the currently observable massive opening
up of bioorganic chemistry took place.
Secondly, although organic chemistry is
firmly based on the development and
application of synthetic methodsÐalso in
the context of developing tools for biol-
ogyÐit is and ever was more than that.
The mechanistic approach of physical
organic chemistry was of greatest impor-
tance for our understanding of organic
reactions, their control, their design and
their application in situations, where
selectivity is the demanding factor. Today,
synthetic chemistry faces the challenge
not only to develop more efficient meth-
ods for covalent synthesis, but also to
learn how the principles of control can be
expanded into the design and application
of strategies of noncovalent synthesis.
The fundamental research underlying this
approach comes from supramolecular
chemistry, a multidisciplinary endeavour
in which bioorganic chemistry is certainly
a key player. As such, the link between
supramolecular chemistry and biological
nanotechnology grows fastest at the
interface between chemistry and biology.
Thirdly, a well-conceived goal of bioor-
ganic chemistry is to mimic chemical
activities in biological systems, such as
binding, catalysis, compartimentation
and transport. This mimicry aims towards
the reduction of biological complexity to
a level that can be understood, conceived
and explained on a fully chemical basis.
Even if the reductionist's approachÐor
the reductionist's agenda to use the
words of John MaddoxÐdoes not neces-


sarily lead to something that is better than
the biological prototype or help to speed
up biological discoveries, it does help to
understand the meaning and perhaps
even the origin of the biological function
or processÐfrom a chemist's perspective.
As such, reduction and mimicry of bio-
logical functions and processes means
learning chemistry from biology with
chemical means. This is, in my view,
something that has a value in its own
right and should not escape the attention
of a journal like ChemBioChem.


Chemistry is today at the age of having
its midlife crisis. As with every midlife
crisis, the fascination from viewing new
horizons becomes the major issue in life
and the value of the former achievements
is questioned as never before. Indeed, the
crisis itself may be the result of the way
that chemistry self-organized as a science.
Up to the end of the eighties there was no
need for a rethinking, as chemistry was a
leading industry. Perhaps, even, the crisis
of chemistry developed because of the
latter. Gradually, chemical achievements
were mainly looked at as boring technical
achievements by the public, and the
fascination of pure chemical problems
consequently became barely communica-
ble to a nonchemist. The intellectual
challenger biology won the race of public
acknowledgement. Chemistry was about
to perceive its future role as a kind of
technical support to speed up even more
the success of its ªcompetitorº. Further-
more, the socioeconomical signal of un-
employed chemists was read by potential
students of chemistry and the crisis also
began to take over the academic chemical
research. But any successful midlife crisis
should result in something that is called
ªspiritual completionº. What could this
mean to chemistry facing the future?


Every natural science has questions,
whose fascination does not necessarily
result from the daily action taking place in
the particular field. The origin of the
universe and the big bang, for example,
do attract the mind of the young student,
regardless of whether he or she could
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ever conceive a routine job in front of a
computer located in a huge physics
laboratory for high-energy particle accel-
eration. The big bang itself radiates the
fascination that is necessary to set up the
student's mind to go into this direction
and to study physics. Of course, there are
also economical prospects. But if two
fields have the same attraction with
respect to the latter, the field with the
higher fascination has a better chance of
winning the competition. Chemistry, un-
like physics, has generally never asked
such big questions, as there were always
enough problems of daily urgency. In-
creasing the lifespan and the quality of
human life was urgent enough not to
confuse oneself with ªirrelevantº ques-
tions. But in the saturated western world,
the intellectual human mind is curious
and demands more from chemistry as a
science.


The genomic revolution in biology
continues to decipher the tree of life
and it is forseeable that every species of
the whole biota of our planet will be
stored as digital strings quite soon. Func-
tional genomics is beginning to decipher


the meaning of genetic information on a
molecular level today and the speed of
harvesting and analyzing biological infor-
mation in the language of molecules and
their interactions is expected to increase
tremendously. Several new meta-lan-
guages will appear that are no longer
related to molecules and their actions, but
to families and systems of molecules
organized in dynamic networks, meta-
languages describing different hierarchi-
cal levels of biological organization, meta-
languages that do not even exist today. If
this prediction is correct, the language of
molecules will sooner or later become less
important in understanding biology.
Chemistry, nevertheless, should contrib-
ute to this exciting development. But it
should also begin to ask more seriously
those questions that were considered as
irrelevant before.


Clearly, the origin of life on Earth and
elsewhere in the universe is such a ques-
tion, perhaps the most challenging that
can be ever asked in chemistry. The
reconstruction of the tree of life can be
only followed back to the last universal
common ancestor. What came before?


How did life start on Earth? If not on earth,
how did it start elsewhere? Does it exist
elsewhere in the universe? Does it even
exist elsewhere in our solar system? Can
life be synthesized in the laboratory?
What are the conditions to sustain a
ªchemicalº, that is, synthetically created
biology? These are questions that are
taken seriously enough in the US to be
funded by society. The NASA Astrobiology
Institute (NAI) now spans a network of 11
world-renowned institutions, among
which Harvard and Scripps are members.
In 2003 we will celebrate the 50th birthday
of two major discoveries: the discovery of
the double-helical structure of DNA by
Watson and Crick, and the discovery by
Miller that amino acids, some of the
building blocks of life, emerge spontane-
ously under simulated prebiotic condi-
tions. It is my hope that the European
community will accept the challenge and
form a conjunction between the top-
down approach of molecular biology and
the bottom-up approach of prebiological
chemistry, an approach that could result
in finding the roots of biology.





