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Force spectroscopy has emerged as a new tool to study
protein folding, in which force replaces the chemical
denaturant used in traditional folding experiments. This
new technique complements older methods and allows a
range of new questions to be investigated. What sort of
protein is able to resist mechanical unfolding, and to what
extent is mechanical stability dictated by fold or function?
What is the effect of force on the unfolding energy surface?
Do proteins unfold by the same pathway in mechanical and
chemical denaturation experiments? Answers to these are
starting to emerge based on a combination of experimental
and computational approaches. We present some of the
forced unfolding experiments to date and simple methods
for characterizing the unfolding potential from the results.
Several studies have also begun a more fine-grained
description of mechanical unfolding, for example by invok-
ing intermediates to explain features seen in unfolding traces
and by using mutagenesis to try to localize the origin of
mechanical stability. We propose further experimental
approaches to this goal using the protein engineering
method to characterize transition states, similar to those
used in conventional folding experiments. However, it is
likely that a high-resolution picture of mechanical unfolding
will only emerge through a combined interpretation of
careful experimental work and computer simulation.

Introduction
Unlike simple chemical reactions, the energy surface describing
the process by which proteins fold into their unique1 native

structure is highly multidimensional due to the immense
number of degrees of freedom of the polypeptide chain. If the
protein were to search randomly through all potential conforma-
tions for the global minimum (native state) it would take an
unrealistically long time to fold, yet it is well known from
experiment that this process takes from microseconds to
seconds.2,3 This paradox, first stated by Levinthal,4 is often
explained by considering the general shape of the energy
surface, or energy landscape.5–7 In order to fold efficiently, a
protein must have a ‘funnel-shaped’ energy landscape leading
down to the native state, without any significant kinetic traps;
thus, far from randomly searching through equally probable
conformations, the protein is guided by an energetic bias. Much
work has been done to understand the nature of this energy
surface by considering analytical8,9 and simplified lattice
models10,11 as well as all-atom molecular dynamics simula-
tions.12–14 Experimentally, folding is most often studied on a
bulk solution sample using chemical denaturants such as urea or
acid to accelerate the rate of unfolding.

Recently, experiments using the atomic force microscope
(AFM)15 in force mode and related force probe methods16

(together known as force spectroscopy) have provided a novel
method of studying protein unfolding, with force playing the
role of ‘denaturant’,17–21 which can potentially give new
insights into the protein folding process and energy landscapes.
These techniques allow the unfolding of individual domains in
a multi-modular protein to be monitored as it is stretched. The
AFM experiment differs in a number of important ways from
the more conventional bulk solution experiments. Firstly, it is a
single-molecule experiment, so that it is potentially possible to
observe differences in the nature of unfolding events from
molecule to molecule, one of the few methods of doing this
(fluorescence energy transfer and fluorescence quenching have
been used to study single molecule protein folding in chemical
denaturant22,23). Secondly, the effect of force can be mapped
onto a well-defined reaction coordinate, namely the N–C
terminal extension, in contrast with denaturant-induced unfold-
ing. For this reason, it is a good technique for comparison with
computer simulations of unfolding, which similarly use single
molecules. Finally, perhaps most importantly, it offers the
possibility of probing alternative regions of the energy land-
scape to those explored in experiments with chemical dena-
turant.

In this article we will try to provide a framework for
investigating protein folding using AFM, although much of the
discussion applies to other forms of force spectroscopy as well.
We describe methods for interpreting AFM experiments on
proteins in terms of energy landscapes, what parameters can be
extracted to describe the unfolding kinetics and how reliable
these are. We address some questions that are raised by the new
experiments. Which proteins are able to resist force well?
Clearly all proteins are different, but is it the overall fold or
physiological function that primarily explains the origin of
mechanical strength? Do proteins unfold by the same ‘pathway’
under force as they do physiologically, or in studies with
chemical denaturant? Finally, insights have been given in the
literature on unfolding pathways and intermediates in force-
induced unfolding. We propose a method for studying in detail
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the pathway of forced unfolding, analogous to conventional F-
value analysis.

Pulling proteins by AFM
The force-mode AFM experiment

A schematic illustration of a typical force-mode AFM experi-
ment for stretching proteins is given in Fig. 1(a). A multi-

modular protein is tethered at one end to a microscope slide (a
frequently used method is the strong adsorption of a pair of C-
terminal cysteines to a gold surface24) and at the other to a
silicon nitride cantilever (usually by non-specific adhesion).
The cantilever is pressed against the microscope stage for a
short period of time in order to allow adhesion. Movement of
either the headpiece or the microscope stage causes an
extension of the protein and the force exerted can be measured
by the deflection of the cantilever, if indeed a protein was
picked up. Calculation of the force depends on knowing the

spring constant of the cantilever, which can be calibrated from
its free thermal fluctuations in water.25

Fig. 1(b) shows a typical saw-tooth force-extension trace that
was obtained from a pull at constant pulling speed, in this case
for a designed poly-protein of eight titin I27 (TI I27) modules
(titin is a 3 MDa muscle protein that is responsible for exerting
a passive restoring force on the sarcomere). An initial peak is
usually observed as the tip lifts off the surface (zero extension
in Fig. 1(b)), even when no protein has been ‘picked up’, and is
attributed to the interaction of the tip with the surface or proteins
on the surface. It may also include the unfolding of the first
module, but this cannot be determined with certainty. Each peak
following this has a curved, sloped back, interpreted as the soft
elastic extension of already-unfolded protein. This is followed
by a sudden drop in the force as each domain unfolds in turn,
causing an increase in the total protein length. Detachment of
the protein from the tip is responsible for the final peak, which
is usually much larger than the others. We can see that only
seven out of eight modules unfolded in the example trace,
presumably because the eighth was involved in binding to the
tip. Refolding experiments are not possible under tension as the
denatured (extended) state is stabilized too much by force,17 but
stretch–relax cycle refolding experiments have been done, in
which the AFM tip is lowered after an initial pull and then
retracted again after waiting a certain time. Refolding rate
constants (at zero force) can be calculated from the number of
peaks remaining after different waiting times.26a These refold-
ing experiments give basically the same information as obtained
in conventional refolding experiments with chemical dena-
turant, although they have allowed rare misfolding events to be
observed;26b they will not be discussed here.

Multi-modular protein constructs

A multi-modular protein is preferred for a number of reasons.
Most obviously, because we are relying on non-specific
attachment of the protein to the AFM tip, and the N-terminal
attachment point can be anywhere along the length of the
protein, having several domains in tandem increases the chance
of picking up a reasonable length of protein. Due to the length
of the protein, most of the modules will unfold when the tip is
reasonably far from the surface ( > 50 nm), so that any
interactions of the tip with the gold surface or with other
proteins on the surface will be negligible. In addition, the first
peak arising from the detachment of the tip from the surface can
sometimes be quite large (possibly due to additional proteins
being attached), and so the force-extension response of a single
protein module would likely be lost in the noise. Finally, having
a number of modules increases the amount of data that can be
obtained from each trace and the correspondence of the number
of force peaks with the number of protein modules and their
overall similarity gives us confidence in the interpretation that
each peak is caused by the unfolding of a single module.

Initially, recombinant constructs consisting of segments of
native multimodular proteins were used, in which the modules
are all different, although they usually have the same overall
topology.17,18 It is not possible to assign the peaks in the trace
to particular modules for such proteins, apart from making the
trivial observation that the ‘weakest’ modules unfold first.
Unambiguous interpretation necessitates a poly-protein consist-
ing of only one type of module. Several designs for the
construction of such a protein using molecular biology
techniques have been proposed;26a,27 an example is given Fig.
1(c) in which unique restriction sites were used to ‘paste’
together several domains.28 An advantage of the use of unique
restriction sites is that other modules can later be inserted into
the poly-protein.

Interpretation of force data

A set of AFM data contains only a few ‘ideal’ force-extension
curves such as that shown in Fig. 1(b). Many traces are less easy

Fig. 1 The force-mode AFM technique. (a) Diagram of an atomic force
microscope: the protein is attached by gold–sulfur bonds at its C-terminus
to a gold-coated microscope slide and by non-specific adhesion to the tip of
the AFM cantilever; the protein is completely covered by a layer of buffer,
several millimeters from the solvent surface. The cantilever itself consists of
a thin lever of silicon nitride, the back of which is coated with a reflective
layer of gold. Cantilever deflection is measured by the deflection of a laser
light reflected off the back of the cantilever. (b) Typical force-extension
trace for pulling an octameric TI I27 poly-protein. Note that the extension
is that of the protein itself, obtained by subtracting the cantilever deflection
from the position of the cantilever base set by the piezo. The dotted line
indicates fit of the worm-like chain model to the back of each peak. (c)
Example of a gene construct which has been used to clone multiple copies
of the same protein: the positions of restriction sites used for its assembly
are shown by dotted lines (A. Steward, J. Clarke unpublished).
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to interpret, often because of the attachment of more than one
protein. Such events are typified by higher than expected forces
and peaks which are closer together than usual, due to a partial
offset in the points of attachment of the proteins; sometimes the
second protein becomes detached, after which a normal trace is
observed (Fig. 2 shows an example of this). To avoid ambiguity,

all of these traces are excluded from further analysis. Also
beyond our control is the position along the poly-protein at
which tip attachment takes place. The result of this is that the
number of peaks in a trace can vary between one peak and the
full number present in the construct. Since it is not improbable
that a trace with only one or two peaks is caused by the
detachment of weakly bound protein molecules, we use only
traces with at least three peaks.

Can the force data from each unfolding event in a pull be
pooled, or must the data from the first peaks, second peaks and
so on be separated? In principle, the position of the peak in the
force trace (first, second, etc.) is important: the most probable
unfolding force is related to the number of modules remaining
folded, and to the rate at which force is applied, both of which
are changing as more modules become unfolded. At present,
however, the data from all peaks are generally pooled, in order
to maximise the amount of data used—this is justified by the
small dependence of force on the order of the unfolding event
compared with the large spread of the data (J. L. Toca-Herrera,
J. Clarke, unpublished data). Provided there is sufficient data, it
is more correct to separate it by unfolding order; furthermore,
the effect of peak order on unfolding forces could potentially
provide additional information.

Determining protein length

An estimate of the unfolded length of the protein can be made
by fitting it to the expected force–extension profile of each peak
for a simple polymer model. The model most frequently used is
the worm-like chain, an approximation to which is given in eqn.
(1).17
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This model characterizes the polymer in terms of its total
length or contour length, L, and its persistence length, p, which
is a measure of flexibility (the correlation length of a tangent to
the backbone); F is the force at polymer extension x, while
kB and T are the Boltzmann constant and temperature re-
spectively. Even though this model does not account for the
complexity of the peptide chain, it turns out to fit the data well.
If the value of the persistence length is fixed, the fit of the worm-
like chain to the back of each peak (dotted lines in Fig. 1 (b))
gives an estimate of the change in contour length between
adjacent peaks; in the case of titin I27 this is approximately 295
Å which is equivalent to the difference in length between a
folded and unfolded module. The consistency of this difference
supports the interpretation of each peak as the unfolding of a

single module. Moreover, the change in fitted contour length,
DL, can also be used to identify cases in which two proteins
have been picked up.

Distribution of unfolding force

Due to the ‘single-molecule’ nature of the experiment, there is
an inherent thermal distribution of unfolding forces obtained
from AFM traces. The standard deviation of this spread is
approximately sf ≈ kBT/xu, where xu is a parameter describing
the width of the unfolding potential (see below).29 On top of this
there are many sources of error in current instruments. Most of
the errors can be attributed to the cantilever, whose mechanical
properties govern the sensitivity and accuracy of the measure-
ments. Soft cantilevers are more sensitive to changes in force,
but suffer from thermal fluctuations in position which affect the
accuracy of force measurements; stiff cantilevers, while
reducing thermal noise, increase the size of fluctuations
transmitted to the protein by the cantilever (although these
ought to be attenuated by the soft elastic linkage of the unfolded
protein). However, this effect can, in principle, be reduced by
making sufficient measurements. Systematic errors in the
measured force can arise from hydrodynamic effects: the
viscous drag on the cantilever creates a speed-dependent force,
which is difficult to account for, as it should depend on the
distance of the cantilever from the surface. There is evidence for
it in the slight offset between approach and retraction traces at
high pulling speeds: the exact magnitude of the effect will
depend on the cantilever and should be reduced by the use of the
very small cantilevers currently being developed.30,31 Errors
may also arise from the calibration of different cantilevers: as
many different cantilevers are usually used in the collection of
a data set, any calibration errors will add to the data noise. An
estimate of the calibration error—as well as other systematic
day-to-day differences—can be made from the scatter of the
mean unfolding force per tip—typically the standard deviation
of the mean data collected by different cantilevers is 10–20
pN.

In addition to the cantilever, there is drift in the vertical
displacement of the cantilever. This is partly due to drift in the
piezo positioner, but this can be corrected for by measuring the
piezo displacement by an alternative technique. A second
source of error comes from thermal expansion and contraction
of the entire headpiece. In order to make quantitative measure-
ments all these effects need to be considered.

Unfolding forces depend on pulling speed

Although we speak of ‘mechanical stability’, we need to
distinguish whether this is a kinetic or thermodynamic property
of the protein being studied. Fig. 3 shows the mean unfolding
force for TI I27 over a range of pulling speeds. The observed
linear increase of unfolding force with pulling speed is a general
property of all unfolding studies of proteins by AFM to date. If
the measured force were an equilibrium property of the protein,
it should depend only on the state variables describing the
system, and therefore only on end-to-end extension (the only
such variable which is changed in these experiments). The fact
that it depends also on pulling speed demonstrates that this is a
kinetic phenomenon. If we assume that increasing force reduces
the energy barrier to unfolding monotonically, the probability of
unfolding is increased with extension; however, the likelihood
of thermal escape at each extension is also dependent on the
time spent at that force, hence the dependence on pulling
speed.32,33 This holds the key to extracting kinetic information
from these experiments; it is important therefore to consider the
pulling speed when comparing unfolding forces.

Which proteins are able to resist force?
Most of the proteins that have been used for forced unfolding
measurements have been intentionally selected for their func-

Fig. 2 Sample force–extension trace believed to arise from two proteins
being pulled at once.
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tional requirement to resist force. They are, for example, muscle
proteins (immunoglobulin domains from the I band17,26a and the
fnIII domains from both I and A bands18 of titin), cytoskeletal
proteins (spectrin19,20) or extracellular matrix proteins involved
in cell adhesion (tenascin,34 fibronectin35 and Ig-CAM36). Even
amongst these proteins that require mechanical strength there is
a considerable range in unfolding forces, from spectrin (25–35
pN) to titin I28 (250-280 pN). In addition to these, the forced
unfolding of the enzymes T4 lysozyme21 and barnase28 has
been reported, both of which show low unfolding forces. Can
these results be rationalized in terms of the overall fold and
topology of the domains and their evolutionary (functional)
requirements? We have chosen here to focus on the examples
shown in Fig. 4: namely titin I27, the third fnIII domain of
human tenascin (TNfn3), a-spectrin, barnase and T4 lysozyme,
since these have been well characterized both by solution
unfolding and by AFM.

Immunoglobulin-like b-sandwich domains

The immunoglobulin-like fold describes a large set of small
protein domains with a common overall structure: 7 strands
arranged in two facing b-sheets with Greek-key topology (‘b-
sandwich’). They are usually found in modular proteins, which
consist of a tandem array of independently folding domains.
The immunoglobulin (Ig) and fibronectin type III (fnIII)
superfamilies are groups of proteins that belong to this fold and
several examples of each have been studied by AFM. They are
ideal for exploring the relationship of mechanical strength to
structure and function, providing examples of variation in both
properties; additionally, they can be used to test the importance
of domain–domain interactions in mechanical stability since
they naturally occur in multi-modular arrays. Titin I27 and the
third fnIII domain from human tenascin (TNfn3) are given as
examples of each superfamily in Fig. 4 (a) and (b) re-
spectively.

The immunoglobulin domains from the I band of titin are the
proteins most studied by AFM; their unfolding forces range
from 150 to 300 pN at a pulling speed of 1 mm s21 in full length
native titin.17 The actual variation may be less marked, as the
early peaks in very long traces such as these will be inherently
lower (there are more folded domains and hence a higher chance
of one unfolding). More certain are the experiments comparing
modules I27 and I28 in short designed constructs:27 at a speed
of 600 nm s21, the average unfolding force of I27 is 211 pN and
that of I28 306 pN. The structure of I28 is unknown, but both
domains are predicted to have essentially the same structure (in
terms of topology and backbone hydrogen bonding) despite a
fairly low sequence identity, suggesting that the side-chain
interactions conferred by the sequence can significantly mod-
ulate mechanical stability.

The superfamily of fibronectin type III (fnIII) domains is one
of the most abundant in the genomic database (2814 sequences
in the most recent version of Pfam37), and its members are
extremely diverse in function. The extracellular matrix proteins
fibronectin and tenascin, involved in cell adhesion, both contain
fnIII domains. AFM experiments on these proteins showed
significantly lower forces than for the unfolding of titin I27 and
I28: fnIII modules in native fibronectin unfold at between 90
and 150 pN at an extension speed of 1 mm s2135 and those in
native tenascin at an average of 137 pN (0.2–0.6 mm s21)34 and
113 pN (0.5 mm s21),18 with a small dependence on pulling
speed. This suggests that these proteins may have a lower
functional requirement for mechanical strength than the titin Ig
domains. Does the difference in mechanical strength mean that
the Ig fold has inherently higher mechanical stability than the
fnIII fold? The occurrence of fnIII domains in titin is able to
provide an answer: sections of fnIII-rich titin from the
constitutive region of the I band and from the A band have high
average unfolding forces (200 pN and 180 pN respectively at a
speed of 0.5 mm s21),18 comparable to those of some Ig
domains. Thus the mechanical strength of both the fnIII and Ig
scaffolds can vary significantly with sequence details, permit-
ting the adoption of different functions; however, it seems that
in general the Ig topology can tolerate higher mechanical stress
than the fnIII topology.

An interesting future possibility may be the investigation of
inter-domain interactions (between adjacent modules), which
have been suggested, but not satisfactorily confirmed, for
several of these proteins. For instance, initial unfolding of
modules I27 and I28 by AFM appeared to show that I28 was
mechanically stabilized by the presence of I27;27 however, bulk
solution unfolding and stability experiments now suggest that
this was an artifact caused by conservative selection of domain
boundaries.38 A second example is the A band of titin, which is
rich in fnIII domains, some of which are separated by a linker of
only two amino acids. The conserved residues of the A band
fnIII domains which are specific to titin (as opposed to all fnIII
proteins) consists of a patch on one face of each module

Fig. 3 Dependence of unfolding forces of titin I27 on pulling speed. Each
point is the average of a set of unfolding force data collected at that pulling
speed with the same cantilever; the large scatter in the data is due partly to
the thermal noise in the experiment and partly to the inherently broad
distribution of single-molecule data.

Fig. 4 Representative examples of proteins studied by AFM. (a) Titin I27,
(b) third fnIII domain of human tenascin, (c) two domains from a-spectrin,
(d) T4 lysozyme and (e) barnase. The N and C termini are indicated for all
the proteins pulled from their ends and the location and direction of the
pulling forces are shown by arrows.
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(thought to be associated with the other A band proteins) and a
patch at the ends of the modules immediately adjacent to their
neighbours, suggesting a possible role in domain–domain
interaction.39,40 However, there is no evidence of inter-domain
interactions on the bulk unfolding kinetics and stability of the A
band fnIII domains.41 Thus far, conclusive evidence from AFM
of inter-domain interactions between modular b-sandwich
domains remains elusive. Nonetheless, not many cases have yet
been systematically studied, and there are highly suggestive
sequence and structural leads that need further investigation.

a-Helical domains: spectrin

In contrast to the Ig-like b-sandwich domains, the cytoskeletal
protein spectrin has an all-a structure, composed of repeats of a
three helix bundle in which adjacent domains share a con-
tinuous helix (Fig. 4 (c) shows two such domains). In the cell it
forms an ab heterodimer which associates head-to-head to form
an a2b2 tetramer. Force peaks in spectrin traces are much lower
than those in titin, being approximately 30 pN at a pulling speed
of 0.5 mm s21,20 a difference that is significantly greater than the
variation within the b-sandwich fold. Here, it seems probable
that the differences in force are due to the mechanical weakness
of this kind of fold, which has been attributed to the lack of
stabilization against force by hydrogen bonds in the secondary
structure.20

Non-mechanical proteins

There is clearly a large variation in mechanical strength for
proteins which need to withstand force, but will non-mechanical
proteins resist force as well? The protein folding models
barnase and T4 lysozyme have been used to address this
question, since they have been well characterized by bulk
solution studies.42–44 Since both proteins are enzymes and not
naturally multimeric, strategies were devised to link them
together. T4 lysozyme (Fig. 4 (d)) was ingeniously polymerized
in the solid state by disulfide cross-linking of engineered
cysteines.21 The resulting oligomers showed regularly spaced
force peaks with an average unfolding force of 64 pN at 1 mm
s21, which could each be fit to the worm-like chain model with
constant contour length increments between them. A structural
reason for this lower resistance to force could be that the protein
is all helical, like spectrin, and lacks the mechanical stabiliza-
tion by hydrogen bonds between b-strands in the b-sandwich
domains.

Barnase (Fig. 4 (e)) was spliced into the existing titin I27
multimeric gene construct shown in Fig. 1(c), replacing
modules 2, 4 and 6.28 This has a number of advantages: because
the modules in the multimer are separated by spacers of several
residues, interactions between neighboring domains are less
likely than for the disulfide-linked lysozyme. In addition, the
remaining I27 modules are able to provide an internal reference
for comparison of unfolding forces, and in practice aid in the
intracellular expression of the protein. Barnase also unfolds at
low forces (70 pN at 0.3 mm s21), clearly distinct from the I27
modules, but with irregularly spaced peaks. The low resistance
to force may be explained by the fact that the main constraints
on its structure are tertiary; molecular dynamics simulation
results show that the main force peak corresponds to the
disruption of the hydrophobic core.

The effect of force on the unfolding energy
landscape
The initial use of the AFM for the mechanical unfolding of
proteins gave results of primarily qualitative value; however, as
the force of unfolding is determined by the unfolding kinetics,
an interpretation in terms of the unfolding energy barrier should
be possible. From this, a picture of the effect of force on the
energy landscape can be constructed.

How does force affect energy landscapes?

Unlike denaturant, which has a uniform effect on the protein
structure, causing a stabilization of more expanded, solvent-
exposed structures, force is directional. Large forces cause
proteins to adopt high energy extended structures that would
never usually be accessed, even by ‘unfolded’ protein. The
effect of force has been investigated using lattice model
simulations, in which the residues of the protein are represented
by connected beads on a lattice with simple contact potentials,
and analogous off-lattice models, permitting a thorough statis-
tical analysis of the (un)folding process. Simulations incorpo-
rating the effect of tension using a potential of mean force have
shown three regimes of force: low force has little effect beyond
polarizing the structure, intermediate forces give rise to
exponential kinetics, the height of the unfolding barrier being
lowered in approximate proportion to the force and high forces
overwhelm the barrier, so that increasing the force further has
little effect on kinetics.45 The second, exponential, regime in
which kinetics depends on force is evidently that sampled by
AFM experiments. It is worth noting that the unfolded state of
the experimental regime is very extended, compared with forces
close to equilibrium, in which the unfolded state is only slightly
more expanded than the native state. If end-to-end extension is
used as the reaction coordinate, the barrier to unfolding is quite
steep and its position on this coordinate does not vary greatly
with force.45,46

For the purposes of interpreting AFM data, a simplified
model of the landscape, which describes only the relative
energies of the kinetically relevant states and their position on
the reaction coordinate is necessary. A commonly used
description is a two-state model specified by the energies of the
native, denatured and transition states and their positions.47 Fig.
5 shows a schematic diagram of the energy barrier. In the
absence of force, the folding and unfolding reaction rates (ko

f
and ko

u) are given using transition state theory by eqn. (2), in
which DGD–TS DGTS–N are the activation energies for folding
and unfolding respectively, kB is the Boltzmann constant, T is
absolute temperature , n is the characteristic vibration frequency
at the saddle point and k the transmission coefficient.†
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The effect of force is considered to add a term 2F·x to the
potential surface as a function of the distance x from the native
state, a model first proposed by Bell.49 If the distance along the
unfolding reaction coordinate (assumed to be end-to-end
extension) from the native to transition state is given by xu and
the distance from the transition state to the denatured state by xf,
then the energy barrier for unfolding will be lowered by F·xu
and that for refolding raised by F·xf. Implicit is the assumption
that the position of the transition state does not change with
increasing force. The rates for unfolding and refolding as a
function of applied force are then as in eqns (3.1) and (3.2).
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In practice, due to the large distance xf between the unfolded
state and transition state for forced unfolding of proteins, the
probability of refolding events is negligible, and only unfolding
rates play a part in the kinetics. Thus, only two parameters are
needed to characterize the simplified unfolding energy land-
scape, namely xu and ko

u. The approximation for the acceleration
of unfolding by force given in eqn. (3.2) is independently
justified by its ability to reproduce the unfolding rates in lattice
models using a biasing force.46
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Determining kinetic parameters by Monte-Carlo
simulation

The rate constants (or turnover times) given in eqn. (3) are
unfortunately not directly determined in the AFM experiment in
which the pulling speed and not the force is constant, and the
force varies over a wide range, due to the soft elastic linkage
with the unfolded protein (a constant force AFM has recently
been developed which should help overcome these problems of
interpretation).50 However, one can invert the problem and use
the above expressions for the rates under force in Monte-Carlo
simulations to calculate unfolding forces at any given pulling
speed (analytical approximations based on similar assumptions
have also been proposed).33 The simulations are performed by
starting with N folded domains and increasing extension in
increments of vDt at time intervals Dt, where v is the pulling
speed. The force at each time t is determined by the elasticity of
the unfolded protein (the tip is relatively rigid and can be
neglected to a first approximation). Force is calculated from a
worm-like chain model with extension nDt, the contour length
being known from the number of domains unfolded up to time
t. Then the probability of a single domain independently
unfolding during each time interval is pu = ku(F)Dt, and the
probability of only one in n remaining folded domains
unfolding is given by the binomial distribution pn

u(F) = npu(1
2 pu)n2 1 . The time interval Dt is chosen sufficiently small that
the chances of more than one domain unfolding are negligible,
in which case pu is small enough that pn

u(F) ≈ npu. A random
number between 0 and 1 is used to determine whether unfolding

takes place, in which case the number of folded domains is
reduced by one and the length of unfolded protein is increased
by the length of one unfolded module. The algorithm allows
complete force–extension traces to be generated, comparable to
the experimental ones, and can reproduce the variation of
unfolding force with pulling speed. The parameters ko

u and xu
can be optimized by iteratively improving the match between
experimental and simulated data. An example of the fit of
unfolding forces to titin I27 data is given in Fig. 5 (a), for which
parameters of 3.0 3 1024 s21 and 2.5 Å were determined for ko

u
and xu respectively.26a

The parameters derived from the two-state model can explain
the mechanical strength of the proteins which have been
studied. Table 1 lists ko

u and xu for several of these proteins. It is

apparent that the difference in mechanical strength may come
not from the height of the unfolding barrier at zero force, but
rather from the distance from the native state to the barrier; for
instance, spectrin, which has a similar unperturbed unfolding
rate ko

u to titin I27, unfolds at much lower force because of its
‘wider’ unfolding potential. The effect of force on the transition
state is therefore greater. It must be emphasized that the
different values of xu explain the differences in the effect of
force on the energy barrier for proteins with similar ko

u; since
mechanical stability has nothing to do with the absolute
difference in energy between native and denatured states, it is
neither necessary nor valid to invoke such an argument to
rationalize mechanical stability in terms of thermodynamic
stability as is often done.20,41

Can a precise physical meaning be given to the parameters
from the two-state model? The ‘unfolding distance’ xu is
extremely short for many of the proteins when compared with
the values derived from molecular dynamics simulation;51 if it
can be given a simple structural interpretation, it would most
likely correspond to the difference in extension between the
transition state and the polarized native state (at low force)
rather than the native state itself. That the values of ko

u
determined for titin I27 and I28 are very similar to those
determined in solution is intriguing,26a,27 and suggests that the
pathways of unfolding in bulk solution and under force, if not
actually the same, at least share a similar barrier height for these
proteins.

The large thermal spread in the data, and the various sources
of experimental error mean that there is a corresponding
uncertainty in the values of the parameters fitted by Monte-
Carlo simulation. As yet, no published work has given a
quantitative estimate of these errors apart from a graphical
illustration of different fits: this needs to be addressed in the
near future, especially for the purposes of comparing data from
different mutants or for quantitative comparison with bulk
measurements.

The interpretation of the two state model given here assumes
a single transition state which is invariant under force, that is,
the position of xu does not change with pulling speed. This
appears to be a valid assumption over the range of forces that
can be accessed by force-mode AFM, as the dependence of the
unfolding force on pulling speed is always linear: this is
suggests a single transition state, since the slope of the curve is
related to xu.52 However, the range of speeds or force loading
rates sampled by the AFM is very narrow, so it is possible that
alternative transition states are exposed at different pulling

Fig. 5 (a) Two-state model for interpreting AFM experiments. Sample (b)
force distribution and (c) pulling speed dependence obtained from Monte-
Carlo simulations using the two-state model.

Table 1 Two-state model parameters for titin,26a spectrin20 and barnase.28

Note that the spectrin parameters are fitted to data from a native construct
in which each module is different and cannot be directly compared with
unfolding rates measured in bulk solution. The titin and barnase data are
from designed constructs with identical modules.

Titin I27 Spectrin Barnase

ko
u(s21) 3.0 3 1024 3.0 3 1025 6.7 3 1022

xu (Å) 2.5 17 3.5
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speeds. Indeed, multiple transition states have been inferred for
ligand unbinding studies carried out over a wide range of
loading rates, as the force-loading rate curves have a succession
of linear regimes with slightly different slope.53 The transition
state measured by AFM experiments may thus not be the same
as that in solution: future studies extending protein unfolding
experiments to slower loading rates need to be carried out to
address this issue.

Mechanical unfolding pathways from experiment
and simulation
By themselves, force-mode AFM experiments at a number of
pulling speeds can give basic information on the unfolding
energy landscape via the parameters of the two-state folding
model: the width of the unfolding potential, xu, and the
unfolding rate at zero force, ko

u. Of course one would like to go
beyond this to a more fine-grained description of unfolding
pathways, and to compare these pathways with those in
solution. Doing this requires a combination of careful AFM
experiments and computer simulation. Molecular dynamics
simulation with a force bias has proved valuable in under-
standing mechanical unfolding pathways, just as it has for
conventional folding experiments.13,14

Are force- and denaturant-induced unfolding pathways
the same?

The mechanical unfolding rate of titin I27 of 3.3 3 1024 s21,
obtained by extrapolating to zero force, is very close (within
error) to that determined in bulk solution by extrapolating to 0
M denaturant (4.9 3 1024 s21).26a It is tempting to conclude
that the unfolding pathways in the two experiments are the
same. Do the similar rate constants in fact indicate an identical
pathway, or is this a coincidence, and will the result extend to
other proteins? This has been investigated in detail for both the
RNase barnase and titin I27, using AFM experiments and
molecular dynamics simulations.

Molecular dynamics simulations of titin I27 using thermal
unfolding at high temperature and mechanical unfolding using
a force bias51 have been done to compare the different
denaturant effects. These suggest that the thermal and mechan-
ical pathways are quite different. In the mechanical unfolding, a
single intermediate is observed at low force, in which the A
strand becomes detached from the body of the protein, leading
to an extension of approximately 8 Å. The unfolding force peak
is due to the separation of the A’ and G strands, following which
there is catastrophic unfolding without further significant
barriers. The same features have been seen in a number of
studies using related methods.54–56 However in simulations of
thermal unfolding, this strand remains attached until late in the
unfolding pathway, and the overall pattern of unfolding is
different. Heat causes disruption of the b-sheet, formation of
short helical segments and an expansion of the structure. Force
causes the strands to be sequentially pulled from the body of the
protein with the remaining structure relatively unaffected. The
only common feature is that the same elements of structure
unfold last. If the thermal unfolding pathway is similar to that
found with chemical denaturant, as is often assumed,13,14 then
the denaturant- and force-induced unfolding pathways are
clearly different, despite having similar barriers to unfolding. A
full F-value analysis of the protein in bulk solution leads to the
same conclusion: partial F-values for residues in the A strand
(FI2A = 0.45, FV4A = 0.29) indicate that it is still structured in
the transition state, which is inconsistent with the simulated
mechanism of forced unfolding.57

The mechanical unfolding of barnase, mentioned above, is an
experimental test for the similarity of unfolding pathways,
having already been thoroughly studied using chemical dena-
turation. As described above, barnase was inserted into modules
2, 4 and 6 of the titin I27 construct. To check that the construct

had no effect on bulk stability or unfolding kinetics, the
unfolding rate and stability of both I27 and barnase were
checked in a three-module (I27-barnase-I27) construct, and
found to have the same values as the isolated proteins, within
error. 1H-15N HSQC NMR spectra of the modules in isolated
form and in the construct could be overlaid almost perfectly,
demonstrating that no structural alteration had taken place
either. Fig. 6 (a) shows the dependence of unfolding force on

pulling speed for barnase and I27, from which unfolding rates at
zero force are calculated from Monte-Carlo simulations to be
6.7 3 1022 s21 and 3.0 3 1024 s21 for barnase and I27
respectively, while Fig. 6 (b) shows the unfolding rates of each
protein extrapolated to 0 M denaturant. While barnase unfolds
an order of magnitude more slowly than I27 at zero denaturant,
it unfolds about two orders of magnitude faster at zero force—
so barnase must unfold by different pathways under the
different conditions.28 Again, this is borne out by molecular
dynamics simulations, which show that the transition state for
mechanical unfolding of barnase is much more native-like than
that for thermal unfolding, with more secondary and tertiary
structure being preserved. As for titin I27, the effect of force is

Fig. 6 Unfolding of barnase and titin I27 by AFM and chemical denaturant.
(a) Dependence of unfolding force on pulling speed and (b) extrapolation of
unfolding rate in bulk solution to zero denaturant. (Taken from reference
28.)
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to unravel the protein from the termini, while temperature or
denaturant cause a more global expansion and rendering of the
structure (Fig. 7).

It must be pointed out that, because of computational
limitations, molecular dynamics simulations of mechanical
unfolding are in a very different regime from the experiments,
with pulling speeds around six orders of magnitude faster.
However, within the range of pulling speeds that have been
accessed by MD simulation (several orders of magnitude of
pulling speed), the unfolding pathway is consistent, lending
confidence that the results will still hold at the much slower
experimental speeds.28 The difficulty of time scale is one that is
also faced in comparing molecular dynamics simulation with
bulk unfolding data in denaturant.2 Nonetheless, it is the only
method able to directly furnish atomistic detail on the unfolding
process, and the results have been shown to be in both
qualitative and semi-quantitative agreement with experi-
ments.13

Probing unfolding pathways in detail by AFM
experiments

The explosive unfolding of most proteins in AFM experiments
limits the amount of detail that can be experimentally inferred
about unfolding pathways. Nonetheless, to use the new
technique to its full potential for investigating unfolding
mechanisms, one would like to be able to localize the
interactions that are critical in the unfolding pathway. Some
experiments have already been interpreted at a more micro-
scopic level. Force-mode AFM on a tetramer of the a-spectrin
R16 domain was used to infer an intermediate, based on the
distribution of contour length increases:19 a bimodal distribu-
tion of extension was obtained, in which the shorter length was
attributed to the intermediate (the interpretation is not entirely
clear as the shorter extensions only occurred for the first peaks
in any trace, despite all the modules being identical).

The intermediate seen in the molecular dynamics simulations
of I27 has been invoked to explain the shoulder on the back of
each unfolding peak in a poly-I27 construct.58 This is
rationalized as an increase in contour length upon detachment of
the A strand. Force-extension traces for the A strand mutant
K6P showed no shoulder, presumably because the A strand was
initially detached or detached at very low force. Further
experiments making mutations in the A strand allowed the
change in unfolding rate constant on mutation to be evaluated
from Monte-Carlo simulation. However, as the mutants were all
to proline, the results are difficult to interpret: as intended,
proline cannot act as a backbone hydrogen bond donor, but it
also imposes tight geometric restrictions on backbone con-
formation that may disrupt the structure and side chain
packing.

To check whether the structure of the proposed titin
unfolding intermediate is reasonable, a mutant was expressed
with the A strand deleted: the loss of stability, 2.78 kcal.mol21,
was only slightly greater than that caused by single mutations to
the A strand, and the overall stability was still high (4.82 kcal
mol21). Structural integrity was confirmed by 1H-15N HSQC
NMR spectra of the mutant, which showed only localized
chemical shift changes. A non-disruptive mutation to the A
strand caused no change in mechanical unfolding properties.
The most plausible interpretation of this is that unfolding occurs
from an intermediate in which the A strand is detached.59

To take this further, we can draw on methods already
developed for analyzing folding kinetics in bulk experiments
with chemical denaturant. A good method for quantitatively
mapping the participation of each residue in the transition-state
is F-value analysis.43,44 A F-value analysis for folding
measures the change in activation free energy for folding,
DDGD–TS, as a fraction of the change in stability, DDGD–N,
after a single point mutation (FF = DDGD–TS/DDG D–N). Then
a mutated residue making all its native contacts (i.e. in a fully
formed region of the structure) in the transition state would have
a F-value for folding, FF, of 1.0, since the mutation destabilizes

Fig. 7 Unfolding pathway of barnase in MD simulations by force and by temperature. Three unfolding pathways are illustrated: a mechanical unfolding
pathway at ‘high’ pulling rate (pulling speed of 0.02 Å/ps, top), one at ‘low’ pulling rate (pulling speed of 0.01 Å/ps, middle), and a thermal unfolding pathway
at 498 K (bottom). The two mechanical pathways have similar features (although different time-scales), showing that the mechanical unfolding pathway does
not depend strongly on pulling speed. The thermal unfolding pathway differs substantially from these, taking place via a global disruption of the structure,
compared with the sequential unraveling in the mechanical unfolding. (Taken from reference 28.)
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both transition state and native state equally, while a residue in
an unstructured part of the protein would have a FF of 0. If the
folding is two-state, this value can be obtained from the
unfolding activation free energy, since DDGD–TS = DDGD–N
2DDGTS–N. The change in stability can be directly obtained as
the difference of wild-type and mutant energies. The change in
unfolding activation free energy is given by DDGTS–N =
2RT1n(kwt

u /kmut
u ) from transition state theory.48

We propose that a protein engineering method similar to F-
value analysis could be used to analyze mechanical protein
(un)folding pathways by AFM. The most obvious way of doing
this would be to use unfolding rate constants as obtained from
the match of Monte-Carlo simulations to experimental data to
calculate DDGTS–N, the justification for this being the same as
for conventional F-values. Since a change in stability under
force cannot be measured by AFM (it would require pulling
many orders of magnitude slower than is possible), one could
take the change in stability from conventional equilibrium
denaturation experiments. Some caution is needed here, though:
firstly, one needs to be sure that the unfolding observed in the
AFM experiment occurs from the native state, which is not the
case for titin I27. Secondly, the ‘denatured state’ measured by
AFM is clearly different from that in solution, being highly
extended. However, it should still be possible to use stability
changes measured by conventional means, if the changes in
stability upon mutation are confined to the native state, as is
usually assumed. The nature of mutations is also important, just
as in bulk experiments. The effect of an arbitrary mutation is
very difficult to predict or interpret, since there are many
contributions to the free energy: solvation, electrostatic effects,
dispersion forces and chain entropy can all play a part. It is most
useful to make conservative mutations, whose effect can be
simply interpreted, for example side-chain deletion mutants in
the hydrophobic core which preserve charge. In this case, the
dominant contribution to free energy changes is from hydro-
phobic packing interactions, in which case the F-values can be
understood, to a good approximation, as a fraction of native
contacts in the transition state.

The situation may be complicated if there are mechanical
unfolding intermediates, as in titin I27. There is no way to
measure rigorously the stability change from the intermediate to
denatured state by experiment, and a picture of the unfolding
pathway can then only be assembled by using experimental
results and atomistic simulations in conjunction with each
other.59

Conclusions
Much has already been learnt about protein folding from theory,
simulation and experiment, leading to a ‘new view’ of folding as
taking place on a multidimensional energy landscape, funneled
toward the native state. Experiments using chemical denaturants
or temperature are one method of probing the energy landscape,
which may be physiologically appropriate for many globular
proteins (such as enzymes). Force allows us to unfold proteins
in a fundamentally different way, which should be more suitable
for proteins with mechanical function, such as muscle proteins
or cell adhesion molecules. Even for proteins that do not have a
mechanical function, force provides another method of studying
folding to complement more traditional approaches. The most
basic parameters resulting from an AFM experiment already
describe the unfolding potential to some extent: a distance to the
transition state, xu, which depends on the elasticity of the folded
protein, and an unfolding rate at zero force, ko

u, that can be
compared with data from bulk solution studies. Mechanically
robust proteins will have small xu and ko

u.
AFM data on the mechanical unfolding of proteins from a

wide variety of sources are now available. These show that
some classes of proteins, such as immunoglobulin-like b-
sandwich domains, are much more mechanically robust than
others, such as the all-helical spectrin. Hydrogen bonding

between b-strands, which holds together the b-sandwich
domains is not present in the helical proteins and is probably the
primary reason for the difference in unfolding forces for these
classes of protein. Within the b-sandwich fold, it appears that
the topology of the immunoglobulin superfamily is more robust
than that of the fibronectin type III superfamily. However, both
folds are able to accommodate a wide range of mechanical
stability to adopt different functions, so the sequence and
tertiary interactions can modulate this strength. Non-mechan-
ical proteins unfold at low forces, as might be expected, and like
spectrin, force is mainly resisted by tertiary interactions.

A combination of molecular dynamics simulations and
experiments using AFM and conventional folding techniques
has been used to look at unfolding pathways under force, at high
temperature and in denaturant. It appears from the simulations
that the force-induced and thermal unfolding pathways are
always very different. The transition state under force is much
more native-like than that at high temperature. Unfolding by
force occurs by sequential unraveling of the structure from the
termini, while temperature causes a global expansion and
disruption of structure. Experimental results for the mechanical
unfolding of barnase also show very different unfolding rates at
zero force and zero denaturant, supporting the idea of different
pathways. Intriguingly, though, unfolding rate constants for
titin I2726a determined by the different methods are within error
of each other and the same is true of I28;27 perhaps this property
is particular to mechanical proteins.

The future of studying protein folding by AFM lies in going
beyond the study of different wild-type proteins, to investigate
the mechanical unfolding pathways in detail. In addition to the
methods already used, a protein engineering approach will be
very informative. Using this, the key interactions important for
mechanical stability can be identified and related to the
predictions made by simulations. It is expected that the relative
importance of tertiary interactions will become more apparent
when these methods are applied to structurally related proteins.
Finally, it will be possible to compare the folding pathways and
folding nucleus determined in this way with that from
conventional F-value analysis.
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