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Anomalously Slow Diffusion of Single Molecules near a Patterned Surface
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Two-dimensional hexagonal arrays of micrometer-sized spheroidal cavities were fabricated from poly(vinyl
alcohol) films on microscope cover glasses. The patterned surfaces in contact with solution and another regular
cover glass were used to contain single molecules. Bursts of fluorescence from a series of single molecules
entering and leaving the beam focus were observed. The molecules were all rotating rapidly compared with
the fastest binning time of 100µs. The fluorescence anisotropy decayed on the nanosecond time scale. The
fluorescence spectra of mixtures of dyes confirmed that the bursts separated by time intervals of several to
tens of seconds are from different molecules, while those bursts spanning intervals of several to tens of
milliseconds are from the same molecule continually reentering the focus. The autocorrelation function of
the time-resolved fluorescence intensity suggests a translational diffusion coefficient of 1.7× 10-8 cm2 s-1

for 6-carboxyrhodamine 6G hydrochloride molecules near the pattern, which is∼260 times smaller than that
in free solution. The mechanism of slowing the transverse diffusion process of single molecules near the
pattern was further elucidated by total internal reflection microscopy, from which the molecules were observed
to be avoiding the cavities.

Introduction

The development and application of techniques for detecting,
characterizing, and manipulating single molecules has been one
of the important efforts in the area of chemistry and physics
within the past decade.1-6 Single-molecule measurements are
no longer technological demonstrations but are employed to
acquire properties of materials and biological systems that are
not readily obtainable by ensemble measurements.7-11 The
single-molecule method based on laser confocal fluorescence
microscopy is a common experimental approach. The single
molecules are detected either when they are immobilized at the
focus of the microscope or when they are freely diffusing
through the confocal region of the focused laser. In both cases

molecules reside in the probe volume for a certain period, and
it is advantageous to make this time as long as possible.12

Several effective single-molecule immobilization techniques
have been employed, such as attaching them to surfaces by
charge attraction,10 tethering them to surfaces through chemical
bonds,13 or encapsulating molecules in viscous materials.9,14,15

However, the behavior and properties of such immobilized
single molecules may be modified from those in free solution
by the encapsulating material. There are numerous examples
of such variations for dye molecules.14,16 In another example,
the conformational dynamics of single immobilized peptides
were shown to be influenced by proximity to a surface, even in
buffered solutions on chemically modified surfaces.17 Single
molecules that are free in solution have also been detected while
they diffuse through the focus of the laser beam.5,18This method,
which is based on correlation spectroscopy, has been used to
study the diffusion process of single molecules in solution,19-22
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and to investigate the folding and unfolding dynamics of
proteins, peptides, and DNA.17,23,24 In a recent advance, a
microfabricated laminar-flow mixer was coupled to a confocal
microscope12 and the FRET efficiencies of individual dye-
labeled protein molecules were obtained as they flowed through
the probe volume at selected times.

While the free-diffusion single-molecule method does offer
a very effective way to study molecules that are not perturbed
by surfaces, the observation time window is limited. The
residence timeτ of a molecule in a spherical cavity of diameter
R is 〈R2〉/6D, where D is the diffusion coefficient.18 For
rhodamine 6G (Rh6G) in water,25 D ) 2.8× 10-6 cm2 s-1, so
for R ) 500 nm, which is comparable with the 1/e2 diameter of
a focused laser beam,τ is ∼150 µs. It would be desirable to
record signals from each single molecule for much longer than
this. However, for the strong emitter Rh6G at 1.0 mW laser
power yields only ∼1 detected photon/µs in a confocal
arrangement. Therefore, only∼150 photons can be obtained
per burst in the correlation mode, which does not allow all the
properties of interest from a single molecule to be obtained with
suitable accuracy. For example, it is not enough for a definitive
spectrum even using the most sensitive CCD camera. For a
lifetime measurement, assuming a background-free monoexpo-
nential decay, about 185 photons are required.26 To determine
whether a decay is or is not exponential, many more photons
(∼400000)26 are needed. Furthermore, there is always a
background signal in single-molecule experiments. The count
rate can be increased by increasing the excitation power, but at
some point the emission rate becomes independent of power
because of the finite fluorescence lifetime. For Rh6G, a
diffraction-limited beam at 1 mW is already close to the
saturation intensity. Furthermore, with a more intense laser the
time taken to photobleach a molecule is decreased, which
reduces the total observation time.22 In free-diffusion single-
molecule experiments, the excitation power is often varied from
several hundred microwatts to more than 1 mW, whereas for
immobilized molecules about 1µW or less is typically required
to obtain a good signal-to-noise ratio.27-30 While the free-
diffusion single-molecule method has the significant advantage
of being surface free, it is important to find methods which can
slow the diffusion of molecules in solution, especially for
studying single biomolecules in physiological environments.
Attaching the molecules to larger particles that diffuse more
slowly may sometimes be useful, but the presence of a possibly
perturbing surface is reintroduced by the drag.

In the present work, patterned surfaces were fabricated using
methods that had been developed for obtaining ordered three-
dimensional arrays of spherical cavities.31-35 Similar two-
dimensional arrays of spherical cavities have been used to
restrict Brownian motion of single DNA molecules within
cavities.36 The question we explore in this study is how the
patterning of the surface influences the diffusion of molecules
in the solution in contact with it.

Materials and Methods

Materials. Samples were prepared from commercially avail-
able poly(vinyl alcohol) (PVA; MW≈ 108000, hydrolyzed
99.7%, Polysciences), chloroform, and methanol (both HPLC
grade, Fisher Scientific). All materials were used as received.
Aqueous suspensions of polystyrene microspheres (Poly-
sciences) were used for patterning. Spheres with average
diameters of 0.5 and 1µm were employed in separate experi-
ments. The polymer and microspheres were spin cast onto
microscope cover glasses, which had been rigorously cleaned

by sonication in 0.3 M NaOH, deionized water, 2% H2SO4, and
deionized water then dried under nitrogen. 6-Carboxyrhodamine
6G hydrochloride (Rh6G), tetramethylrhodamine ethyl ester
perchlorate (TMR), and TMR-dextran (all from Molecular
Probes) were used as single-molecule probes. The concentrations
of the sample solutions were all in the range of 0.1 nM.

Time-resolved fluorescence anisotropy experimentswere
carried out by a conventional time-correlated single-photon-
counting method combined with the microscope system de-
scribed below. A Nd:YAG, operating at 76 MHz, was to
generate the 532 nm pulses used in the experiments. The
commercial software FluoFit (PicoQUANT) was used to fit the
time-resolved anisotropy data.

Microscopy. The scanning confocal microscope, described
previously,37 uses a sample-scanning stage (Queensgate) with
closed-loopX-Y feedback for accurate sample positioning and
location of individual molecules. The stage is controlled by a
modified Nanoscope E controller (Digital Instruments). The
sample and stage were mounted on an inverted, epiilllumination
microscope (Nikon, Diaphot 300). The 514.5 nm line of an
argon ion laser was circularly polarized and used to excite the
samples. The excitation power was maintained in the range of
3-50µW. A Nikon FLUOR 40×, 1.3 numerical aperture (NA)
objective was used to produce a nearly diffraction limited focus
on the sample and to collect the fluorescence. Appropriate
combinations of notch (Kaiser Optical), band-pass, long-pass,
and dichroic filters (Chroma Technology) were used to spectrally
isolate the signals. Two single-photon-counting avalanche diodes
detected the photons reflected and transmitted by a polarizing
beam splitter, thereby isolating the fluorescence emitted by the
molecules into orthogonal polarization directions, s and p, in
the focal plane of the objective. The fluorescence spectra of
single molecules were obtained by means of a monochromator
(Acton Research) equipped with a back-illumination liquid
nitrogen cooled CCD camera (Princeton Instruments, Trenton,
NJ).

The microscope for total internal reflection fluorescent
microscopy (TIRFM) was based on a commercial Olympus
IX81 inverted microscope. The laser beam from an Ar+ ion
laser (National Laser Co., 514.5 nm) passes through aλ/4 plate
to generate circularly polarized light which is then focused by
lenses onto the back focal plane of a microscope oil-immersion
objective (Olympus, 60×, NA ) 1.45). The lens, coupled with
a translation stage, was used to align the excitation beam across
the objective’s back aperture to achieve easy illumination, angle
adjustment, and interconversion of the setup between through-
the-objective TIRFM and epifluorescence microscopy. The glass
coverslides’ (Fisher Scientific) refractive index (n ) 1.53 at
500 nm) matches perfectly PVA’s index of refraction (n ) 1.53),
and the critical angle for the PVA-methanol (n ) 1.33)
interface was 60.4°. The excitation spot was 30-85 µm in
diameter. The maximum incident intensity at the sample plane
was 0.75 kW/cm2, although in many experiments it was
attenuated to much lower values to minimize the photobleaching.
The excitation was filtered by a laser band-pass filter and a
dichroic mirror (Chroma). The fluorescence from the sample
was collected by the objective and directed to a CCD camera
with multiplication on chip capability (Roper Scientific, Cascade
512F) by means of a beam splitter and an appropriate set of
filters (540LP and 630SP, Omega Optical). With the 1.6× lens
the total magnification of the microscope was 96×, which
corresponds to a pixel size in the image plane of 167 nm.
Specially designed LabView (National Instruments) based
software was developed to record sequences of images with
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various exposure times (typically 20-50 ms in our experiments)
and a maximum possible collection rate of 27 frames/s for the
whole (512 × 512 pixels) image frame. The signal-to-
background ratio in most of the experiments was 12-15, so
easy discrimination of single-molecule fluorescence was pos-
sible. MatLab (Mathworks Inc.) based software was used for
image analysis.

All atomic force microscopy (AFM) images were obtained
using the Digital Instruments Dimension 3000 SPM equipped
with the Nanoscope IIIa controller. The AFM tips used were
commercially available non-contact-etched silicon probes from
MicroMasch (NCS15, force constant∼40 N/m). All images
were collected in intermittent contact mode. Images were
corrected by plane fitting and are shown unfiltered.

Surface Pattern Fabrication.Approximately 20µL samples
of aqueous suspensions of polystyrene microspheres were
deposited on a clean microscope cover glass. The samples were
then spin cast to form a thin film. A monolayer or multilayer
array of spheres is formed on the cover glass, in agreement with
previous reports.31,34,35Only monolayer films, as identified by
optical microscopy, were selected for the next step. The
microsphere-coated substrates then were dried at room temper-
ature for∼24 h. They were subsequently coated with a thin
layer of PVA by spin casting 20µL of PVA aqueous solution
(2.5% by weight) and redried at room temperature for another
∼24 h. Figure 1a shows a typical image of an ordered array of
spheres obtained by intermittent contact mode AFM. The
addition of water-soluble polymer to the dried monolayer and
subsequent spin casting did not substantially disorder these
arrays. According to the observations by optical microscopy
and the AFM images, ordered regions with sizes ranging from
several tens to several hundreds of micrometers are easily
fabricated by this method.

The dried arrays of spheres in PVA on cover glasses were
then soaked in chloroform for∼24 h to remove the polystyrene.
The films were then dried in air for∼10 h. Figure 1b shows
the AFM image of the template that remains in the PVA films

after dissolution of the microspheres. The total height of the
polymer features as measured by AFM was 300 nm to 1µm,
depending on the location within the film. As shown in Figure
1b,c, in the locations where there is disorder, the films are thicker
than in the surrounding ordered areas. The formation of those
ordered regions is consistent with the polymer solution having
penetrated into the interstitial voids between the polystyrene
spheres. The synthesis and mechanism of formation of similar
meso- or macroporous materials have been described in several
reports where more information can be obtained.31-35,38 The
focus of the present work is on the role of the polymer network
in altering the motion of single molecules.

To photobleach as many impurities as possible and improve
the single-molecule detectability, the cover glasses with the
patterns were immersed in a methanol sonication bath for∼30
min and then exposed to a multiline argon laser for∼3 h at a
laser power of∼3 W/cm2. The cover glass was mounted on
the sample scanning stage with the template facing upward. The
outline of the network was visible under the optical microscope
so the cover glass could be moved to positions where the laser
focus was on an ordered region. These procedures were repeated
until the background signal was less than∼400 counts/s. At
that point, 5µL of sample solution was added to the template,
which was then capped with another clean cover glass. Figure
2 shows a cartoon of the sample structure used in the single-
molecule experiments. As shown in Figure 1c,d, the patterned
polymer regions are completely surrounded by a wall of
polymer. This wall, which defines the crater of patterned surface,
is important in preventing evaporation of the methanol. So some
samples remained viable for hours, whereas it took less than
∼10 min for 5µL of methanol sandwiched between two cover
glasses to dry as evidenced by the immobilization of the single
molecules.

Results and Discussion

Single-Molecule Detection and Characteristics.When the
laser was focused onto the center of one of the patterned regions
and the fluorescence signal collected in two orthogonal polariza-
tion directions, the typical fluorescence intensity-time records
collected time bins of 1 ms and 100µs as shown in Figure 3.
These records contain a series of photon bursts, each corre-
sponding to a molecule traversing the probe volume defined
by the focus of the laser. The bursts are separated by relatively
longer periods where there is no emission. The length of the
dark period between two bursts corresponds to the time between
a molecule exiting and another, or the same one, reentering the
probe volume. This period should depend on the concentration
of the sample and may also be affected by optical trapping.39

Figure 1. Topographic AFM images of the patterned surface at
intermediate steps during its fabrication: (a) image of the monolayer
of 1 µm polystyrene spheres on a glass substrate; (b-d) images of the
PVA network and templates remaining after solvent extraction of the
1 µm spheres (c, d) and 0.5µm spheres (b). The arrows in (c) and (d)
indicate the polymer wall surrounding the pattern. Image size: (a) 8.4
× 8.4 µm; (b) 6 × 6 µm; (c) 30× 30 µm; (d) 10× 10 µm.

Figure 2. Schematic of the sample prepared by the method described
in the text and used in our experiments. The probe molecules and
solvent are trapped by two cover glasses and the surrounding polymer
wall visualized in Figure 1c,d. Molecules are detected only when they
diffuse through the focus of the laser beam.
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As shown in Figure 3, the fluorescence fluctuations are nearly
identical in the two polarization channels. This result indicates
the molecules are rotating during the measurement. The signals
in the two channels are not expected to be identical even if
there is free rotation because of alignment, nonideal optical
elements, and the different quantum efficiencies of the two
detectors. These factors might account for some of the small
differences in signals from the two channels. The molecular
rotation can be assessed from measurements of the dichroism
A(t), which is defined as

whereIs(t) andIp(t) are fluorescence intensities recorded at time
t in the two polarization channels andR is the factor used to
balance the two channels, determined by recording isotropic
bulk emission. The intensityI(t) is defined as the number of
photons per bin of duration 1 ms for Figure 3a,b and duration
100 µs for Figure 3c,d. Figure 4 shows a histogram of the
observedA values. The fluorescence bursts were included in
Figure 4 only if the sum of the s and p count rates exceeded a
threshold, which was carefully selected to ensure that all the
background signals were subtracted from the intensity-time
record. The histogram in Figure 4 indicates that the mean value

of A is zero. When fitted to a Gaussian, the histogram has a
standard deviation of 0.23. The inset of Figure 4 shows the
background-subtracted histogram of the total number of counts
per bin,Is(t) + Ip(t), obtained from the complete data set shown
in Figure 3a. When normalized, this histogram describes the
probability f(s) that a total number of countss will be obtained
in a bin. We can use these data to estimate the distribution of
A values that would arise if the molecules were rotating infinitely
quickly. For eachf(s), the probabilityPs(A) that a particular
value of A would be measured can be calculated if Poisson
statistics and a mean value〈A〉 ) 0 are assumed. The normalized
sum of these distributions is the estimate of the dichroism
distribution if shot noise is the only source of deviation fromA
) 0. The results, shown via the dashed curve in Figure 4,
exhibits a standard deviation of 0.21, which is similar to the
experimental result. The same procedures were also used to
evaluate the distribution ofA of the intensity-time records
collected with time bins of 100µs, and again the observedA
has a mean value of zero and standard deviation close to that
expected from shot noise. It is concluded that the rotational
correlation time is short compared with the binning time of 100
µs.

To further evaluate the effect of patterned surfaces on the
rotational diffusion of molecules close to it, we measured the
time-resolved fluorescence anisotropy of TMR molecules
sandwiched between the patterned surface and a regular cover
glass. The confocal microscope was used in these anisotropy
experiments, and the laser was focused on the surface of the
patterned area to make sure the detected fluorescence signals
were only from the molecules close to the patterned surface
(the 1/e2 radius in thez direction is∼1000 nm, which is the
detection depth above the surface). The bulk measurements yield
a rotational correlation time of∼1.5 ns, which is consistent with
the observations from our single-molecule experiments. The
same setup has also been used to measure the rotational
correlation time of rhodamine dyes in free solution, where a
picosecond time scale rotational correlation time has been found,
consistent with previous reports.40 These measurements indicate
the rotational diffusion of molecules close to the patterned
surfaces has been slowed compared with that in solution.

The fluorescence intensity fluctuations among bursts and also
those within one single burst shown in Figure 3 are influenced
by a number of dynamical processes. The laser transverse
intensity profile is Gaussian; therefore, the instantaneous excita-
tion and fluorescence intensities will vary depending on the

Figure 3. Typical fluorescence intensity-time records of single Rh6G
molecules diffusing in methanol through the laser focal region obtained
with the same excitation powers of 40µW, but different integration
times: (a) integration time of 1 ms; (b) expanded view of the burst
indicated by the arrow in Figure 1a; (c) integration time of 100µs; (d)
expanded view of the burst indicated by the arrow in Figure 1c. The
patterned surface used here was created with 0.5µm spheres.

A(t) )
Is(t) - RIp(t)

Is(t) + RIp(t)
(1)

Figure 4. Distribution of dichroismA and the total count distribution
(inset) calculated from the data in Figure 3a. Only data for whichIs(t)
+ Ip(t) > 80 were used in the calculation. The solid curve is the best
Gaussian fit. The dashed curve shows the calculated distribution ofA
when shot noise is the only source of deviation from zero ofA.
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locations of molecules in the probe volume. For our microscope,
the 1/e2 radius r and confocal lengthl are ∼260 and∼1000
nm, respectively. The Brownian motion of single molecules in
the excitation probe volume is expected to be a major contributor
to the fluorescence intensity fluctuations shown in Figure 3.
Intersystem crossing from singlet to triplet states can also cause
intensity fluctuations41,42 but is not expected to be a primary
contributor in this work. For Rh6G, the intersystem crossing
efficiency is∼0.2%, so on average, for every 500 fluorescence
cycles, the molecule crosses once into the triplet state. At 1
mW, the fluorescence cycle is∼10 ns and the triplet state
lifetime is ∼4 µs; therefore, triplet-related dark states occur
every 5µs and have an average duration of∼4 µs. The data
would need to be collected with an integration time of∼1 µs
in order that the fluorescence intensity fluctuations caused by
triplet states be directly observed. For integration times of 100
µs or longer, triplet states are not expected to contribute
significantly to the observed fluctuations.

Parts b and d of Figure 3 show expanded versions of the
emission bursts indicated by the arrows in Figure 3a,c. Most of
the apparent bursts shown in Figure 3a,c actually consist of
several shorter bursts separated by brief dark states having
durations from 1 to 20 ms, which are comparable with the widths
of the bursts. As shown in Figure 3a,c, usually it takes many
seconds for another cluster of bursts to appear after the previous
one disappears. The intervals between bursts in Figure 3b,d is
usually in the range of milliseconds or tens of milliseconds.
Therefore, at the 10-10 M concentrations used in the present
work, clustering of bursts is statistically more likely to be caused
by the same molecule recrossing the boundary of the probe
volume several times before finally diffusing away. This
conclusion is also reached from the analysis of spectral data
from mixed samples, which are shown in Figure 5.

To check whether the bursts are from the same molecule
continually reentering the probe volume, we carried out experi-
ments with a solution containing equal amounts of the two
fluorescent dyes Rh6G and TMR, which have distinguishable
fluorescence spectra. The fluorescence spectra of the bursts were
recorded on a CCD/monochromator system. The experiment is
best described with reference to Figure 3, which is a typical
signal. A sequence of ca. 120 spectra were obtained from each
time record of this type: the exposure time for a spectrum was

500 ms. From Figure 3 it is evident that for any given 500 ms
interval there is a relatively small probability of detecting a burst.
In practice about 15% of the 120 sequential attempts showed
well-defined spectra above the background. The exposure time
of 500 ms easily brackets a 60 ms cluster such as the one shown
in Figure 3d. In total we examined 60 sets of 120 spectra. Only
∼2% of the individual spectra showed the fluorescence of both
dyes. This is consistent with the 1.5% probability calculated
from Poisson statistics of two molecules being in the probe
volume when the mean number of molecules in the volume is
obtained from the concentration of 10-10 M. Since the solution
contains an equal number of Rh6G and TMR molecules, this
result strongly suggests that the clusters of bursts, such as in
Figure 3d, correspond to one and the same molecule repeatedly
leaving and reentering the probe volume. Roughly the same
number of Rh6G and TMR emitting clusters were observed
across the complete data set. Figure 5 shows a selection of the
spectra obtained in one of the sequences of 120 exposures. In
each exposure either Rh6G or TMR is detected. As an additional
check we examined the sequences of the spectra of a sample
containing only Rh6G. No significant spectral shifts were
observed between the different exposures. This confirms that
the spectral shifts seen from the mixture are caused by the
presence of the different types of dye molecules in the focal
volume and not by fluctuations in the spectra of one type of
dye.

In Poisson statistics, longer intervals between photon bursts
are less probable than shorter intervals and the probability
distribution of intervals is expected to be exponential. Figure 6
shows the logarithm of the distribution of intervalsN(∆t) plotted
against the inteval∆t. Figure 6 shows that at longer time
intervals (10< ∆t < 60 ms) the data are described moderately
well by Poisson statistics. But for∆t < 10 ms there is a
deviation away from a single-exponential decay. The reentry
probability is 6.2 times higher than that predicted by Poisson
statistics within the interval of 1-5 ms. The increased reentry
probability at short time intervals is typical of optical trapping,
which has been reported by Zare and Klenerman.39,43However,
as discussed below, the laser power in our experiments is much
lower than that required for such trapping. Another possibility
is that the way the liquid wets the surface in the neighborhood
of the cavities forces the molecules that attempt to diffuse away
back into the most stable regions.

To explore the diffusion close to the patterned area, we used
total internal TIRFM to directly observe movements of single
TMR molecules. The penetration depth of the evanescent field
is about 150-200 nm, so only molecules close to the surface
could be excited. Figure 7 shows the results of some experi-
ments. Figure 7a is the regular sample image obtained by laser
illumination without addition of the fluorescent probe. TIRFM
images were taken on the same area after addition of 10-9 M
TMR solution. TMR molecules excited by the evanescent field
appear as bright spots on the CCD image. Figure 7b represents

Figure 5. Representative time-resolved fluorescence spectra of fluo-
rescence bursts recorded for the sample with equal concentrations of
Rh6G and TMR. The spectra were recorded sequentially, each with an
integration time of 500 ms. The labeln indicates the number in the
sequence of the spectra recorded. Then ) 9 spectrum is not shown
here because it only contains a background signal. The two vertical
lines indicate the peak positions of Rh6G and TMR. The peak positions,
determined under the same experimental conditions but with higher
concentrations, are 552 and 575 nm for Rh6G and TMR. All spectra
have baselines around zero. The unzeroed baselines for spectra 8, 10,
and 11 were created deliberately to show the peak positions clearly.

Figure 6. Logarithm of the photon burst interval distributionN(∆t)
vs time interval∆t. The straight line in the region 10-70 ms represents
the best fit to Poisson statistics.
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an image consisting of 500 frames taken sequentially and
superimposed on one another. Surprisingly, molecules are not
distributed over the sample uniformly, but follow the structure
of the patterned surface. This image suggests that molecules
do not diffuse inside the holes. To clarify this phenomenon,
we performed another experiment where only a thin layer of
TMR solution (hundreds of nanometers) on the sample surface
was formed in saturated methanol vapor. In such a preparation,
molecules are not free to diffuse away from the sample surface,
but are limited to diffuse in the sample plane. We recorded a
series of TIRFM images and overlapped them with the regular
image of the pattern. Figure 7c is one such image; indeed all
molecules in all images such as Figure 7c were observed to be
diffusing in the regions between the holes: no molecules were
seen to be trapped in the spheroidal cavities.

Autocorrelation Analysis. In fluorescence correlation spec-
troscopy, which has been widely used to study the diffusion of
molecules in solutions,18,21 the autocorrelation function of the
fluorescence intensity of molecules diffusing through the focus
of the laser is defined as18

whereS(t) is the fluorescence intensity detected at timet. The
autocorrelation decays fromG(0) ) 〈s2〉 to G(∞) ) 〈S〉2. Figure
8 shows a typical autocorrelation function calculated by using
the fluorescence intensity-time records of Figure 3a. The
autocorrelation functions were also calculated with data collected
at 100µs binning, and they gave the same result. The accuracy
of the diffusion coefficient calculated from single-molecule
fluorescence correlation spectroscopy is dependent on the
sampling time being less than the residence time, but greater
than the time scale of fast dynamics such as intersystem
crossing.44 In the present case, the residence time exceeds 1
ms, so intensity-time records could be collected with 1 ms

sampling. The measured autocorrelation decay, shown in Figure
8, was fitted by two standard models, one involving diffusion
in two and the other in three dimensions.18,45We first assumed
that detected molecules were diffusing exclusively on the
patterned surface, and hence, the decay was fitted to the
correlation function for molecules diffusing in and out of the
laser beam in a plane representing the patterned surface. The
beam was assumed to have a Gaussian transverse profile so
that the photon count rate from a molecule depended on its
coordinates on the plane. This procedure yielded a best fit
diffusion coefficient of 1.7× 10-8 cm2 s-1. This would be the
appropriate treatment if the only molecules contributing to the
signal were those very close to the surface. Another limit is
that the emitting molecules are inside the three-dimensional
Gaussian intensity profile created by the laser focus (the half-
axes of the Gaussian intensity profile in thex-y plane and in
thez direction in this case are, respectively, 260 and 1000 nm).
This model would be appropriate for the signal that originates
from molecules in the liquid between the cover glass and the
pattern. This region has a total depth of several micrometers.
A diffusion coefficient of 1.8× 10-8 cm2 s-1 was found by
fitting to the correlation function for this case. The molecules
diffusing within the laser intensity profile but not close to the
surface have much less contribution to the signal because fewer
fluorescence photons can be detected from those more rapidly
diffusing molecules. The much lower count rate detected for
molecules freely diffusing in the solution defined by the three-
dimensional Gaussian intensity profile was proven by control
experiments with the sample sandwiched directly between two
cover glasses, as discussed below and shown in Figure 10.
However, the fits to these two- and three-dimensional models
are not excellent at short times as can be seen from Figure 8.
Better fits over the whole time range could be obtained by
assuming both a fast and a slow diffusion, with the former small
contribution presumably arising from the molecules in the bulk
region. However, the estimate of the surface diffusion, which
is the main point of this work, remains unchanged by this type
of fitting. The diffusion coefficient of 1.7× 10-8 cm2 s-1 is
approximately 260 times smaller than the translational diffusion
coefficient of Rh6G in methanol (D ) 4.5 × 10-6 cm2 s-1).46

The G(τ) functions for TMR and TMR-dextran (molecular
weight 10K) on the patterned areas created by using 1µm sized
spheres were measured by the same procedures to yield diffusion
coefficients of 1.1× 10-8 and 1.7× 10-8 cm2 s-1, respectively,
for the three-dimensional correlation function fitting. Similar
results were obtained for Rh6G, which has approximately the
same hydrodynamic radius as TMR. The similarity of the
derived diffusion coefficients for these molecules in the region
of patterns made from spheres of different sizes is consistent

Figure 7. Images obtained by TIRFM. Image a shows the structure
of the patterned surface obtained on the CCD camera with laser light
illumination. Image b was synthesized by overlapping 500 single-
molecule images. For the average all the single-molecule images were
obtained from the same patterned area shown in (a). A single-molecule
image overlapped with the regular image in (c) shows the diffusion of
single molecules near the patterned surface.

G(τ) ) lim[1T∫0

T
S(t) S(t + τ)] (2)

Figure 8. Representative autocorrelation functionG(τ) calculated from
the fluorescence intensity-time records of Rh6G. The solid curve is
the best fit to a three-dimensional model.
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with the molecules avoiding the spherical holes. The hydrody-
namic radius for 10K dextran is∼3 nm,47 which is ∼5 times
larger than that of Rh6G (R ) 0.56 nm for Rh6G).48 Therefore,
the characteristic diffusion time for TMR-dextran was expected
to be 5 times longer than for Rh6G or TMR in solution. The
similarity of theG(τ) functions for TMR and TMR-dextran in
the present experiment indicates that the dynamics of the lateral
motions are not simply predictable from conventional formulas
for translational diffusion in solutions. Rather there is some
surface control of the tumbling motions on the surfaces.

The residence time of single molecules in the probe volume
has also been obtained from direct measurements of the widths
of the bursts. Figure 9 shows the distribution of the residence
times of single Rh6G molecules near a pattern, created with
0.5µm spheres. A fit of the distribution to a single exponential
yields a mean residence time of 27 ms. The average of all the
data in Figure 9 is 34 ms. Both estimates agree well with the
results from the autocorrelation analysis.

Samples were also prepared by directly sandwiching 5µL
TMR or Rh6G solutions either between two regular cover
glasses or between a PVA-coated cover glass and a regular one.
Similar results were obtained from these two samples, typified
by the time-intensity record shown in Figure 10 for an incident
power of 50µW. The signal-to-noise ratio and the count rate
for the data in Figure 10 are significantly lower than obtained
for the data in Figure 3a,b. The difference arises because the
residence time of molecules in the probe volume is significantly
less than that found for the patterned surfaces. Autocorrelation
analysis leads to a diffusion coefficient of 1.6× 10-6 cm2 s-1,
which is close to that for Rh6G in water. By means of AFM
studies, we found that the glass surface is very flat, having only
∼10 nm variations in height across an area of 50µm2. The
surface of a spin-coated PVA film is rougher than a glass surface
but flatter than the patterned surface; it shows 100 nm

undulations across an area of 50µm2. The diffusion coefficients
obtained in these samples indicate that neither glass nor
unpatterned polymer surfaces significantly influence the lateral
diffusion. Furthermore, in these control experiments the solvent
usually evaporated in 5-10 min, whereas the sample in contact
with the patterned surface can last much longer. The wall
surrounding the pattern (shown in Figure 2) may prevent the
solution from evaporating and help to keep solvent in the
patterned region.

Generally, the translational diffusion coefficient is propor-
tional to the inverse of the viscosity. The properties of waterlike
fluids in micrometer-sized pores have been widely investigated
recently.49-55 Thompson et al.51 have studied the water confined
in cylindrical micropores, which are structurally similar to our
templated voids. In their study, they found that, with saturated
liquid water outside the pores, the fluid inside the pores is a
vapor until the pore radius is increased to a critical size, after
which it is a liquid. The critical pore radius is rather large,
∼1500 nm, for hard wall pores, for which the Lennard-Jones
potential parameterεfw for the fluid-wall interaction is zero,
and becomes much smaller rather dramatically asεfw is increased
to ∼2 kJ/mol. For a water-silicate system,εfw ) 1.422 kJ/
mol,51 which means, in the presence of bulk liquid outside the
pores at ambient conditions, the stable phase inside the silicate
pores with radii less than∼100 nm is predicted to be vapor.
εfw for the MeOH-PVA system is not known, but according
to this theory the effective viscosity of the fluid in the small
spherical holes is unlikely to be larger than that of the bulk
solution, whereas we seek a∼200-fold increase of viscosity to
explain the unusually small diffusion coefficient.

Optical trapping can affect the diffusion residence time from
its free value of about 0.15 to∼2 ms when a 0.9 mW laser39 is
focused to the diffraction limit. The maximum excitation power
we used was∼40 µW, so optical trapping should not be
responsible for the∼300 times increase in the residence time
observed in our experiments. The data obtained by TIRFM show
that molecules are diffusing close to the patterned surface,
avoiding the holes. This suggests two possibilities. Perhaps the
surface tension, or wetting of the pattern, may result in a slowing
of the diffusion. However, we have not established any details
of how the lengthening of the residence time is related to the
liquid patterns created by those micrometer-sized holes. Another,
perhaps related, possibility is that the rough surfaces made at
the interfaces of the dissolved spheres are made particularly
reactive due to some aspect of the dissolution processes or that
they retain solvent after the drying process. Then the molecules
may be attached or adsorbed to these edges and tumble along
them without ever managing to diffuse into the bulk. Our data
indicate that any tumbling process associated with a surface or
edge would require the molecule to average its dipole orientation
on the nanosecond time scale. As noted earlier the presence of
the polymer surface on glass does not cause the extreme slowing
of the diffusion that we have found on the patterns. Some future
work will be required to address these issues.

In conclusion, nanostructured surfaces have been found to
slow the translational diffusion of single molecules while
retaining their freedom to rotate faster than the binning time of
100µs. The rotational averaging occurs on the nanosecond time
scale according to bulk measurements on the patterns. The
translational diffusion coefficients of TMR, Rh6G, and dextran-
TMR diffusing near the patterns are∼300 times smaller than
those in free solution. The slowed diffusion increases the
residence time for single molecules in the laser probe volume,
which enables an increased amount of spectroscopic information

Figure 9. Distribution of the width of the fluorescence bursts. The
inset shows the measure of the width. The mean width is 34 ms. The
exponential fit yieldsτ ) 27 ms.

Figure 10. Typical fluorescence intensity-time record of single Rh6G
molecules diffusing in a methanol solution sandwiched between two
cover glasses (excitation power 50µW, binning time 1 ms).
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to be obtained from single fluorescence bursts or clusters of
fluorescence bursts from a single molecule. Direct evidence that
the cluster of fluorescence bursts is formed by one molecule
repeatedly reentering the probe volume has been obtained.
Observations by TIRFM have shown that molecules are
diffusing around the spheroidal cavities rather than inside them.
The detailed mechanism of the diffusion process of single
molecules near the patterned surfaces is not clear yet but may
be related to the wetting patterns created by the regular array
of micrometer-sized cavities and/or to molecules tumbling on
the network of rough edges defining the pattern. The goal of
immobilizing freely rotating single molecules within the dif-
fraction-limited spot for substantial periods of time is neverthe-
less accomplished by this technique. However, applications to
folded and unfolded proteins and other aqueous systems will
require development of an active water-insoluble pattern, which
is one avenue of our current research.
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